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Abstract 

Nitrogen (N) is an essential nutrient for plant growth that is often limiting in agricultural production 

systems. While soil organic matter (SOM) represents a large terrestrial store of N, N stored in SOM is 

not directly available for plant uptake. The conversion of organic N in SOM to inorganic (plant-

available) N is dependent on microbial activity, which in turn is influenced by plant-derived organic 

inputs to soil (rhizodeposition). Predicting when and in what form N becomes available from SOM can 

enhance farm nutrient management practices by linking nutrient cycling with plant growth. This has 

benefits agronomically and economically, by reducing reliance on expensive N fertilisers; and 

environmentally, by reducing nutrient losses to waterways and as greenhouse gas emissions, as N use 

becomes more soil, field and crop specific. 

It is currently poorly understood how phosphorus addition, in both inorganic and organic forms, and 

soil pH management, through lime addition, impacts the processes involved in SOM N turnover. The 

main aim of this thesis was to address this knowledge deficit by investigating how these soil 

management practices impact the plant-soil-microbial processes (i.e., SOM decomposition and 

priming) that are involved in N mineralisation, and the associated changes in the microbial community. 

This was achieved through several hypotheses-driven experiments using analytical methods, novel in 

their combination of use, including a seven-day anaerobic assay (for the measurement of potential N 

mineralisation), stable 13C isotope labelling through both 13CO2 and 13C glucose solution additions (for 

the partitioning and quantification carbon (C) fluxes in the soil system), and high throughput Illumina 

sequencing of 16S and ITS genes. 

The impact of P management on N mineralisation potential was inconsistent, and long-term P addition 

had the capacity to either increase or decrease N mineralisation. However, when P was applied in 

organic form N mineralisation consistently increased. Higher P input caused a greater magnitude of 

priming (both positive and negative) compared to treatments which received less P. High P addition 

in the organic form reduced SOM decomposition rates, compared to when P was applied in an 

inorganic form, and resulted in a negative priming response. Therefore, there was a decrease in the 

release of C from SOM in this treatment, which will have implications for both increasing soil health 

and the sustainability of organic nutrient addition. P addition, both in the organic and inorganic form, 

had an impact on the bacterial and fungal microbial community structure.  

Overall, N mineralisation potential increased with pH and this was associated with a shift in microbial 

community structure. This was particularly evident with the prokaryotic (16S) community, where 

there was an increase in diversity with increasing pH. For both the 16S and fungal communities, the 

largest variations in abundance were seen between treatments where the differences in pH were 
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greatest. Unexpectedly, the lime-derived CO2 emissions could be detected more than 12 months after 

field application of lime. This has potentially important implications when considering the C budget of 

agricultural soils in grassland systems, where lime is typically a common agronomic management 

strategy and requires further research. 

This thesis highlights the effects of soil management on C and N cycling in grassland soils and the 

findings will contribute towards sustainable management practices in grassland ecosystems to 

promote soil health and reduce nutrient losses to the environment.  
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Chapter 1 

Literature review 

1.1 Introduction 

Nitrogen (N) is vital for all living organisms and is one of the key nutrients required for plant growth. 

Even though atmospheric N2 makes up 79% of air (the biggest pool of N in the biosphere), N is a limiting 

nutrient in most terrestrial ecosystems, particularly in systems used for agricultural production 

(Rütting et al., 2018). N2 is bound by triple bonds, which are difficult and energy intensive to break 

down, and these bonds can only be broken by a few natural processes  (Robertson and Vitousek, 2009). 

One such natural process is mediated by N-fixing microbes, for example rhizobia, that are capable of 

producing enzymes, such as nitrogenase, that convert N2 to more plant available forms such as NH3 

and NH4; this is the most prevalent way of fixing N in soils (Robertson and Vitousek, 2009). A well as 

the natural processes that operate in soils to overcome N limitation in agricultural systems, it is 

common agronomic practice to apply synthetic N fertiliser (Erisman et al., 2008; Bouwman et al., 2013; 

Bodirsky et al., 2014; Schröder et al., 2016). Even 100 years ago the agricultural and economic 

importance of N in agricultural systems was well known (Rütting et al., 2018). However, current policy 

ambitions, particularly as part of the EU Green Deal, have targeted a decrease in the use of both 

pesticides and fertilisers on farms due to their detrimental impacts on the environment. The EU green 

deal has targeted a reduction in nutrient losses by up to 50% by 2030; it is thought that this would 

require at least a 20% reduction in fertiliser use in agricultural systems (Montanarella and Panagos, 

2021). This could increase the importance of alternative sources of nutrients in agricultural systems. 

Soil organic matter (SOM) is the largest store of N in soils (96-98%, 0.095x1018g of total N globally; 

(Booth et al., 2005)). However, in SOM, N is in an organic form and generally not available directly to 

plants. Therefore, to be accessible for plants, it needs to be transformed to inorganic forms of N prior 

to uptake. The transformation of organic N to inorganic N from SOM is a microbially mediated process 

known as N mineralisation. Even in intensive agricultural systems where N fertilisers are applied 

regularly, some studies have found that almost half of crop N uptake comes from SOM-derived N 

(Engels and Kuhlmann, 1993; McDonald et al., 2014). N supply through net mineralisation over a 

growing season in Irish grasslands ranges from 56-220kg N ha-1 yr-1 (McDonald et al., 2014). However, 

current fertiliser application strategies are a ‘one size fits all’ and do not consider the specific N 

mineralisation rates on a field-by-field basis. The impacts of soil nutrient management strategies, such 

as the application of fertilisers and how this impacts soil N mineralisation potential, are still relatively 

unknown and were examined as part of this thesis.  
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The negative environmental impacts of N fertiliser use are numerous and wide ranging. Over-

application of N in agricultural systems can cause leaching of N to waterways which is detrimental for 

the health of aquatic systems (Savci, 2012). Emissions of N2O are highest in agriculture compared to 

all other sectors globally(Duffy et al., 2014). Larger N2O are associated with higher N application rates 

in Irish grasslands (Rafique et al., 2011). As well as this, there are large GHG emissions associated with 

the manufacturing of N through the Haber-Bosh processes , which is responsible for 1.2% of global 

CO2 emissions  (Smith et al., 2020). N fertilisers and larger CO2 emissions are associated with the 

transport of fertilisers globally (Poore and Nemecek, 2018). In the context of global change and 

achieving the targets set by the EU Green Deal, a reduction in N fertiliser use in agricultural systems is 

of international importance. Achieving soil- (or potentially field-) specific fertiliser plans that take into 

account N supply from SOM mineralisation have potentially significant environmental benefits, 

including a reduction of N losses to the environment via N leaching to waterways and reduced 

associated GHG. Furthermore, the economic benefits that accrue to the farmer through reduced use 

of fertiliser translating into reduced expenditure have become especially relevant in recent years as 

fertiliser prices have risen considerably.  

1.2 The nitrogen cycle 

N is the fourth most abundant element in cellular biomass (Stein and Klotz, 2016), being one of the 

primary components in nucleotides and proteins (Booth et al., 2005; Robertson and Vitousek, 2009). 

In soils, the nitrogen cycle has several microbially mediated processes that are associated with N 

supply and loss. These include N fixation, N mineralisation, nitrification, and denitrification (Hayatsu 

et al., 2008). 

1.2.1 N2 and nitrogen fixation 

N2 is not directly available to most organisms. For example, plants are not capable of N2 fixation except 

in symbiosis with microbial N-fixers, acquiring N in the forms of NO3
- and NH4

+ from soil (Bardgett et 

al., 2014). N2 is made available through N fixation, the change from dinitrogen gas (N2) in the 

atmosphere to ‘reactive N’, which is carried out by microbial and geochemical processes (Stein and 

Klotz, 2016; Coskun et al., 2017). There are a limited number of bacteria and fungi that are capable of 

reducing N2 to NH4
+, which can then be converted into amino acids or other available organic N 

compounds, and this process is referred to as biological N fixation (Hoffman et al., 2014; Krapp, 2015). 

N2 fixation can be carried out by several prokaryotes that use nitrogenase, along with other enzymes 

and cofactors, to break down the tightly bound triple bond in N2 (Soumare et al., 2020). Bacteria that 

carry out N fixation can be either free-living in soil or symbiotic bacteria that are associated with 
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certain plant groups; in grasslands systems this can be carried out by red and white clover (Soumare 

et al., 2020). Free-living bacteria involved in N fixation include Azotobacter, Azospirillum, Bacillus, and 

Clostridium (Ravikumar et al., 2007; Soumare et al., 2020) and symbiotic bacteria commonly 

associated with plants include Rhizobium with legumes, Frankia with actinorhizal plants, and 

Cyanobacteria with cycads (Ininbergs et al., 2011; Soumare et al., 2020). Methanogens are an archaeal 

group that are also associated with N fixation (Welte, 2018). By far the most studied of these biological 

N fixation microbial groups is the symbiotic relationship between rhizobia and legumes. The root 

nodules formed as part of this symbiotic relationship can fix between 20-300 Kg ha−1 yr−1 (Soumare et 

al., 2020). For example, where red clover (Trifolium pratense L.), which is capable of generating up to 

80% of its available N needs from symbiotic N2 fixation (Hammelehle et al., 2018), is typically grown 

in a grass mixture, it facilitates a comparatively moderate application of mineral N fertiliser. There is 

thus potential for biologically fixed N to reduce the need for N addition which in turn will lead to a 

reduction in N losses (Iannetta et al., 2016) from soils.  

1.2.2 Nitrification and denitrification 

During nitrification, NH4
+ can be oxidised by soil microbes to form hydroxylamine (NH2OH), nitrite 

(NO2
-), and nitrate (NO3

-) (Coskun et al., 2017). Nitrification is performed under aerobic conditions 

(Signor and Cerri, 2013). Historically it was thought that there were two main stages in nitrification: 

firstly, the oxidation of NH4
+ to NO2

-, which is carried out by ammonia oxidising prokaryotes (AOA and 

AOB); and secondly, the oxidation of NO2
- to NO3

-, this part is carried out by ammonia oxidising bacteria 

(AOB) (Hu et al., 2021). However, it has been found that Nitrospira are able to perform both steps of 

nitrification (complete nitrification) in one cell (commammox) (Daims et al., 2015; Van Kessel et al., 

2015; Daims et al., 2016; Hu et al., 2021). Nitrospira have been found in a range of agricultural soils 

and are positively correlated with soil nitrification potential (Pjevac et al., 2017; Xia et al., 2018; Lin et 

al., 2020; Hu et al., 2021). As NH4
+ is oxidised as part of nitrification, the concentration of NO2

- 

increases. However, NO2
- concentration decreases as NO2

- is subsequently oxidised to NO3
- (Signor and 

Cerri, 2013).  

Nitrate (NO3
-) is the most oxidised form of N (Stüeken et al., 2016). Denitrification is the reduction of 

NO3
- to N gases such as N2, N2O, and NO (Stüeken et al., 2016) and occurs in anaerobic soil conditions 

(Hayatsu et al., 2008; Robertson and Groffman, 2015; Zhu-Barker and Steenwerth, 2018; Dubeux and 

Sollenberger, 2020). Denitrifying microorganisms use NO2
- or NO3

- instead of O2 as an electron acceptor 

(as a means of energy generation) during respiration (Robertson and Groffman, 2015; Dubeux and 

Sollenberger, 2020). There are both bacterial and archaea groups that are capable of carrying out 
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denitrification, including Pseudomonas, Alcalligenes, Bacillus, Agribacterium, Flavibacterium, 

Thiobacillus, and Propiobacterium  (Firestone, 1982; Robertson and Groffman, 2015). Microorganisms 

are capable of carrying out the process of denitrification through enzymes such as nitrate reductase, 

nitrite reductase, nitric oxide reductase, and nitrous oxide reductase (Hochstein and Tomlinson, 1988). 

However, it is not only bacteria that are able to perform denitrification, fungi can also mediate the 

process which is also referred to as aerobic denitrification, as fungi are able to denitrify and use O2 for 

respiration at the same time (Robertson and Kuenen, 1990; Zhou et al., 2001; Zhu-Barker and 

Steenwerth, 2018). Fungi, including Ascomycota, Cylindrocapon tonkinerse, Gibberella fujikuroii, and 

Trichosporon cutaneum, contribute to denitrification processes (Hayatsu et al., 2008).  

1.2.3 Soil nitrogen mineralisation 

N is different from other elements as it does not have a mineral-bound weatherable pool in soils. 

Other elements, such a P and Ca have a potentially available source in soil bedrocks; however N has 

to be sourced from outside the soil system (Robertson and Vitousek, 2009). SOM contains a wide 

range of N compounds which are obtained from different processes such as animal excreta, N2 

fixation, atmospheric deposition, the incorporation of dead and decaying plant material, and microbial 

residues (Farrell et al., 2014). Mineralisation of SOM occurs from the activity of microorganisms that 

are growing on decomposed organic material (Chen et al., 2014). N mineralisation in soil is the 

transformation of complex organic N polymers to mineral N compounds (Murphy, 2015). The amount 

of organic N that can be mineralised is referred to as the potentially mineralised N pool (Ros et al., 

2011). Organic N is usually in the form of complex polymers such as humic and fulvic acids, which are 

the stabilised products of the decomposition process. However, these molecules do not have well-

defined structures which make them resistant to microbial mineralisation; in some cases, the 

production of enzymes can overcome this barrier. Humic acids can have a residency time of up to 500 

years in soil. In contrast, the mean residency time for organic and amino acids, as well as simple sugars, 

is usually less than one hour, as these forms are readily utilised by microbial communities (Piccolo, 

2002). 

Mineralisation of complex organic N comprises of a series of reactions, involving a combination of 

enzymes, organic substrates and microorganisms. Complex organic N is broken down to amides, 

amino sugars, and amino acids (the process of aminization) by N-acetyl glucosaminidase and 

arylamidase (Muruganandam et al., 2009). Chitin, a relatively recalcitrant N-containing organic 

molecule, specifically derived from fungal cell walls, is a common organic N compound in most soils 

and is broken down by the N-acetyl-B-glucosaminidase enzyme (Muruganandam et al., 2009). 
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Chitinase and leucine aminopeptides are other common enzymes that are used in decomposing 

organic N compounds (Chen et al., 2014). The rate of supply of available N in agroecosystems is 

determined by N mineralisation activities i.e., the enzymes produced by microorganisms 

(Muruganandam et al., 2009). 

Soil microbial N mineralisation is impacted by several factors, such as SOM recalcitrance and 

concentration (Booth et al., 2005), the C to N ratio within the SOM, the composition and abundance 

of the microbial community, and physical and chemical soil factors such as structure, pH, and water 

content (Kemmitt et al., 2008). An increase in the soil C:N ratio is associated with a decrease in 

mineralisation (Ros et al., 2011). However, SOM is not a viable C-substrate for microbes, as it takes 

more energy to decompose SOM-C than is returned by decomposition. However, if there is sufficient 

available C for biomass and energy, microbial growth can become limited by nutrients, such as N, and 

therefore mobilisation of nutrients from SOM can become a required and viable strategy to maintain 

microbial growth. Kemmitt et al. (2008) showed that when labile C is present, a diversity of 

microorganisms is important as not all microbes are capable of using labile C to break down SOM. 

Murphy et al. (2015) also showed that given sufficient C, microbes can preferentially mineralise N-rich 

components of SOM. 

Soil aggregates vary in size and provide a variety of microhabitats for microorganisms; this influences 

microbial community structure and activity, which in turn influences enzymatic activity in soil (Sollins 

et al., 1996; Muruganandam et al., 2009). Physical protection of SOM occurs within and between soil 

aggregates and through adsorption on minerals (Six et al., 2002). Biological availability of organic N is 

affected by clay particles, and the formation of protected aggregates in SOM (Ros et al., 2011). Clay 

soils generally have lower rates of N mineralisation, and this may be due to binding of substrates 

(organic compounds) and products (NH4
+) to clay surfaces (Ros et al., 2011). Intermediate aggregate 

size fractions have been known to encourage fungal growth and activity (Muruganandam et al., 2009). 

Muruganandam et al. (2009) also found that all enzymatic activities were significantly reduced in tilled 

systems in comparison to no-till systems and that no-till systems supported higher rates of potential 

N mineralisation. Furthermore, under no-till systems there is a larger proportion of fungi in microbial 

communities, which increases the potential N mineralisation, as fungi are generally considered better 

adapted to utilisation of complex organic forms, such as SOM (Muruganandam et al., 2009).  

SOM N mineralisation is an important source of N in agricultural systems (McDonald et al., 2014), but 

accurately predicating SOM N mineralisation is difficult, as there are many interacting factors such as 

soil characteristics, management practices, and climate (Montgomery, 2007; Ashman and Puri, 2013). 
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Ratjen and Kage (2018) showed that climate and soil fertility both impact N mineralisation. 

Information on the potential amount of N mineralisation occurring in a soil is essential to determine 

the amount of N fertiliser needed. This is important for both crop yields and to prevent unnecessary 

losses to the environment by nitrate leaching to waterways or GHGs.  

1.3 Soil organic matter 

As noted in section 1.1 above, soil organic matter (SOM) is mostly made of dead organic material in 

soils such as decaying plant material, proteins, and polymers such as humic and fulvic acids. However, 

there is no universally agreed definition of SOM. While SOM mostly refers to dead organic matter, 

some authors refer to SOM as including living aspects of soil such as plant roots, microbes and other 

soil fauna (Kuzyakov et al., 2000). The organic compounds found in SOM comprise different ages, 

molecular structures, stability, nutrient contents, and biological availability (Ros et al., 2011). The total 

SOM stock is made up of different pools with varying mean residence times (MRTs) and recalcitrance 

(von Lützow et al., 2007). The function of SOM varies with each different component, the youngest 

compounds are the most active, and contribute most to the physical soil status (Ros et al., 2011). 

When considering SOM pools this is normally a theoretical classification, and when referring to 

fractions this usually relates to the parts of SOM that are measurable (Ros et al., 2011). There are 

three main factors that are known to alter SOM pool MRT: recalcitrance of SOM; physical protection 

of SOM in soil aggregates; and relationships between soil minerals and SOM (Dungait et al., 2012; 

Cotrufo et al., 2013). Soils that have more clay, having more reactive sites, allow for SOM and nutrients 

to be adsorbed through ligand exchange and polyvalent cation bridging, which in turn reduces SOM 

mineralisation (Sarker et al., 2018). Regardless of the level of physical protection of SOM, it has long 

been established that SOM is still mineralisable by soil microbes, when these microbes have access to 

an available energy source (Löhnis, 1926; Broadbent, 1948), and therefore soil microbes are 

considered the primary mediators of SOM turnover. SOM contains organic forms of C and all major 

plant nutrients such as N, P, S. (Kirkby et al., 2011; Murphy, 2015). The quantity of SOM in a soil is 

dependent on the balance of C, N, and P entering the soil through plants or fertiliser addition, and 

leaving the soil through microbial processes such as mineralisation, leaching and gaseous emissions 

(Rumpel et al., 2015). 

SOM is central to ecosystem functions, including: supply and store of nutrients; C storage; 

maintenance of increased soil biodiversity; and improved water retention capacity (Rees et al., 2001; 

Janzen, 2005; Janzen, 2006; Garcia-Pausas and Paterson, 2011). SOM contains two-to-five times as 

much C as above-ground biomass, and two-to-four times as much as the atmosphere (Ciais et al., 
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2013). Some studies have shown that the capacity of soils and SOM to store C can be even higher 

(Glaser and Birk, 2012; Minasny et al., 2017). However, stores of soil organic C have decreased and 

are continuing to decrease in agricultural soils with increasing agricultural intensification (Veerman et 

al., 2020). The impacts of N enrichment on the SOM C pool is uncertain (Riggs et al., 2015); increased 

understanding in this area is important not only for nutrient supply but also for C sequestration. N has 

been found to increase (Frey et al., 2014), decrease (Waldrop et al., 2004) and have no effect (Zeglin 

et al., 2007) on the total C pool in SOM. However, it is thought that N has an impact on below-ground 

C cycling due to the close interactions between the C and N cycles (Janssens et al., 2010b; Chen et al., 

2014). 

1.4 Plant-soil-microbe interactions 

Microbes associated with plants are critical for plant health and growth, and plant-microbes 

interactions are also important for wider function in the rhizosphere (Taylor et al., 2009; Becher et al., 

2013).The rhizosphere is considered to be the area of soil influenced by plant roots. Plants can 

influence the microbial population density, structure and activity by their root exudates within the 

rhizosphere (Badri et al., 2009; Berendsen et al., 2012). The main function of plant roots is to anchor 

the plant, take up water and mineral nutrients. However, roots also release labile organic C 

compounds, which provide an energy source for microbial communities in the rhizosphere (Lambers 

et al., 2009). Plants and microbes also often compete for resources such as nutrients, including N in 

the form of low weight peptides and amino acids in soils (Kuzyakov and Xu, 2013).  

Plants can influence the rhizosphere and soil microbial communities through exudation of C molecules 

(Hu et al., 2018; Griffiths et al., 2021). These molecules are usually made up of sugars, amino acids, or 

carboxylic acids (Hartmann et al., 2009; Cesco et al., 2010; Hu et al., 2018); they have a set function, 

and all plants release all of the compounds on a regular basis (Lambers et al., 2009). Up to 20% of the 

C taken up through photosynthesis is used as part of root exudates (Haichar et al., 2008). 

Rhizodeposition may be more important than litter inputs in promoting SOM accumulation, as the 

dominant form of SOM is microbial necromass and residues, rather than recalcitrant plant-derived 

compounds (Cotrufo et al., 2013; Hoffland et al., 2020). The quality and quantity of root exudates 

differ with plant species and environmental factors, such as pH and P concentration in soil (Lambers 

et al., 2009; Griffiths et al., 2021). Previous studies have highlighted the positive effect of root 

exudation on soil C (Henneron et al., 2020a; Henneron et al., 2020b).  
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Roots influence SOM decomposition through decreasing nutrient availability for microbes as plant 

growth competes for soil nutrients, as well as this plant roots can enhance organic substrate quantities 

in soil through root exudation, which increases microbial SOM turnover (Rumpel et al., 2015). Root 

exudates released by the plant to the rhizosphere is at a cost for the plant, as this is a potential C 

source that will not be used for plant biomass (Lambers et al., 2009). Plants can trigger SOM N 

transformations which are catalysed by microorganisms in the rhizosphere by providing these 

microbes with an energy source through C root exudates (Cassman et al., 2002; Schlesinger, 2009). 

Such C inputs increase the activity of microbes, potentially resulting in SOM mineralisation (Kuzyakov 

et al., 2000), a process referred to as the priming effect. 

1.5 Priming 

Priming is the change in the rate of SOM decomposition resulting from the addition of an easily 

available organic matter input. This can be in the form of root exudate, plant litter material, animal 

manure or excreta (Kuzyakov et al., 2000; Paterson, 2003; Zhu and Cheng, 2011). SOM decomposition 

and priming is measured using CO2 effluxes from soil (Kuzyakov, 2010). Experiments that measure 

priming in soil systems typically use isotope labelling techniques (Kuzyakov et al., 2000; Paterson et 

al., 2009), and are established as one treatment that receives a isotope labelled C based input (through 

plant root exudates or from a laboratory added C cocktail) and a reference treatment that does not 

receive these inputs. With isotope labelling, it is therefore possible to distinguish between 

mineralisation of SOM and of the added substrate, and primed SOM decomposition is calculated by 

subtracting the SOM-derived respiration in the isotope labelled treatment from the SOM-derived 

respiration in the treatment not receiving inputs (Paterson et al., 2007). 

It is common in studies examining the priming effect that 13C labelled glucose is used as the added 

energy source, as glucose is one of the primary sugars in rhizodeposits and a product of 

macromolecule (e.g. cellulose) decomposition (Derrien et al., 2004). Furthermore, the use of living 

plants in experiments investigating priming is important, as planted systems are more likely to 

represent rhizosphere soil and the presence of a plant allows for a more detailed study on the links 

between SOM decomposition and plant growth (e.g., root and shoot biomass). Plant roots impact the 

rhizosphere soil which in turn could potentially impact the rate of priming in soils (Hinsinger, 2001). 

Plant roots, via the microbial activity stimulated by root exudates, can decrease SOM decomposition 

by up to 50% or increase SOM decomposition by up to 380% (Cheng et al., 2014). There are several 

processes involved in priming that can lead to this increase or decrease in SOM decomposition, which 

are described in section 1.5.1 below. 
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1.5.1 Processes involved in priming 

The direction of priming can be either positive or negative. Positive priming occurs when there is an 

increase in SOM decomposition with addition of C-substrate, whereas negative priming is when there 

is a decrease in SOM decomposition. Some of the hypotheses and theories involved in both positive 

and negative priming are outlined below. 

1.5.1.1 Positive priming  

Positive priming can occur when labile or recalcitrant substrates are added to soil and this has been 

linked with co-metabolism (Zhang et al., 2017; Zhu et al., 2018). Positive priming occurs when inputs 

of more recalcitrant organic substrates (such as plant material, straw, or grass) stimulates SOM 

decomposition via enzymes that can decompose both added substrates and SOM (Murphy, 2015). The 

positive ‘priming-effect’ is related to the amount of C substrate added (Paterson and Sim, 2013), and 

may also be influenced by the form of addition. For example, in systems where glucose is added 

compared to plant--based systems, this can potentially have an impact on the magnitude of priming 

as glucose is a more readily available substrate than other root exudate compounds(Kuzyakov et al., 

2000; Paterson, 2003). 

Positive priming effects can also be associated with both nutrient-rich and nutrient-poor soil systems. 

Nutrient availability has been shown to affect decomposition rates (Kuzyakov, 2010; Dijkstra et al., 

2013; Chen et al., 2014; Murphy et al., 2017). There are opposing theories that potentially explain this 

outcome. Firstly, the activation theory highlights the impact that labile substrate addition has on both 

microbial activity and biomass (Hessen et al., 2004). This theory postulates that the stimulation of the 

microbial community following the addition of a labile substrate will increase microbially mediated 

processes, including SOM decomposition. Paterson et al. (2007) showed that after labile C addition, 

this C is taken up quickly by soil microbes and is also associated with SOM mineralisation. Secondly, 

the microbial nitrogen mining hypothesis considers that when N is limiting, microbes use labile C 

sources, such as plant root exudates, to provide energy required to decompose organic N sources in 

SOM (Moorhead and Sinsabaugh, 2006; Craine et al., 2007). This hypothesis considers that in nutrient-

poor but C-rich environments such as the rhizosphere, priming is a response of the microbial 

community to break down SOM for essential nutrients such as N (Craine et al., 2007; Murphy et al., 

2017; Guyonnet et al., 2018). However, microbial mining does not only occur in nutrient-limited 

systems. This process can occur in systems where there is a nutrient imbalance and therefore microbes 

mine for nutrients to return the nutrient balance (Craine et al., 2007). This also links with a 

stoichiometric decomposition theory which suggests that microbial activity and decomposition are 
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highest when C and N inputs match microbial demand, i.e., when inputs of C and N correspond to the 

C to N ratios (Hessen et al., 2004). 

1.5.1.2 Negative priming 

The process involved in negative priming is considered to be when easily available additions of C 

sources such as root exudates are decomposed preferentially instead of SOM (Blagodatskaya et al., 

2007). Negative priming usually occurs in systems that are both nutrient- and C-rich (Kuzyakov and 

Bol, 2006). The scenario where these readily available sources of C and N are used (at the expense of 

SOM decomposition) is known as the preferential substrate hypothesis (Blagodatskaya and Kuzyakov, 

2008). 

1.5.2 Soil microbes and priming 

Priming can almost be considered as an indirect symbiosis, as the microbial community and the plants 

are not physically linked (Cheng et al., 2014). While several factors have been identified that impact 

priming activities – including nutrient status, plant species, and the soil horizon (Garcia-Pausas and 

Paterson, 2011) – microorganisms play several key roles in the priming process (Fontaine et al., 2003), 

which often depend on their life strategies. Both r and K strategists can be involved in substrate and 

SOM decomposition (Fontaine et al., 2003; Chen et al., 2014; de Graaff et al., 2014; Lonardo et al., 

2017). Fast growing r-strategists use easily-available substrates, while slower growing K-strategists use 

more recalcitrant organic material (Chen et al., 2014). R-strategists increase the release of enzymes 

which break down fresh organic substrates, and potentially SOM (Pianka, 1970; Fontaine et al., 2003; 

Lambers et al., 2009). Metabolites that are released by r-strategists as part of the breakdown of labile 

substrates or SOM stimulate K-strategists, and this results in decomposition of SOM by the K-

strategists, as these organisms (including fungi) are considered better adapted to utilisation of 

complex organic compounds (Lambers et al., 2009). A study by Chen et al. (2014) showed that under 

differing N conditions, different microbial strategists were involved in priming. In a soil with low N 

availability, K-strategists were more involved in priming and SOM decomposition; whereas, in soils 

with high N, r-strategists were the drivers of priming (Chen et al., 2014).  

1.6 Grassland nutrient management 

In the EU, grasslands are one of the most important agricultural land use types, with significant 

grassland coverage in Ireland (67%), UK (40%) and Germany (23%) (Buchen et al., 2017). Grasslands 

arguably represent one of the primary agricultural systems offering potential to maximise C 

sequestration (Crème et al., 2020). Scurlock et al. (2002) showed that grasslands can store 0.5 Pg soil 
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organic C per year. Grassland soils also contain large N stores in SOM. N supply over a growing season 

in Irish grasslands is 56-220kg N ha-1 yr-1 (McDonald et al., 2014). N stocks in agricultural grasslands 

can be impacted by several factors such as site conditions, sward age, soil properties, and farm 

management practices (Buchen et al., 2017). In terms of sustainable grassland management and 

productivity, it is important to be able to understand and predict organic N pools and their turnover 

rates (Prendergast-Miller et al., 2015). This would potentially translate into specific on-farm fertiliser 

plans, thus reducing N losses to the environment, as well as economic costs to farmers. Encouraging 

specific management practices that promote SOM accumulation can also have important co-benefits 

for soil health and ecosystem services (Audette et al., 2021). 

Grassland soils generally have a high OM content, which can improve soil quality and in turn increase 

microbial activity and diversity, nutrient and water availability (Rumpel et al., 2015). Highly productive 

grassland systems, that receive large amounts of nutrients and maintain a high plant biomass, can 

have a positive impact on soil organic C storage, through increased organic matter inputs from plant 

material (Lal, 2004; Curtin et al., 2014; Richardson et al., 2014; Crème et al., 2020). However, intensive 

agricultural systems can also decrease SOM stocks (Lal, 2004). Differences in SOM storage can result 

from differences in the grazing and cutting system, stocking rate, fertilisation, nutrient status, and 

plant and microbial species composition, as these factors affect SOM turnover through OM input and 

rhizosphere activity (Rumpel et al., 2015).  

There are several processes in grassland systems that contribute to stabilisation and turnover of soil 

C and N; these include root turnover, rhizodeposition, root respiration, and microbial responses 

(Rumpel et al., 2015). Grazing and cutting encourages plant root exudation, which enhances soil 

microbial activity and nutrient turnover (Rumpel et al., 2015). However, in grazing systems when the 

livestock stocking rate is too high and plants are overgrazed, both shoots and root biomass is reduced 

(Naeth et al., 1991; Zhou et al., 2017). This can have knock-on impacts on root exudation of C and 

hence decrease SOM build up (Zhou et al., 2017). However, up to a particular livestock density, grazing 

increases SOM build-up through excretal returns from grazing livestock when compared with the 

biomass loss associated with cutting (Rumpel et al., 2015). However, cutting-based grassland systems 

induce regular root turnover and this is a source of C-input to soils (Hammelehle et al., 2018). The 

effects of grazing vs cutting on N mineralisation are less well understood. It has been shown that 

regular defoliation through grazing can increase N mineralisation; however, it is not known if 

defoliation through a cutting-based system has the same effect on N mineralisation potential 

(Hamilton et al., 2008).  
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1.6.1 Nitrogen addition 

The addition of mineral N changes the composition and function of soil microbial communities which 

can affect SOM decomposition and other ecosystem processes (Robertson and Vitousek, 2009). With 

increasing soil N availability there is a higher N content in grassland litter, and N additions can change 

the abundance of plant species in the grass sward (Henry et al., 2005). However, N additions can also 

decrease relative allocation of assimilate to below-ground plant biomass, as there is less investment 

in roots needed for nutrient acquisition (FENG et al., 2010; Janssens et al., 2010a); this can impact on 

N availability in soils and N stores in SOM (Li et al., 2015), and also affect the relative resource 

availabilities of C and P, not only to plants but also to the microbial biomass. N additions can decrease 

microbial respiration of SOM by 29% (Riggs et al., 2015) and this highlights a shift in microbial 

community activity and can also change microbial community structure (Dai et al., 2018). Results from 

Murphy et al. (2017) showed that nutrient addition reduced SOM decomposition in a planted system. 

1.6.2 Phosphorus addition 

P is also commonly a growth-limiting nutrient for both plant and microbes in agricultural systems 

(Sharma et al., 2013). P is an important nutrient for both plants and microbes as it is required in the 

formation of cell membranes, nucleic acids, energy molecules such as ATP, and seed development 

(Cordell and White, 2014). P application, similar to N application, is essential to maintain production 

in agricultural systems. In Ireland, with increasing agricultural intensification, P has over time been 

removed from soil stocks in animal products, leading to P limitation in some grassland soils (McDonald 

et al., 2019). Nutrient limitation in agricultural systems for P is often overcome by the addition of 

fertilisers (Bouwman et al., 2013; Bodirsky et al., 2014; Schröder et al., 2016). Similar to N-based 

fertilisers, the addition of P fertilisers can alter the soil microbial community activity and structure in 

grazed grasslands (Randall et al., 2019). Nottingham et al. (2018) found that, when P was added in 

combination with other nutrients, bacteria out-competed fungi for N. Hence, the addition of nutrients 

in agricultural systems is likely to cause changes to microbial community composition, activity and 

microbial mediated nutrient cycling (Fang et al., 2020). This has knock-on effects on a range of soil 

microbial functions and mechanisms, including those involved in nutrient cycling processes such as 

SOM mineralisation and priming (Sullivan and Hart, 2013; Fang et al., 2020). The effects of P on SOM 

decomposition and priming are relatively understudied in comparison to N addition.  

1.6.3 Soil pH and lime management  

Soil pH is often referred to in the literature as the “master soil variable”, as it influences soil physical, 

chemical, and biological processes (Essington, 2015; Neina, 2019; Žurovec et al., 2021). The optimum 
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soil pH for productivity in Irish grasslands is 6.3 (Wall and Plunkett, 2021). In the context of grassland 

nutrient management soil, pH is an important environmental variable as it directly impacts nutrient 

availability. In Ireland, acidic agricultural soils are common due to high rainfall and also high fertiliser 

additions (Tunney et al., 2010). The application of lime is a commonly used agricultural practice to 

combat the detrimental effects of soil acidification by increasing soil pH (Aye et al., 2016; Holland et 

al., 2018). Liming generally has a positive influence on soil nutrient availability, soil structure and soil 

microbial activity (Holland et al., 2018; Žurovec et al., 2021). Liming can affect nutrient availability, 

and microbial communities structure and activity through its impact on the quality and stability of soil 

organic C (Audette et al., 2021). Liming soil improves the availability of N, P, K, and other nutrients 

(Johnson et al., 2005). In studies of long term-liming experiments it has been shown that the formation 

of organo-mineral fractions, with calcium ions acting as cation bridges between SOM and clay 

particles, leads to improved aggregate formation and structure as well as lowering the C:N ratio of the 

bulk soil (Fornara et al., 2011; Briedis et al., 2012a). This can have impacts on SOM decomposition 

through altering the solubility of soil organic C, but also through changes to microbial activity 

(Andersson et al., 2000; Briedis et al., 2012b; Wang and Tang, 2017). Soil microbial community activity 

and structure are influenced by soil pH (Bertrand et al., 2007; Herold et al., 2018). Microbial and 

enzymatic activity are higher in soils ranging in pH from 5-8 than in soils that have lower pH 

(Blagodatskaya and Anderson, 1998). Wang et al. (2016) found that with liming and increasing soil pH 

there was a shift from fungal-dominated to bacterial-dominated communities. It was hypothesised 

that this would contribute to the regulation of SOM decomposition by increasing the longer-lasting 

recalcitrant soil-organic C (Wang et al., 2016). This has far-reaching impacts on soil biogeochemical 

processes, particularly those involved in nutrient cycling and C storage (Neina, 2019). Previous studies 

have found that N mineralisation can be affected by soil pH (Bolan et al., 2003; Bolan and Hedley, 

2003). The optimum soil pH for N mineralisation was reported as approximately pH 6 or higher 

(Blagodatskaya and Anderson, 1998).  

1.7 Aims and Objectives   

N dynamics in agricultural soils and the challenge to optimise N fertiliser advice are linked to the farm 

management system (Rütting et al., 2018), including the addition of other nutrients such as P or of 

lime. The main challenge of N management is to supply enough N so that plants can maximise growth, 

but also to prevent excess N ending up in the environment where it can be harmful to waterways and 

the atmosphere (Robertson and Vitousek, 2009). It is important to understand the effect that 

agricultural practices have on the supply of nutrients via SOM mineralisation. As SOM contains a large 
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store of organic N, this information can be used to increase the productivity, profitability, and 

environmental sustainability of farming systems (Sarker et al., 2018). 

The main aim of this thesis was to further understanding of the processes and mechanisms involved 

in the release of N from SOM, as well as the nutrient management practices that effect these 

processes. The specific focus was on assessing the extent of priming and N mineralisation as a function 

of grassland nutrient management strategies. The effect of grassland management on microbial 

activity and community structure was also investigated.  

1.7.1 Objectives 

It is known that N mineralisation potential is highly variable with soil type. However, it is less well 

known what effects agricultural nutrient management has on N mineralisation and also the 

mechanisms involved in N mineralisation. Additionally, there is limited knowledge on the effects of 

agricultural management nutrient management practices on the mediators of this process, i.e. 

enzymes and soil microbial communities. The first experimental chapter of this thesis (Chapter 2) was 

designed to examine the differences in potential N mineralisation, enzyme activity and microbial 

community structure across nutrient management strategies in grassland systems across a range of 

soil types. Nutrient management included variations in the type of P addition (inorganic vs organic) 

and also soil pH amendment with lime addition. N mineralisation potential was measured using the 

seven-day anaerobic incubation assay and enzyme activity was measured using fluorimetric 

microplate assays. The hypotheses were:  

1) The application of lime and organic P would increase N availability, N mineralisation of SOM, 

and enzymatic activity. 

2) Chemical P application would decrease the activity of enzymes, and N mineralisation of SOM. 

3) The microbial community structure would be influenced by nutrient management and soil 

conditions. 

The impacts of N addition on priming have been investigated more often in the literature (Conde et 

al., 2005; Murphy et al., 2017; Li et al., 2018; Mason-Jones et al., 2018; Fan et al., 2020; Thilakarathna 

and Hernandez-Ramirez, 2021) in comparison to the effects of P addition, particularly P addition on 

its own. Experimental chapters 3 and 4 investigated the impacts of P addition in the form of inorganic 

or organic fertiliser addition on priming and N mineralisation. Chapter 3 focused on how the impacts 

of P fertiliser management (in a planted system) on SOM decomposition and priming effects, which 
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were measured using a 13CO2 labelling chamber. In contrast, Chapter 4 assessed the effects of P 

fertiliser management strategy using a soil-based system with 13C glucose addition to stimulate 

priming. Chapter 4 expanded upon the work of Chapter 3 as it also examined the difference(s) 

between a grazed and cut grassland system. Furthermore, Chapter 4 examined the differences in 

microbial community structure with P nutrient management under cut and grazed grassland systems. 

The hypotheses tested were: 

Chapter 3: 

1) The addition of P would increase plant productivity, N mineralisation and the rate of priming. 

2) That P added in an organic form would increase soil nutrient availability, N mineralisation and 

the rate of priming, due to increased microbial and enzymatic activity. 

Chapter 4: 

1) The addition of P would increase N mineralisation and the rate of priming. 

2) That P added in an organic form would increase N mineralisation and the rate of priming. 

3) In the cut and remove for silage system there would be increased priming and potential N 

mineralisation. 

4) Soil microbial community structure would be affected by P addition and also grassland 

management. 

It is well known that pH impacts nutrient availability and microbial activity in grassland agricultural 

systems. However, it is still important to consider the effects of pH on N mineralisation potential and 

SOM decomposition, as this may have important implications for soil specific fertiliser application. 

Chapter 5 examined the impact of soil pH and liming on grassland soils on priming and potential N 

mineralisation. This experiment also used a 13CO2 labelling chamber technique to measure priming in 

a planted system. It is rare in the literature the effect of pH on priming has been measured without 

lime being added as part of the experiment and also using a planted grass system. The hypotheses 

were: 

1) That the priming affect will have the highest magnitude in the soils with a pH of 6-7. 

2) N mineralisation would increase with increasing soil pH and liming, and hence the highest 

potential mineralisation rate would be in the soil with the highest pH. 
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3) Microbial community diversity and abundance would be affected by soil pH and that the 

highest soil pH would have the most diverse microbial community. 

1.8 Methodologies 

Throughout this thesis there were a number of experimental procedures used consistently. These 

include the seven-day anaerobic incubation for the measurement of potential N mineralisation, stable 

isotope labelling techniques to measure SOM decomposition and priming, and finally Illumina 

sequencing to examine bacterial, archaeal, and fungal community structure.  

There are a number of techniques to measure N mineralisation in soils. To measure gross N 

mineralisation the15N dilution technique is widely used (Goerges and Dittert, 1998; Murphy et al., 

1999; Murphy et al., 2017; Braun et al., 2018; Braun et al., 2019; Fiorentino et al., 2019) Fan et al., 

2022). The 15N dilution method uses the addition of a 15N labelled NH4+ tracer, this is usually in the 

form of a labelled N fertiliser which is then applied to the experiment.  In these experiments any N 

released from SOM will be seen as 14N of the soil NH4+ pool. Therefore, it is possible to determine if 

N was used from the fertiliser or mineralisation from the organic N pool using the applied labelling 

approach (Goerges and Dittert, 1998). The 15N dilution method would accounts for differentiate N 

applied as part of the fertiliser, N mineralised from SOM, and N immobilisation into soil microbial 

biomass, and thus enables which gives a gross N mineralisation measurement. However, it was 

decided not to use this technique as adding an N fertiliser could have knock on effects on both the 

microbial mediated processed that would be measure (N mineralisation and priming), as well as on 

microbial community structure.   

N mineralisation can also be measured using incubations, these can be either aerobic or anaerobic. 

Incubation experiments aim to capture biological activity involved in N mineralisation. As this thesis 

aimed to examine the effects of microbial mediated processes, a biological measurement of potential 

N mineralisation was selected. The aerobic method for measuring N mineralisation was designed by 

Stanford and Smith (1972). This method is carried out over 30 weeks, soils are incubated at 35°C with 

aeration for at least 5 minutes per day (Ros et al., 2011; McDonald et al., 2014). Both NO3-N and NH4-

N are measured, and the rate of N mineralisation is calculated using a kinetic model (McDonald et al., 

2014). However, this method is not always practical due to the time length of the assay. To avoid the 

issues associated with long term incubations this thesis chose the 7-day anaerobic incubation method. 

This method was first established by Waring and Bremner (1964) and has previously been used on a 

variety of Irish grassland soils by McDonald et al. (2014). Soils are kept in anaerobic conditions through 
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waterlogging in a sealed glass test tube and incubated at 40°C for 7 days. These conditions allow for 

aminization and ammonification to occur, while nitrification is inhibited, and therefore this incubation 

is NH4-N based (Waring and Bremner, 1964; McDonald et al., 2014). A potential downfall of the 

selected 7-day anaerobic incubation method is that it provides a net measured of N mineralisation. 

Therefore, it was not possible to quantify the N that was immobilised by the microbial biomass.  

In order to quantify SOM-C decomposition and priming, the C in the plant and soil system needs to be 

traced. One of the main methods to follow C through these complex systems is to use stable C isotope 

labelling. This technique has been increasing in use (Kuzyakov, 2010). There are two main labelling 

techniques used in stable isotope labelling known as pulse and continuous (Paterson et al., 2009). 

Pulse labelling approaches apply a 13CO2 label at discrete time points, for example this could be over 

a number of hours on a certain day over an experimental period. This type of labelling technique is 

effective for measuring plant C inputs into soil systems (Meharg, 1994; Nguyen, 2003) . However, pulse 

labelling does not distribute the label evenly throughout the plant and soil system. This makes it 

difficult to correctly quantify whole fluxes in the plant-soil system, particularly as the C pool is dynamic 

and C is constantly being exchanged between both plant and soil pools (Paterson et al., 2005). As the 

pulse label is thought to be limited to more recently developed plant C pools and in active growth 

areas it is unlikely that older C pools in SOM have been labelled, and therefore it is not possible to 

quantity the C flow from recalcitrant pools (Thornton et al., 2004; Paterson et al., 2006). Continuous 

labelling offers a potential solution to the issues that pulse labelling has. Kuzyakov (2010) stated that 

the correct way to measure SOM decomposition and priming was to use isotope labelling as it is the 

only way to truly separate C flows from their different sources. Continuous labelling can be achieved 

through the use of a naturally depleted 13CO2 system (used in Chapter 5) and also through 

continuously enriched 13CO2 labelling systems (used in Chapter 3), over the whole growth period of 

the plant. The continuous labelling allows for uniform labelling of the plant and therefore full 

quantification of plant inputs to soil through rhizodeposits and root respiration (Paterson et al., 2009). 

This allows for isotope partitioning of the plant and soil contribution to C in the system and therefore 

priming and SOM decomposition can be calculated as outlined in Chapters 3 and 5.  

However, not all experimental set ups related to C tracing, SOM decomposition, and priming use 

planted systems. Alternatively, fallow soil systems receiving a labelled C input such as glucose or 

cellulose may be used (Kuzyakov et al., 2000; Paterson, 2003; Kuzyakov, 2010). The most common 

form of C added to stimulate a primed response is glucose, as glucose is often released by the plant in 

root exudates (Derrien et al., 2004). There are advantages to using a system without a plant. For 
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example, there is more control of the soil system compared to a planted system which includes 

additional influences of plants such as through changes to water fluxes, impacts on soil structure, the 

chemistry of the rhizosphere (e.g., pH), changes to microbial community composition, and nutrient 

availability. Chapter 4 in this thesis used a glucose labelling system in order to further examine the 

effect of P treatment on priming, SOM decomposition, and microbial communities.  

This thesis also aimed to assess the structure of bacterial, archaeal, and fungal communities and how 

these structures were impacted by P and pH management, as well as SOM-C decomposition and 

priming. In the past, microbial community analysis was limited to bacteria that could be cultured or 

microbes were grouped by morphology and physiological features (Staley and Konopka, 1985; 

Frostegård et al., 2011; Alteio et al., 2021). These methods have also led to more quantitative 

approaches of measuring the microbial community such as measuring microbial biomass using the 

chloroform fumigation method (Brookes et al., 1982; Brookes et al., 1985), and PLFA - phospholipid 

fatty acid profiling (Frostegård et al., 1991). However, chloroform fumigation extraction only measures 

the size of the microbial biomass and does not give an indication of which microbes are present (Bailey 

et al., 2002). Whereas PLFA use the lipids in cell membranes to identify some of the microorganisms 

in the community (Hinojosa et al., 2010). The PLFA analysis has been used as an indicator for the 

changes in microbial communities with different management techniques (Alteio et al., 2021) 

.However, in more recent times Illumina sequencing particularly of the 16s bacteria and archaea 

community has become increasingly popular (Niu et al., 2016; Choi et al., 2017; Schöler et al., 2017; 

Nkongolo and Narendrula-Kotha, 2020). Other micorbial markers such as ITS for analysing fungal 

communities can also be used (Alteio et al., 2021). Amplicon sequencing using Illumina technologies 

is being more accessible to the wider scientific community as the accessibility of DNA extraction and 

PCR assays techniques have increased, costs have reduced, and the availability of free analysis 

software packages has improved and become more user friendly (Caporaso et al., 2012). Some have 

suggested that sequencing has now become the most cost and time effective approach to analyse 

microbial communities (Alteio et al., 2021). However, data from amplicon sequencing using PCR based 

gene markers such as 16S are compositional and the results cannot infer function of the microbial 

community (Gloor et al., 2017). Other techniques such as metagenomics or metatranscriptomics are 

required if more information about the functioning of the community is desired (Regalado et al., 

2020). However, Illumina sequencing still is an important technique when considering future studies 

that may have the potential for more focused targets using metatranscriptomics for example 

(Regalado et al., 2020). However, coupling sequencing data with high quality meta data such as 
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microbial biomass data from chloroform fumigation extraction, as was used in this study, can also 

contribute important information about soil microbial communities. 
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Chapter 2  

The impact of lime and phosphorus amendment on potential nitrogen mineralisation and 
enzymatic activity in grassland soils 

2.1 Introduction 

Nitrogen (N) is a limiting nutrient in most terrestrial ecosystems, particularly in systems used for 

agricultural production, and is one of the key nutrients required for plant growth (Rütting et al., 2018). 

Agricultural systems often overcome N limitation by applying synthetic N fertiliser (Bouwman et al., 

2013; Bodirsky et al., 2014; Schröder et al., 2016). However, the over application and reliance on 

chemical fertiliser is considered environmentally detrimental – as N is lost to waterways and as 

greenhouse gas nitrous oxide to the atmosphere – and economically unsustainable, particularly for 

the farmer as the cost of N fertiliser continues to rise (Guignard et al., 2017; Rütting et al., 2018). Soil 

organic matter (SOM) is the main store of N in soils – 96-98%, 0.095x1018g of total N globally (Booth 

et al., 2005) – but this store of organic N is not available directly to plants and needs to be transformed. 

The conversion of organic N in SOM to inorganic (plant-available) N, known as N mineralisation, is 

dependent largely on soil microorganisms through their associated enzyme production. N supply 

through net mineralisation over a growing season in Irish grasslands ranges from 56-220kg N ha-1 yr-1 

(McDonald et al., 2014b). Nutrient management strategies such as the application of fertilisers to 

manage phosphorus (P) and lime to manage soil pH have the potential to change soil N availability, 

and also impact microbial mediated N cycling processes including N mineralisation in managed 

grassland agricultural systems. However, to what extent soil nutrient management practices change 

soil N availability is difficult to measure and predict. A variety of biological and chemical indices to 

determine the effect of these nutrient management practices on a soil’s capability to supply its own 

plant available N through microbial mediated SOM turnover would be useful in guiding soil N supply 

predictions and nuancing fertilisation advice. 

Microbial activities are sensitive to changes in nutrient availability in soils (Fujita et al., 2019). Zhang 

et al. (2019) found that soils with increasing nutrient content – particularly with manure addition but 

also with mineral fertiliser addition – increased enzymatic activity. Sinsabaugh and Follstad Shah 

(2012) discuss that the relative production of C, N and P mobilising enzymes is related to which 

element is the limiting resource in the niche that the microbes are occupying. Depending on nutrient 

availability, microorganisms change their allocation of C, N, and P acquiring enzymes (Sinsabaugh, 

1994; Sinsabaugh and Follstad Shah, 2012; Zhang et al., 2019). Enzymes in soil play an important role 

in SOM decomposition and enzymatic activity can be an indicator of soil health (Sinsabaugh et al., 

2008; Schloter et al., 2018; Zhang et al., 2019). The relationship between soil nutrient management 

practices, soil microbial community structure and soil enzymatic activity is poorly understood. 
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However, it has been shown that use of chemical fertilisers causes changes in nutrient stoichiometry 

in soils that can in turn lead to both increases and decreases in soil enzymatic activity (Cleveland and 

Liptzin, 2007). Changes to enzymatic activity with fertiliser addition could suggest efforts to increase 

production of limited nutrient(s) to increase their availability while utilising nutrient(s) that are in 

excess. Therefore, enzyme activities may be useful indicators of the impacts of diverse management 

practices on microbial functions mediating nutrient mobilisation from SOM. 

Application of lime is a commonly used agricultural practice to manage and increase the productivity 

of acidic soils (Goulding, 2016). Liming soil improves the availability of N, P, K, and many other 

nutrients (Johnson et al., 2005); it can also contribute to reduced N2O emissions from agricultural soils 

(Žurovec et al., 2021). Soil microbial activity, microbial community composition, microbial SOM 

turnover (mineralisation activities), and microbial biomass size are affected by soil pH (Johnson et al., 

2005; Bertrand et al., 2007; Paradelo et al., 2015; Herold et al., 2018). Lime application can also cause 

a physical response in soils through altering the physio-chemical reactions between soil particles 

affecting flocculation, formation, and stabilisation of macro and microaggregates (Six et al., 2004; 

Bronick and Lal, 2005; Briedis et al., 2012b). These changes to soil aggregates could potentially expose 

previously protected SOM particles to mineralisation (Caires et al., 2006; Briedis et al., 2012a). 

However, the impacts of liming (and altered soil pH) on the mechanisms of microbially mediated N 

mobilisation from SOM remains unclear (Bertrand et al., 2007, Briedis et al., 2012). 

Information about nutrient balance and availability in soil is important to inform the application of the 

correct amounts of nutrient fertiliser and lime (Mooshammer et al., 2012). P is an essential nutrient 

for plant productivity and is therefore also one of the main constituents of chemical fertilisers 

(Guignard et al., 2017). P deficiency not only affects plants but can also limit microbial growth and 

affect microbial activity (Zhu et al., 2018). As such, it is important to understand the effect of P nutrient 

addition to predict microbial nutrient cycling in soils. P addition can also be made through organic 

fertilisers such as slurry or farmyard manure. The application of organic fertilisers is a common 

agricultural practice especially in livestock and mixed farm systems (Svanbäck et al., 2019). As is the 

nature of organic fertilisers, they add significant amounts of organic compounds to the soil which have 

direct and indirect effects on plant, microbial and enzymatic activity (Liu et al., 2017), and can improve 

SOM quality. Zhang et al. (2018) found that adding cattle manure increased both SOM and total N 

contents, when compared to control plots that did not receive any organic fertiliser. Sun et al. (2015) 

highlighted that manure applications contribute to soil microbial community stability and diversity. 

Furthermore, enzyme activity in soil changes rapidly in response to C addition from organic fertilisers 

(Zhang et al., 2019). Chemical fertiliser application can also cause rapid changes in soil enzymatic 
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activity. Organic nutrient forms require microbial enzyme production for mineralisation into available 

forms (influencing measured enzyme activities ‘directly’), whereas mineral forms do not, but do 

influence nutrient stoichiometry – which can result in differential enzyme production. However, the 

impact and differences in the effect of the addition of chemical P vs organic P fertiliser on nutrient 

balances and how this affects microbial community structure, enzymatic activity, and potential N 

mineralisation in soils is also poorly understood.  

Grassland nutrient management practices affect soil nutrient balances, nutrient availability, and soil-

microbe interactions. However, the extent to which nutrient management practices affect a soil's 

ability to supply N through microbially mediated SOM N mineralisation is uncertain. This study focused 

on assessing the effect of liming and P application (via chemical or organic fertiliser) on N 

mineralisation, and microbial community structure, with enzymatic activity as an indicator for 

microbial nutrient cycling activity. It was hypothesised that: 1) the application of lime and P application 

would increase N mineralisation of SOM, and enzymatic activity; 2) chemical P application would 

decrease the activity of enzymes, and N mineralisation of SOM; 3) organic P application would increase 

the activity of enzymes, and N mineralisation of SOM; 4) the microbial community structure would be 

influenced by nutrient management conditions.  

2.2 Methods 

2.2.1 Experimental details and design 

Soils from four grassland sites were selected with varying levels of N mineralisation potential and 

organic matter (OM) content: two sites in Moorepark, Co. Cork, one in Grange, Co. Meath, and one in 

Johnstown, Co. Wexford (Table 2.1) (McDonald et al. 2014). Pots were established in a soil microcosm 

facility (area enclosed by netting of 29 x 11 x 2 meters) at the experimental research station at Teagasc, 

Johnstown Castle, Co. Wexford, Ireland (52° 17ʹ N; 6° 30ʹ W) in 2015. Pots were black 16 litres (30cm 

diameter x 28cm height). They were packed with bulk soil to a bulk density of ~1g cm3. The pots were 

then randomly distributed in a block design. The microcosm was set up as a grassland P and lime 

management trial with a monoculture ryegrass sward (Lolium perenne). There were four treatments 

per soil type: a control (no lime or no P addition), a lime addition (5t ha-1), lime with a chemical P 

addition triple superphosphate (16%P) (40kg P ha-1), and lime with an organic P addition (dairy cattle 

slurry) (20kg P ha-1). Nitrogen was applied at 100kg ha-1 year-1. 
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2.2.2 Sampling 

The sampling order of experimental units was selected using a random number generator and samples 

were taken by block using an 8mm pencil soil corer to a depth of 10cm. The timing of sampling was 

designed to match the time required for analyses, such that the storage of samples was equivalent. 

Therefore, random samples were taken from blocks over a 4-week period. There were two sampling 

days per week. Cores were taken in a “W” shape across the pot and approximately 200 g of soil was 

collected per pot. To reduce the potential of cross-contamination of samples, the corer and sampling 

utensils were disinfected with 70% ethanol between samples. Samples were stored in labelled sterile 

plastic bags and transferred to the lab within an hour of sampling and 5 g subsamples were taken from 

each pot for molecular analysis and frozen at -80°C. Microbial biomass and enzyme assays requiring 

fresh soil were performed on the day of sampling. A subsample of soil, approximately 100g, was sieved 

to 2mm dried for chemical analysis.  

Table 2.1: Details of field sites where soil was collected for this study. Results for pH, SOM, and N mineralisation here 
are representative of the field samples before the pots were established. Adapted from McDonald et al. (2014). 

Site Soil Classification pH SOM 

(g kg-1) 

N mineralisation (7-

day anaerobic 

incubation test, NH4 g
-1 

dry soil) 

Location 

Moorepark 1 Typic Hapludalf 6.0 83 161.4 52o09′43.197′N, 

8o13′59.209′W 

Moorepark 4 Typic Hapludalf 5.5 81 151.1 
52o10’15.187’N 

8o14’21.408’W 

Johnstown Castle Typic Dystrudept 5.7 92 260.6 
52o17′46.107’N,  

6o 30′22.526’W 

Grange Typic Endoaquept 6.0 104 335.8 
53o31’22.649’N, 

6o40’07.597’W 

 

2.2.3 Seven-day anaerobic incubation test for biological nitrogen mineralisation 

Soil was sieved to 2mm and dried in an oven at 40°C for three days. For each collected soil sample, a 

5g subsample of soil was weighed into each of two paired tubes, tube 1 (day 0 samples) and tube 2 

(day 7 samples). Samples representing day zero in tube 1 were extracted with 25ml 2 M KCl and 12.5ml 

dH2O. For samples representing day seven in tube 2, 12.5ml dH2O was added to each tube to waterlog 

the samples. Tube 2 samples were sealed by using a screw cap. All tube 2 samples were placed in an 

incubator at 40°C for 7 days. Thereafter, soil was extracted using 25ml 2 M KCl, and the tube 2 day 7 
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samples and were analysed for inorganic N (NO2–N, NO3–N, and NH4–N) using an Aquakem 600A 

(Aquakem 600A, 01621, Vantaa, Finland). Mineralised N was calculated as the NH4–N on day 7 minus 

the NH4–N on day zero (McDonald et al., 2014a), i.e., tube 2 (day 7) - tube 1 (day 0) equals potential 

mineralised N. 

2.2.4 Microbial biomass carbon, nitrogen, and phosphorus  

Microbial biomass C, N, and P were determined using chloroform fumigation-extraction on fresh soil 

samples (Brookes et al., 1985; Vance et al., 1987). For microbial biomass C and N, 10g fresh soil was 

weighed in two sets, fumigated (F) and non-fumigated (NF). The F samples were placed into a 

desiccator with 50ml chloroform for 24 hours under vacuum. Both F and NF samples were extracted 

using 40ml 0.5 M K2SO4. Total organic C and total N were measured from the extracts on a Shimadzu, 

TOC-UCPH analyser with ASIV auto sampler. Microbial biomass C and N were calculated by subtracting 

values obtained from the NF sample from the corresponding F sample. The result was then divided by 

set conversion factors of 0.45 for microbial biomass C and 0.54 for microbial biomass N (Brookes et 

al., 1985; Vance et al., 1987).  

2.2.5 Soil nutrient analyses 

Total C and N were analysed using 0.2kg of a ball-milled soil dried at 40oC for 48 hours and were then 

analysed on an elemental analyser (Leco Truespec CN elemental analyser, US). Available P was 

measured using the Morgan’s method (McCormack, 2002; Massey, 2012), it was also done 

spectrophotometrically at 800mm using the phosphomolydbated method (Murphy & Riley, 1962). Soil 

pH was analysed using 1:2 soil: deionised water (w/v) ratio suspension on a mettler Toledo glass 

calomel electrode (McCormack, 2002). Soil moisture content was calculated by drying a subsample at 

105oC for 24 hours and subtracting the water weight. The OM content was calculated using the loss 

on ignition method at 500oC for 16 hours. 

2.2.6 Potential Enzyme Activity Assays 

Enzyme activity of all samples was determined using fluorimetric microplate assays of 4-

methylumbelliferone (MUF) and 7-amino-4-methylcoumarin (AMC) based substrates (Marx et al., 

2001). The enzymes assayed in this study were chosen as they are involved in C, N and P cycles. The 

following enzymes were selected: β -1,4-glucosidase (BGLU, C cycle), α -1, 4-glucosidase (AGLU, C 

cycle), β -N-acetyl-glucosaminidase (NAG, C and N cycle), phosphatase (P.1, P cycle). Each of these 

used MUF based substrates. Leucine aminopeptidase (AMI, N cycle) was also examined, and this is an 

AMC based substrate. Fresh sieved (2mm) soil was weighed (5g fresh weight) into a 50ml centrifuge 

tube with 50ml sterile dH2O. The solution was placed on a Gyratory Shaker (New Brunswick Scientific) 
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at 150 rpm for 10 mins and centrifuged for 10 mins at 4°C at 800 rpm (Fox et al., 2017). Plates were 

prepared to a total volume of 250µl in each well. Wells contained 200µl sample soil solution, 10µl 

MOPS buffer (pH 7.4 for MUF substrates and pH 7.8 for AMC substrates), and 40µl enzyme substrate. 

Suitable substrate concentrations for each enzyme were optimised in preliminary experiments. 

Control and blank wells had 50µl of buffer solution and 200µl of soil solution or sterile dH2O, 

respectively. Plates were incubated at 30°C for two hours prior to taking measurements. All plates 

were run in a microplate reader (SYNERGY/HTX, multi-mode reader, BioTek, with Gen5 version 3.03 

software) for fluorescence measurements, wavelength was set at 360nm excitation and 460nm 

emission. Plates were run for 90 minutes at 30°C, and there were 5-minute intervals between 

measurements. For standard curve calculation MUF and AMC salts were added at four different 

concentrations to the soil water solution (Hendriksen et al., 2016; Fox et al., 2017). There were two 

standard curves on each plate one for MUF substrates and one for AMC substrates. The activity of 

each enzyme was calculated as in Hendriksen et al. (2016).  

2.2.7 DNA extraction and sequencing  

DNA was extracted from 0.25g frozen soil using the Qiagen Power Soil kit (Qiagen, USA) according to 

the manufacturer’s instructions. Extracted DNA was eluted in 25µl C6 buffer before freezing samples 

at -80°C until further analysis. DNA concentrations were measured using a Qubit Fluorimeter (Thermo 

Fisher, Ireland) with Qubit™ dsDNA BR Assay Kit (Thermo Fisher, Ireland). DNA quality was checked 

using a nanodrop spectrophotometer (Thermofisher, Ireland) and electrophoresis gels. Sequencing of 

the 16S rRNA (bacteria, archaea and eukaryote) and ITS regions was carried out for all samples. Briefly, 

the library preparation was a 2-step PCR process with PCR1 consisting of a 25µl reaction containing 

the raw DNA template (5ng µl-1), 2X Kapa hifi hot start ready Taq mix (Roche, Ireland) and 0.2 µM final 

concentration of primers of each of the forward and reverse primers. Primers had overhang adapters 

attached. The primers used for 16S rRNA were 515F (Forward overhang: 5’ 

TCGTCGGCAGCGTCAGATGTGTATAAGAGACAG [GTGYCAGCMGCCGCGGTAA]) and 926R (Reverse 

overhang: 5’ GTCTCGTGGGCTCGGAGATGTGTATAAGAGACAG [CCGYCAATTYMTTTRAGTTT]). The 

primers for ITS were 86F (Forward overhang: 5’ TCGTCGGCAGCGTCAGATGTGTATAAGAGACAG 

[GTGAATCATCGAATCTTTGAA]) and 4R (Reverse overhang: 5’ 

GTCTCGTGGGCTCGGAGATGTGTATAAGAGACAG [TCCTCCGCTTATTGATATGC ]) (Quince et al., 2011, Op 

de Beeck et al., 2014) The PCR1 product was cleaned using AMPure XP beads to ensure that the PCR 

product was free of primer dimer. The clean PCR1 product was run on a 1% agarose gel and visualised 

under UV light to check both the strength of bands and the absence of primer dimer. PCR2 is an index 

PCR with dual indices and Illumina Sequencing adapters attached to the samples using the Nextera XT 

Index Kit (Illumina, Ireland). PCR2 consists of 50µl reactions containing 5µl PCR1 template, each index 
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primers at a final concentration of 0.2 µM, and 2X Kapa hifi hot start ready mix (Roche, Ireland). PCR2 

product was cleaned using the Ampure XP beads as described for PCR1. The beads were eluted in 15µl 

TE buffer. The concentration of PCR2 was quantified using a Qubit fluorometer. The generated 16S 

rRNA and ITS libraries were then pooled at equimolar concentration. Pools were quality checked on a 

Bioanalyser using the DNA 1000 chip and sent to the sequencing lab in Teagasc Research Centre, 

Moorepark, Co. Cork, Ireland for sequencing on the Illumina MiSeq platform. 

2.2.8 Data Handling and Statistics 

All data analyses were performed in Rstudio software 4.2.0 (R Core Team, 2021). All graphing was 

carried out in RStudio. Data was checked for normality using visual assessment and the Schapiro-Wilks 

test. Where data was not normally distributed, data was transformed using standard transformation 

techniques (logging the data, inverse, or the square root). Data was also checked for homogeneity 

using the Levenes Test. ANOVAs and Tukey HSD tests were used to determine significant differences 

between treatments and soil types, when all assumptions for the tests were met (normally distributed 

and homogenous). In the case where data was still not normally distributed, a Kruskal-Wallis test was 

used and a dunn-test for the pairwise comparison, with p-values adjusted using the Benjamin-Hocberg 

method. Statistical significance was determined at p<0.05. Principal component analysis was used to 

visually assess relationships between enzyme activity and soil type and treatment.  

2.2.9 Sequencing data handling 

FASTQ files were generated through the Illumina BaseSpace platform. Data was cleaned (negative 

controls and singletons removed) and analysed using the DADA2 pipeline in RStudio. ASVs tables were 

also analysed in R studio. Data was analysed using the phyloseq (McMurdie and Holmes, 2013) and 

vegan (Oksanen et al., 2020) packages in R Studio. After forming a phyloseq object containing taxa, 

ASVs table, tree tables and metadata, alpha diversity indexes were calculated for each treatment and 

significant differences determined between treatments using Kruskal-Wallis tests. Relative 

abundances of the dominant 20 phylum in each treatment were visualised. However, further analyses 

of all sequence data were log transformed, using the centred log ratio as outlined in Gloor et al., 

(2017). This transformation was performed using the microbiome (Lahti et al., 2017). After data 

transformation, a new phyloseq object was made and vectors formed from the new phyloseq object 

for use in the vegan package. Principal component analysis was used to visually represent the 

distribution of the 16S and ITS communities. PERMANOVA analyses were performed using the 

pairwiseAdonis package (Arbizu 2017). To determine significant effect(s) of treatment on the microbial 

community structure based on 16S and ITS data. Differences between treatments were analysed using 

the pairwise Adonis function. Redundancy analysis models were conducted to assess the significant 
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effect of the measured environmental variables on the microbial community structure. In order to 

assess specific differences in the enrichment (differential abundance) of ASVs between both soil types 

and treatments, down to genus level the Deseq2 package (Love et al., 2014) was used.  

2.3 Results 

2.3.1 Potential nitrogen mineralisation treatment and soil type  

Potential N mineralisation was significantly affected by soil type (p < 0.0001); however, there was no 

significant interaction between soil type and treatment (p=0.167). The highest absolute potential N 

mineralisation was found in the GR1 soil (mean = 145.7 NH4 g-1 dry soil), and the lowest absolute N 

mineralisation potential was in MP4 (mean = 85.9 NH4 g-1 dry soil) (Figure2.1). There was a significant 

difference in N mineralisation potential between GR1 and MP4 (p<0.002), and between MP1 and MP4 

(p<0.05) and a marginal difference between GR1 and JC2 (p<0.05). 

There was also a significant effect of treatment on potential N mineralisation (p< 0.002). The highest 

N mineralisation potential was in the organic treatment (mean = 134.8 NH4 g-1 dry soil), and the lowest 

in the control treatment (mean = 85.5 NH4 g-1 dry soil) (Figure2.1). There was a significant difference 

between the organic and the control treatments (p<0.01). However, when examining treatment 

within each soil type, there was no significant effect of treatment on potential N mineralisation in GR1, 

MP4, and JC2. There was a significant effect of treatment in MP1 (p<0.03). In MP1 organic treatment 

had significant higher N mineralisation potential compared to the control treatment (Tukey HSD, 

p<0.002).  
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Figure2.1: Potential nitrogen mineralisation, measured using the seven-day anaerobic incubation method (NH4 g-1 dry 
soil). Error bars represent standard error, n = 3. Soil types are represented along the x-axis and treatments are 

highlighted by colours described in the table legend. 

2.3.2 Relationships between potential nitrogen mineralisation and soil environmental factors  

There was a significant effect of OM content on potential N mineralisation (p=0.006). The GR1 soil had 

the highest average organic matter (OM) content measured as part of this study (Table 2.2) and was 

significantly higher than all the other soil types (p<0.0001). OM content was also significantly different 

between MP4 and JC2 (p=0.0001). Total C (p=0.017), total N (p=0.008), and total P (p=0.015) 

significantly affected potential N mineralisation. Available P, measured as P Morgan’s (PM), also 

significantly affected potential N mineralisation (p=0.027) (Figure 2.2). Increased PM in the MP1 soil 

significantly increased potential N mineralisation (p=0.007). However, note that the MP1 soil had a 

higher starting PM level than the other three soils (Figure 2.2).  
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Table 2.2: Soil nutrients measured as part of this experiment for each soil type and treatment (n=3). Standard error is 
recorded in the parentheses.  

 
pH OM 

% 
C 
%1 

N 
% 

P 
mg Kg-1 

K 
mg Kg-1 

PM 
mg Kg-1 

KM 
mg Kg-1 

MBC 
ug g-1 

MBN 
ug g-1 

Mineral-
isation 

NH4 g
-1 dry 

soil 

MP 1 
(organic) 

6.27 
(±0.08) 

7.37 
(±0.07) 

3.42 
(±0.07) 

0.33 
(±0.02) 

1233.88 
(±62.03) 

2457.77 
(±430.30) 

21.33 
(±2.03) 

55.37 
(±16.37) 

173.66(
±22.46) 

28.70 
(±4.01) 

152.70 
(±14.14) 

MP 1 
(control) 

5.61 
(±0.13) 

7.37 
(±0.15) 

3.32 
(±0.08) 

0.32 
(±0.01) 

1118.33 
(±152.5

9) 

3046.79 
(±325.18) 

10.64 
(±3.19) 

46.53 
(±5.19) 

43.14 
(±11.30) 

17.57 
(±2.07) 

89.54 
(±2.17) 

MP 1 
(chemical

) 

6.09 
(±0.08) 

7.00 
(±0.15) 

3.30 
(±0.13) 

0.33 
(±0.01) 

1311.15 
(±26.70) 

2513.26 
(±838.87) 

22.83 
(±1.22) 

37.87 
(±4.32) 

100.94 
(±25.96) 

27.32 
(±4.05) 

141.91 
(±16.47) 

MP 1 
(lime) 

6.11 
(±0.03) 

7.27 
(±0.09) 

3.23 
(±0.06) 

0.31 
(±0.01) 

1250.10 
(±37.58) 

2545.04 
(±230.09) 

20.43 
(±1.05) 

42.30 
(±3.31) 

99.64 
(±36.74) 

27.57 
(±3.07) 

132.47 
(±10.22) 

GR 1 
(organic) 

5.63 
(±0.09) 

9.90 
(±0.10) 

4.37 
(±0.04) 

0.43 
(±0.01) 

1117.46 
(±19.83) 

3808.42 
(±315.77) 

6.01 
(±0.29) 

52.67 
(±9.02) 

292.77 
(±27.83) 

54.11 
(±4.17) 

142.44 
(±28.28) 

GR 1 
(control) 

5.17 
(±0.07) 

9.83 
(±0.09) 

4.42 
(±0.02) 

0.45 
(±0.00) 

1198.55 
(±9.02) 

3601.46 
(±407.17) 

5.72 
(±0.19) 

49.33 
(±2.67) 

264.16 
(±96.22) 

36.13 
(±3.71) 

152.24 
(±1.72) 

GR 1 
(chemical

) 

5.62 
(±0.12) 

9.60 
(±0.10) 

4.30 
(±0.13) 

0.43 
(±0.00) 

1142.92 
(±40.68) 

3406.59 
(±456.23) 

6.09 
(±0.21) 

44.73 
(±4.77) 

328.64 
(±41.93) 

55.48 
(±7.86) 

138.23 
(±4.30) 

GR 1 
(lime) 

5.58 
(±0.04) 

9.73 
(±0.07) 

4.26 
(±0.07) 

0.43 
(±0.02) 

1117.24 
(±9.04) 

3913.36 
(±532.25) 

5.28 
(±0.35) 

54.03 
(±9.63) 

255.12 
(±29.97) 

41.78 
(±1.00) 

149.96 
(±12.28) 

MP 4 
(organic) 

6.16 
(±0.08) 

7.93 
(±0.03) 

3.63 
(±0.09) 

0.34 
(±0.01) 

800.12 
(±7.20) 

3282.79 
(±798.96) 

5.52 
(±0.84) 

117.43 
(±19.10) 

181.87 
(±22.38) 

31.51 
(±3.44) 

119.18 
(±14.47) 

MP 4 
(control) 

5.13 
(±0.07) 

7.70 
(±0.06) 

3.49 
(±0.03) 

0.31 
(±0.01) 

780.27 
(±29.67) 

3681.88 
(±664.30) 

3.05 
(±0.16) 

53.10 
(±2.70) 

128.56 
(±15.96) 

26.18 
(±1.44) 

42.81 
(±27.40) 

MP 4 
(chemical

) 

5.62 
(±0.04) 

7.37 
(±0.15) 

3.47 
(±0.19) 

0.31 
(±0.01) 

946.91 
(±140.2

2) 

3684.67 
(±888.96) 

7.72 
(±3.00) 

63.57 
(±9.32) 

144.50 
(±32.78) 

34.66 
(±9.01) 

100.03 
(±13.48) 

MP 4 
(lime) 

5.77 
(±0.08) 

7.33 
(±0.12) 

3.61 
(±0.05) 

0.33 
(±0.00) 

767.39 
(±24.80) 

3281.86 
(±461.87) 

3.69 
(±0.61) 

87.93 
(±16.17) 

151.03 
(±36.62) 

29.71 
(±5.21) 

81.64 
(±15.67) 

JC 2 
(organic) 

6.07 
(±0.05) 

7.30 
(±0.21) 

3.31 
(±0.06) 

0.30 
(±0.01) 

761.80 
(±12.94) 

1790.54 
(±88.78) 

5.10 
(±0.16) 

108.83 
(±12.69) 

174.32 
(±22.53) 

30.11 
(±4.13) 

140.68 
(±21.98) 
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Figure 2.2: Potential nitrogen mineralisation by soil type and treatment with available phosphorus measured using 
Morgan’s test (n=3). Soil types are separated into grids, GR1 and JC2 are on the top and MP1 and MP4 are on the 

bottom. Treatments are represented by shapes, as explained in the figure legend.  

There was also a significant effect of pH on potential N mineralisation (p<0.003). Assessing the soil 

types individually, there was a significant effect of pH on N mineralisation potential in MP1 (p=0.002), 

MP4 (p=0.007), and JC2 (p=0.031). As pH increased across three of the soils (MP1, MP4, JC2) N 

mineralisation potential also increased, with pH values above 6.1 associated with a greater potential 

N mineralisation in these soils (Figure 2.3). The control treatment had the lowest pH across all soil 

types (mean pH = 5.3). The organic treatment had the highest pH (mean pH= 6.05). 
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Figure 2.3: Potential nitrogen mineralisation and pH by soil type and treatment. Soil types are separated into grids, GR1 
and JC2 are on the top and MP1 and MP4 are on the bottom. Treatments are represented by shapes, as explained in the 

figure legend. 

2.3.3 Microbial Biomass carbon and nitrogen  

The GR1 soil had the largest microbial biomass C and N (MBC, MBN) compared with the other soil 

types (Table 2.2), there was significantly larger MBC and MBN in the GR1 compared to the other three 

soil types (p<0.001). There were no significant differences between the other three soils (Figure 2.4). 

There was no significant effect of treatment on MBC in the GR1, JC2, and MP4 soils. In the MP1 soil 

there was a significant difference in MBC between the organic and the control treatment. The organic 

treatment had significantly higher MBC (p<0.05).  
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Figure 2.4: Microbial biomass C and N with soil type and treatment. Graph a shows Microbial Biomass Carbon with four 
different soil types (GR1, JC2, MP1 and MP4) and treatments (chemical, control, lime and organic). Graph b shows 

Microbial Biomass Nitrogen with four different soil types (GR1, JC2, MP1 and MP4) and treatments (chemical, control, 
lime and organic). 

2.3.4 Enzymes  

There was no significant effect of soil type (p=0.765) or treatment (p=0.084) on enzyme activity. 

Principal component analysis (PCA) (Figure 2.5) showed that there was minimal clustering of samples 

based on soil type or treatment. Environmental factors that affected enzyme activity included OM 

which significantly affected AGLU (p=0.013) and soil pH which significantly affected NAG (p=0.048) 

and P.1 (p=0.048). Significant interactions between enzyme activities were found across soils and 

treatments. Enzymes significantly interacted with each other. The interactions between AGLU and 

BGLU were significant (p <0.0001). The interactions between AGLU and AMI were also significant 

(p=0.016). BGLU significantly interacted with NAG (p=0.006). NAG significantly interacted with P.1 

(p=0.001). The interaction between AMI and AGLU was significant (p=0.016).  
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Figure 2.5: Principal component analysis of enzymatic activity for each enzyme within each soil type (n=12) and for each 
treatment (n=3)  

2.3.5 16S Bacterial community composition 

The dominant 20 most relatively abundant bacterial genera across the soil types and treatments are 

shown in Figure 6. Within this the five most relatively abundant genera were Candidatus udaeobacter, 

Gaiella, Pseudolabrys, MND1, Mycobacterium (Figure 2.6). The alpha diversity between soil types 

varied from an average of 1221 to 2304 (Chao1), and 6.41 to 6.89 (Shannon), (Table 2.3). There were 

significant differences in the alpha diversity indexes tested between the soil types. However, within 

each soil type there were no significant differences in alpha diversity with treatment. The Shannon 

index was significantly higher in JC2 and MP1 than in GR1 and MP4 (p<0.01). MP4 was significantly 

lower than GR1, JC2, and MP1 (p<0.001) for observed species and Chao1. Results from the PCA 

analysis showed separate clustering of the 16S communities with soil type (Figure 2.7a). Along PC1 all 

soil types were separate; however, along PC2 only the MP4 and JC2 had separate clusters. There was 

less distinction between clusters when considering treatments (Figure 2.7b), only the control 

treatment showed marginal separation along PC1. Permutational analysis of variance (PERMANOVA) 

results showed a significant effect of both soil type (p<0.001) and treatment (p<0.001), and an 

interaction between soil type and treatment (p<0.02) on the bacterial community composition. An 

analysis of similarities (ANOSIM) further confirmed a significant effect of soil type (R =0.46, p <0.001) 

and treatment (R=0.14, p<0.001). Pairwise Adonis analysis showed that all four soils were significantly 

different from each other (p<0.001). However, pairwise Adonis analysis of the treatment effect 

showed that there were only significant differences when considering the organic vs the control 

(p<0.001), the lime vs the control (p<0.001), and the chemical vs the control (p<0.001), there were no 

other significant differences between treatments. For specific genus that varied between the soil types 
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and the treatments, refer to the deseq2 analysis tables in the supplementary materials. RDA analysis 

showed that the 16S community was significantly affected by soil pH and the activity of the BGLU 

enzyme (Figure 2.8). The MP1 and JC2 soils were particularly influenced by soil pH (Figure 2.8). 

However, the effect of pH on treatments was much more variable.  

Table 2.3: Alpha diversity indexes for the 16S community for each soil type and treatment. There were no significant 
differences in treatments, so letters here represent the differences between soil types. 

 

 

 Chao Shannon Simpson 

GR 1 a b b 

Control 1375 6.393 197.0 

Organic 1998.2 6.718 278.0 

Lime 1410.6 6.274 164.9 

Chemical 1442 6.419 184.0 

MP1 a a a 

Control 1465 6.675 345.8 

Organic 2293 7.015 463.4 

Lime 1629 6.725 299.6 

Chemical 3828 7.145 499.7 

MP4 a b b 

Control 1188 6.414 247.9 

Organic 1259 6.436 219.04 

Lime 1180.5 6.278 195.58 

Chemical 1257 6.532 270.8 

JC2 a a a 

Control 1970 6.787 317.5 

Organic 1520 6.608 281.5 

Lime 1945 6.932 407.4 

Chemical 1987 6.885 374.6 
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Figure 2.6: Relative abundance of the dominant 20 bacterial genera based on 16S rDNA sequencing across all soil types and treatments. The genus “All_other” as quoted in the legend 
represents the rest of the genus that were not present in the dominant 20 genera. Each treatment contains 3 replicate samples. 
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Figure 2.7a: Principal component analysis showing clustering of 16S microbial community with soil type (n=12). Colours 
are representing the different soil types 

 

Figure 2.7b: Principal component analysis showing clustering of 16S microbial community with treatment (n=12). 
Colours represent the different treatment 
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Figure 2.8: Redundancy analysis by soil type (n=12). This graph shows which soil nutrient properties are significantly 
influencing the 16S community structure. In this graph both soil pH and BGLU enzyme activity are significantly 

influencing the 16S community structure. 
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2.3.6 Fungal community composition 

The dominant 20 most relatively abundant fungal genera across the soil types and treatments are 

shown in Figure 9. The five most abundant genera in the fungal community based on ITS sequencing 

were Mortierella, Lachnum, unidentified_3513, Claroideoglomus, and unidentified_77 (Figure 2.9). 

The alpha diversity was significantly different between soil types; however, there were no significant 

differences between the treatments (Table 2.4). When using the Shannon index, the diversity in MP1 

was significantly different from all other soil types (p<0.05); when using the Simpsons index, MP1 was 

significantly different from MP4 and GR1 (p<0.01); when using the Chao index, JC2 was significantly 

different from GR1 and MP1 (p<0.01) (Table 2.4). Results from the PCA analysis showed separate 

clustering of the ITS communities with soil type (Figure 2.10a). Along PC1, GR1 was separate from the 

other soil types; however, along PC2 only JC2 had a separate cluster compared to the other soils. There 

was no distinction between clusters when considering treatments (Figure 2.10b). PERMANOVA 

showed a significant effect of soil type (p=0.001) and treatment (p=0.004) on the fungal community, 

but no significant interaction between soil type and treatment. ANOSIM also showed a significant 

effect of soil type (R=0.62, p <0.001). Pairwise Adonis analysis showed that all soil types were 

significantly different from each other (p<0.001). However, only the organic vs the control (p< 0.001), 

the lime vs the control (p< 0.027), and the chemical vs the control (p< 0.021), were significantly 

different among the treatments. For specific genus that varied between the soil types and the 

treatments refer to the deseq2 analysis tables in the supplementary materials. RDA analysis showed 

that the ITS community was significantly affected by soil pH and total C, total N, available K, and OM 

content (Figure 2.11). The GR1 soil fungal community was significantly influenced by OM. The MP1 

were significantly influenced by soil pH (Figure 2.11). However, the effect of the environmental soil 

factors on treatments was much more variable.  
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Table 2.4: Alpha diversity indexes for the ITS community for each soil type and treatment. There were no significant 
differences in treatments, so the letters here represent the differences between soil types. 

 

 

 

 

  

 Chao1 Shannon Simpson 

GR 1 b a a 

Control 175.3 3.997 25.65 

Organic 198.3 4.338 33.93 

Lime  184.0 3.946 24.31 

Chemical 254.7 4.420 31.81 

MP1 b b b 

Control 156.3 3.575 18.41 

Organic 202.7 3.683 14.72 

Lime 174.0 3.276 8.806 

Chemical 159.7 3.504 11.843 

MP4 ab a a 

Control 192.3 4.253 36.28 

Organic 317.0 4.469 35.32 

Lime 176.0 4.095 27.24 

Chemical 268 3.850 22.932 

JC2 a a ab 

Control 263.7 4.098 20.63 

Organic 197.3 4.043 17.16 

Lime 296.7 4.128 20.57 

Chemical 362.7 4.295 21.04 
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Figure 2.9: Relative abundance of the dominant 20 bacterial genera based on ITS sequencing across all soil types and 
treatments. The genus “All_other” as quoted in the legend represents the rest of the genus that were not present in the 

dominant 20 genera. Each treatment contains 3 replicate samples. 

 

 

Figure 2.10a: Principal component analysis showing clustering of ITS microbial community with soil type (n=12). Colours 
represent the different soil types. 
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Figure 2.10b: Principal component analysis showing clustering of ITS microbial community with treatment (n=12). 
Colours represent the different treatments. 

 

Figure 2.11: Redundancy analysis by soil type (n=12). This graph shows which soil nutrient properties are significantly 
influencing the ITS community structure. In this graph both soil pH and BGLU enzyme activity are significantly 

influencing the 16S community structure. 
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2. 4 Discussion   

This experiment aimed to determine whether there was an effect of soil P, P fertiliser type (chemical 

and organic), and lime addition on N mineralisation potential, enzyme activity and microbial 

community structure. Nutrient management strategies such as the provision of P and the amendment 

of soil pH through lime addition are important for ensuring nutrient availability for plant growth. It is 

important to examine how these nutrient management practices affect N mineralisation, as a better 

understanding of the nutrient management dynamics and their effects on natural processes will assist 

in tailoring more specific nutrient management advice.  

This study found that N mineralisation potential varied with soil type. This has been seen in other 

studies of Irish grassland soils (McDonald et al., 2014; Murphy et al., 2017). The GR1 soil had the 

highest N mineralisation potential and was significantly higher than JC2 and MP4 soils. The GR1 soil 

also had a significantly higher OM content when compared with all other soil types. Organic matter 

contents are linked with mineralisation rates. Higher levels of potential N mineralisation with 

increasing OM was also found by van Vliet et al., (2007) in Dutch grasslands. The Grange soil, GR1, was 

the only soil type where the control treatment did not have the lowest N mineralisation potential. 

There was also minimal variance in P level in this soil and the pH range was also lower than other soil 

types.  

Except for the GR1 soil, there was an increase in potential N mineralisation with the P addition 

treatments (chemical and organic) in MP1 and MP4, and an increase with organic P addition in JC2, 

when compared with the control treatment. Therefore, the hypothesis that with P addition N 

mineralisation would increase was accepted. The effect of P on potential N mineralisation was most 

evident in the MP1 soil, with available P (P Morgan’s) greatest in this soil type. In the MP1 soil the 

control had a significantly lower N mineralisation potential than the other treatments. The high 

available P in MP1 showed that there is great potential for increasing N mineralisation with P 

additions. An increase in potential N mineralisation with P availability has also been seen by 

(Bicharanloo et al., 2022) in their study on soils growing wheat. The absence of P in the control pots 

resulted in the lowest N mineralisation potential in the control treatments in most soil types. It has 

been hypothesised that in soils low in P, the microbial community mineralise organic forms of P (Ikoyi 

et al., 2018). Ikoyi et al. (2018) also found in the treatment not receiving P, bacterial and fungal feeding 

nematodes were more abundant, AMF colonisation increased, and bacteria containing the phoD gene 

such as Actinobacteria were also more abundant. Low P soils have been shown to have a selective 

pressure that may lead to increased abundance of bacteria involved in P mineralisation (Mander et 

al., 2012). In this study the control treatment had a significantly higher relative abundance in eight 
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genera of Actinobacteria (Bryobacter, Candidatus solibacter, Catenulispora, Edaphobacter, 

Granulicella, Occallatibacter, Streptacidiphilus, and Terracidiphilus). Therefore, the hypothesis that 

nutrient management would influence microbial communities was accepted, as significant differences 

were seen between treatments. This could suggest that the control treatment in this study is also 

under a selective pressure to stimulate the microbial community responsible for P mineralisation 

rather than N mineralisation in a P limited environment. The coupling of C, N, and P in terms of 

mineralisation is variable in terms of their links. For C and N, mining for N also mobilises C (i.e., N is 

contained within organic macromolecules of SOM, meaning mobilising N also releases C that is 

metabolised by microbes). For P, the coupling with C and N mineralisation is less strong as P can be 

mobilised from SOM macromolecules via phosphatases that ‘snip’ phosphate from the ends of these 

compounds, without breaking down the whole molecule. 

The addition of an organic form of P, in this study in the form of cattle slurry, increased N 

mineralisation potential across all four soil types. Therefore, the hypothesis that organic P addition 

would increase N mineralisation potential was cautiously accepted as this increase was not significant. 

The comparison decrease in N mineralisation with the chemical treatment hypothesis was rejected as 

there was no significant decrease. The organic treatment also could be creating conditions which 

encourage N mineralisation. Slurry contains a diverse mixture of organic nutrient compounds, 

including sources of labile C, organic N and P. The increased availability of labile C sources in the 

organic P treatment is a possible reason for increase in N mineralisation potential seen in this study. 

As microbes are often C limited (Schimel and Bennett, 2004) the C sources in organic fertilisers such 

as slurry could potentially stimulate microbial activity, mineralisation, and increase nutrient cycling in 

soil (Lazcano et al., 2013; Ling et al., 2016). However, it is possible that a high rate of N mineralisation 

is due to a residual effect of repeated additions of organic forms of N over time (Cavalli et al., 2016). 

In this study Proteobacteria were significantly higher in the organic treatment than any of the other 

treatments. A study by  Francioli et al. (2016) also found that Proteobacteria abundance increased 

under organic fertiliser treatment.  

Potential N mineralisation was significantly higher in the limed treatment vs the control in three soil 

types. Therefore the hypothesis that lime increases N mineralisation potential was accepted. It can be 

seen in all soil types, even those with narrower pH ranges, that there is an increase in N mineralisation 

potential with increasing soil pH. Increased N mineralisation potential with increasing pH and liming 

activities has also been found (Mkhonza et al., 2020). Soil pH can impact on SOM mineralisation 

through an increase in the dissolved organic compounds that are present in soil as pH increases 

(Andersson et al., 2000; Neina, 2019), these organic compounds are less recalcitrant and easier to 
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break down. It has also been shown that soil pH and liming can affect microbial community structure 

(Holland et al., 2018). This has knock-on effects in terms of the production of enzymes and functioning 

of the microbial community that could be involved in increasing SOM mineralisation (Aye et al., 

2018).The addition of lime also had an effect on microbial community structure in this study and 

therefore the hypothesis that the microbial community would be affected by nutrient management 

practice was accepted. However, it is important to note that the pH range in this study is narrow, and 

the chemical and organic P treatments also received lime, so therefore the main comparisons drawn 

here were between the control and lime treatments. In terms of 16S community, Acetobacteraceae 

was present in the control treatment but not in the lime treatment. Interestingly, these bacteria are 

part of an N-fixing bacteria family, and have been found to grow in acidic environments with pHs close 

to 3.0–3.5, but 5.0–6.5 is there preferred pH (Reis and Teixeira, 2015). In terms of the ITS fungal 

community, many genera that were present in the lime treatment were not present in the control, 

including Didymellaceae, Tubeufiaceae, Hyaloscyphaceae, Leotiaceae, Psathyrellaceae, 

Tetraplosphaeriaceae, Pleosporaceae, and Xylariaceae.  

Enzymatic activity varied greatly both between soil types and also between treatments. There were 

few trends that held true for all soils and treatments. However, a large proportion of the variability 

was explained as part of PCA analysis (82.1%). Although there were few trends with soil type and 

treatments, enzymatic activity was linked to other enzymatic activity. C cycling enzymes BGLU and 

AGLU were coupled together as were NAG and P. It was hypothesised that the chemical treatment 

would reduce enzymatic activity when compared to other treatments. This does not appear to be the 

case for most soil types and enzymes, and this hypothesis was rejected. Only JC2 had lower enzymatic 

activity in the chemical treatment. Enzyme activity was also general not influenced by other soil 

properties such as C, N or P content in this study. It is worth noting that there were only three 

replicates taken as part of this study and that if there were a larger number of samples taken perhaps 

this variability could have been somewhat reduced. However, enzyme activity is often used as an 

indicator of microbial community activity and C, N, and P cycling (Meena and Rao, 2021), the range of 

activity in the enzyme examined in this study could be an indicator of both health soils and a 

continuum of biological activity and nutrient cycling. 

2.5 Conclusion  

This study found that N mineralisation and microbial community structure were significantly affected 

by both P and lime application. Soils that received P in comparison to controls had a higher N 

mineralisation potential. The type of P addition (chemical vs organic) was not found to be significant 

in this study; however, the organic treatment did have the highest absolute N mineralisation potential. 
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This suggests that further study will be required to investigate in more depth the effect of chemical vs 

organic P addition and their effects on N mineralisation potential and SOM turnover. The lime 

application also had a significant effect on potential N mineralisation in this study. N mineralisation 

was found to increase with increasing soil pH, despite the narrow range found here. This indicates that 

pH is an important factor in determining potential N mineralisation rate if differences can be found 

across a narrow range. For future fertiliser and N management plans, the N supply from SOM N 

mineralisation in the context of the management of P and lime would require more study. However, 

these results highlight that it is important to consider other management practices when considering 

N supply from SOM.  
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Chapter 3 

The effect of long-term phosphorus fertiliser additions on soil organic matter priming and nitrogen 
mineralisation in a grassland agricultural system. 

3.1 Introduction 

Nutrient limitation in agricultural systems, especially of nitrogen (N) and phosphorus (P), is often 

overcome by the addition of inorganic fertilisers (Bouwman et al., 2013; Bodirsky et al., 2014; Schröder et 

al., 2016). The use of inorganic fertilisers can affect soil organic matter (SOM) quality and quantity, soil 

pH, and also impacts the environment by release of greenhouse gas emissions and nutrient losses to 

waterways (Dinesh et al., 2010; Ning et al., 2017). When fertilisers are applied to soil this influences the 

soil nutrient balance and also influences other nutrients, which may not have been added or added to the 

same extent and can be limiting to both plant and microbial growth (Blair et al., 2006; Gong et al., 2009; 

Zheng et al., 2019). SOM represents the largest stock of plant macronutrients in soils, but in organic forms 

that are not directly available for plants. Transformation to mineral nutrient forms via microbial activity 

(known as mineralisation) is one of the most important biogeochemical processes that fertilisers can 

affect (Murphy et al., 2017). Microbial use of nutrients held in SOM may be expected to decline when 

readily available forms of these nutrients are applied to soil via fertilisers. As N and P make up the majority 

of fertiliser addition in agricultural systems it is important to examine their effects on soil nutrient cycling, 

in particular their interaction with each other. There is a need to understand the impacts of fertiliser 

application (in a variety of forms) on carbon (C), N, and P mineralisation, and interactions between the 

relative availabilities of these elements in soils. A deeper understanding may help in better defining the 

fertiliser rates required to support plant growth without providing excess nutrients, which has economic 

and environmental consequences. This study investigated how the addition of inorganic P affects N 

mineralisation. 

An alternative to inorganic fertilisers is the use of organic by products materials with high nutrient value, 

such as livestock slurry and farmyard manure (FYM), both of which are commonly used as part of farm 

nutrient management practice (Scotti et al., 2015, Liu et al., 2017). The application of organic fertilisers 

enables recycling of valuable nutrients that enhance crop production (Butler et al., 2013, Cervantes et al., 

2013), and reduces reliance on mineral fertilisers that have strong environmental impacts, both through 

their energy-intensive manufacturing, and following their application to soil (Van Grinsven et al., 2012; 

Gaidajis and Kakanis, 2021). Organic fertilisers contain organic materials which can increase SOM and 

nutrient cycling in soil (Edmeades, 2003, Monaco et al., 2008, Chuan-Chuan et al., 2017, Zhang et al., 
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2019). This increase in soil nutrient cycling is a consequence of increased microbial activity – brought 

about by the use of added organic materials as substrate with associated enzyme production to mobilise 

organic nutrient forms (Crecchio et al., 2001). These impacts on microbial activity and enzyme production 

may also influence utilization of native SOM, for example as a consequence of microbial mining of 

nutrients in response to nutrient imbalance of organic fertilisers, or through co-metabolism where 

enzymes produced in response to organic additions also act on components of SOM.  Hence, the addition 

of organic fertilisers affects biological processes in soils, particularly as they contain a diversity of labile 

and more recalcitrant organic compounds (Dickson et al., 1981, Liu et al., 2017). Priming is one such 

biological process, whereby a change in available carbon (C), often considered in the context of plant root 

exudates, causes changes in microbial-mediated SOM mineralisation rates (Kuzyakov et al., 2000). 

However, the addition of an organic fertiliser also causes changes to available C in soils, and hence could 

potentially influence the rate of SOM priming.  

Increased nutrient availability can both increase microbial activity through enzyme production and 

decrease microbial activity in soil as they may not be required as mineralisation nutrients (Cleveland et 

al., 2002, Ilstedt & Singh, 2005, Mehnaz et al., 2019a). This has knock-on effects on a range of soil microbial 

functions and mechanisms, including those involved in nutrient cycling processes such as potential SOM 

mineralisation and priming (Sullivan & Hart, 2013, Chowdhury et al., 2014, Stewart et al., 2015, Fang et 

al., 2020). Previous studies have shown that the magnitude of priming is linked to N availability (Craine et 

al., 2007); however, the effects of P on priming are in comparison unstudied.  

There are several theories and hypotheses in the literature which describe the effect of nutrient 

availability on SOM priming. The activation hypothesis suggests that priming will be maximal when the 

amount of C, N, and P in available forms meets the demand for microbial growth and activity (Hessen et 

al., 2004, Craine et al., 2007, Mehnaz et al., 2019a). However, when nutrient availability is limiting to 

microbial growth and activity, but there is a C-source available, the N mining hypothesis is an alternative 

proposed theory. The N mining theory hypothesis considers that in nutrient-poor but C-rich environments 

such as the rhizosphere, priming is a response of the microbial community to break down SOM for 

essential nutrients such as N (Craine et al., 2007, Murphy et al., 2012, Murphy et al., 2017). When both C 

and N are readily available to the microbial community, usually through root exudates in combination 

with the addition of N-fertiliser, negative priming effects are possible (Blagdatskaya & Kuzaykov, 2008). 

The scenario where these readily available sources of C and N are used (at the expense of SOM 

decomposition) is known as the preferential substrate hypothesis (Blagdatskaya & Kuzaykov, 2008). The 
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effects of N fertiliser management on priming have been researched extensively; however, in terms of P, 

there is still no defined link with priming (Mehnaz et al., 2019a). Some studies have argued that N 

limitation is more important than P limitation for the rate of priming, as N in its organic form is linked with 

C as part of the structure of the macromolecules and therefore C is released concurrently with N, whereas 

P in its organic form does not require the breakdown of a molecular C backbone (Bradley and Fyles, 1995, 

Dijkstra et al., 2013, Boilard et al., 2019). 

How organic fertilisers influence the rate of priming and the mechanisms involved remain largely 

unknown (Kuzyakov et al., 2000, Fontaine et al., 2003, Luo et al., 2016, Fang et al., 2020). Some studies 

have shown that the direction and rate of priming is influenced by the quality and quantity of the C added 

as part of the organic fertiliser (Chowdhry et al., 2014, Wang et al., 2015, Fang et al., 2017,2018a, Liu et 

al., 2017, Fang et al., 2020). The addition of an organic fertiliser such as slurry would be expected to 

increase soil respiration rates through increased microbial activity due to increased decomposition of the 

added organic material (Cui and Holden, 2017). The addition of inorganic fertilisers alters nutrient 

availability and can indirectly affect the soil C balance (through altered rates of SOM formation and 

decomposition); however, the addition of organic fertilisers will directly affect the C balance in soil (Zhang 

et al., 2019). Any changes to the C balance in soil will also impact nutrient availability (Zhang et al., 2019), 

through changes in microbial activity and hence nutrient cycling. Differences in organic and inorganic 

inputs will affect the C:N:P ratio of soil, along with the availability of N and P, and the stoichiometric 

differences in these fertilisation strategies may cause shifts in microbial activity and processes (Xu et al., 

2013, Cleveland and Liptzin 2007, Spohn, 2016).  

One of the main aims of soil research directed toward resource-efficient and sustainable agricultural 

practices is to gain greater knowledge of how biological and human factors, such as nutrient management 

practices, interact to control the release of nutrients from SOM (Boilard et al., 2019). This study aimed to 

build understanding in this research area by examining the effect of P management on plant growth, SOM 

priming, and N mineralisation in a grassland system. It was hypothesised that the addition of P would 

increase plant productivity, N mineralisation and the rate of priming. It was further hypothesised that P 

added in an organic form would increase soil nutrient availability, N mineralisation and the rate of priming. 

These hypotheses were tested using soils from a long-term P field experiment, where mineral fertilisation 

and organic slurry treatments were applied in the field, that were then incubated in a 13C labelling 

chamber under Lolium perenne, a common grass species used in Irish pastures 
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3.2 Methods  

3.2.1 Site and Soil sampling 

The field site used for soil sampling is located at Teagasc Research site, Johnstown Castle, Co. Wexford, 

Ireland, 52o 17’ N, 06o 30’ W (Daly and Casey, 2006). The site was established in February 1995 on a loam-

textured soil, sown as a Lolium perenne monoculture. The sward is still currently a Lolium perenne 

monoculture, and has been previously described (Massey, 2012; Sheil et al., 2016; Randall et al., 2019). 

This site was never grazed, and the grass was cut 8 times a year to a sward height of 5-6cm using a plot 

harvester, to simulate grazing (Massey et al., 2016; Randall et al., 2019). The experiment was originally 

set up as a long-term P trial with each plot receiving 16% superphosphate annually at fertilisation rates of 

0 (P0), 15 (P15), 30 (P30) and 45 (P45) kg P ha−1 yr−1 with 16 plots in total (Sheil et al., 2016; Randall et al., 

2019). Since 2016, all the plots have been split, with a cattle slurry treatment applied annually at a mean 

rate of 37, 432 kg ha−1 yr-1 (Massey et al., 2016). This added another four treatments with fertilisation (via 

slurry) rates of 0 (P0 + slurry), 15 (P15 + slurry), 30 (P30 + slurry) and 45 (P45 + slurry) kg P in cattle slurry 

ha−1 yr−1. This generated 32 plots (5m x 1m) containing 8 treatments, and 4 replicates were available for 

each treatment. For the purpose of this study, only the P0 and P45 treatments were selected from both 

the inorganic and organic P sources (P0, P0 + slurry, P45, P45 + slurry). These treatments were selected in 

order to examine the effect of high and low P, as well as slurry addition. Soils were sampled (March 2019) 

using a soil corer to a depth of 10 cm; six intact cores were taken in the shape of a W across each replicated 

plot. Cores from each replicated treatment plot were placed into a plastic bag, homogenised into 

composite samples for each plot and stored at 4°C prior to experimental work.  

3.2.2 Pot and 13CO2 labelling tank set up, and measurements 

Soils were sieved to 2mm and water holding capacity (WHC) was determined prior to the packing of pots. 

WHC was then maintained at 65% throughout the experiment. Soils were packed in pots (1500g wet 

weight of the soil) at a dry bulk density of 0.9g cm3. The pots used in this experiment were 2L in size, 

measuring 110mm x 110mm x 200mm (l x b x h). The bottom of each pot was covered with a PVC mesh 

(1mm) to prevent soil loss. In the center of each pot a gas sampling chamber (210ml headspace with a gas 

inlet and outlet port, controlled by a tap) was inserted to a depth of 2cm into the soil. The gas sampling 

chamber was stabilised using four glass rods inserted into the soil, secured with an elastic band wrapped 

around the chamber above soil level (Murphy et al., 2017). 
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Pots were placed in a randomised design within a Perspex labelling chamber within a controlled growth 

room (Conviron, Winnipeg, Canada) (Paterson et al., 2005, 2006, Murphy et al., 2017). The pots were kept 

in the labelling chamber for two weeks before the first sampling to allow time for seedling establishment 

and to adjust to the environmental conditions. During this time, WHC was maintained with additions of 

deionised water. The conditions in the growth room and labelling chamber were as follows: the room was 

set to have a 16-hour day (light hours at a light density of 420umol m-2 s-1 photon flux density) and 8-

hour night (dark hours). This was applied so that the hours of darkness occurred during the working day 

in order to be able to carry out sampling and to water the pots, with no disturbance to the δ13C values of 

the labelling chamber during the photoperiod. The growth room temperature during light hours was set 

at 5°C in order to have a temperature of 21°C in the labelling chamber; during dark hours the temperature 

was set at 18°C so that the temperature in the tank was 18°C.   

From the day of sowing to harvest at the end of the experiment, the labelling chamber was flushed with 

CO2-free air at 10L min-1, CO2 with a δ13C value of -29.2 at 4.2ml min-1 and 13CO2 (99At%) at 0.086ml min-

1. This ensured a concentration of approximately 400umol mol-1 of CO2 and a δ13C value of 1376‰, giving 

an At% of 2.6 13C enrichment. Flows were controlled using Mass Flow Controllers (Flotech Solutions, 

Stockport, UK). The delta value and CO2 level were checked regularly throughout the experiment using an 

isotopic gas bench (details below) and EGM-4 infrared gas analyser (EGM-4, PP-Systems, Amesbury, USA).  

The four treatments (P0, P0 + slurry, P45, P45 + slurry) were also divided into two groups (planted and 

unplanted). For planted pots, grass seeds were sown around the headspace chamber in each pot to ensure 

that only soil and root respiration were measured. The seeds used were Lolium perenne C.V. Kent, planted 

to a density of 31.6 g m−2. Gas sampling started two weeks after the grass seeds were sown. Pots were 

watered at 0800, two and a half hours before sampling. For gas sampling, chambers were first flushed 

with CO2-free air for 5 minutes until a value of less than 5ppm CO2 was recorded. The pots were then 

placed back into the labelling tank for 1 hour. Thereafter, a 20ml gas sample was taken from the gas 

sampling chamber. Approximately 8ml of this sample was injected into the EGM-4 and CO2 concentration 

recorded. The remainder of the sample was injected into an N2 flush-filled 12 mL gas vial (Labco) and 

analysed for 13C–CO2 (details below). Sampling took place once a week for five weeks.  

Gas samples were analysed using an isotopic gas bench system. The 12C:13C ratio of CO2 in the sample were 

analysed using a gas bench II connected to a Delta plus Advantage isotope ratio mass spectrometer (both, 

Thermo Finnigan, Bremen, Germany). Before analysis of a sample, reference materials NBS19 and USGS44 
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with the addition of 2M HCl were used as a reference measure of CO2. This allowed for normalising to the 

VPDB scale. Repeated measurements of these quality control standards measured the precision of the gas 

bench for analysing δ13C of CO2 at ± 0.24 ‰ (± SD of the mean). 

At the end of the gas sampling period pots were harvested. Soil was collected from the pots and used for 

soil nutrient analysis such as total C, N, and OM etc. The shoots and roots were also harvested, dried and 

weighed. Before harvesting the roots were washed. Roots and shoots were also analysed for their nutrient 

contents. 

3.2.3 Calculation of root-derived, soil organic matter-derived respiration and Priming 

3.2.3.1 Root-derived respiration  

Root respiration was calculated by isotopic mass balance as in equation 1 below. Briefly, the delta value 

(δ) describes the ratio of 12C to 13C in a given sample. δ13C sample represents the planted pot and the δ

13C control represents the unplanted pots. The δ13C root represents the δ values found in the milled root 

sample.  

Equation 1 

Root respiration = (δ13C sample − δ13C control)/ (δ13C root − δ13C control) 

3.2.3.2 Soil organic matter-derived respiration  

SOM-derived respiration was calculated (equation 2) by subtracting the root-derived respiration from the 

total CO2 respiration.  

Equation 2 

SOM respiration = Total respiration – root respiration  

3.2.3.3 Priming  

The rhizosphere priming effect is calculated as the rate of SOM-derived respiration from planted pots, 

minus the SOM mineralisation in unplanted pots (equation 3).  

Equation 3 

Priming = SOM-derived respiration of the planted pot – SOM-derived respiration of the corresponding 

fallow pot  
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Priming is represented as ug C g-1 dry soil day-1.  

It is important to note that the C source from the slurry addition had the same 13C signature as the native 

SOM, and the SOM and slurry respiration sources could not be distinguished from each other and only 

the combination of both from the root-derived respiration flux were measured.  

3.2.4 Seven-day anaerobic incubation – Potential nitrogen mineralisation measurement 

Soil was dried in an oven at 40°C for three days. Five g of soil was weighed into separate screw-cap glass 

test tubes, labelled ‘tube 1’, and ‘tube 2’. The ‘tube 1’ samples were extracted with 25ml 2M KCl and 

12.5ml dH2O on day 0, these are referred to as day zero samples. To ‘tube 2’, only 12.5ml of dH2O were 

added. The ‘tube 2’ samples were then placed in an incubator at 40°C for 7 days. After 7 days, the soil was 

extracted using 25ml 2M KCl, these are referred to as the day 7 samples. Samples were analysed for 

inorganic N (NO2–N, NO3–N, and NH4–N) using an Aquakem 600A (Aquakem 600A, 01621, Vantaa, 

Finland). The N that was mineralised was calculated as the NH4–N on day 7 minus the NH4–N on day zero 

(Mc Donald et al., 2014, Keeney and Bremmer 1966, Schonberg et al., 2009). 

3.2.5 Microbial biomass extraction carbon, nitrogen, and phosphorus 

Microbial biomass C, N, and P were determined using chloroform fumigation-extraction on fresh soil 

samples (Brookes et al., 1982; Brookes et al., 1985; Vance et al., 1987). For microbial biomass C and N, 10 

g fresh soil was weighed in two sets, fumigated (F) and non-fumigated (NF). The F samples were placed 

into a desiccator with 50 ml chloroform for 24 hours under vacuum. Both F and NF samples were extracted 

using 40 ml 0.5 M K2SO4. Total organic C and total N were measured from the extracts on a Shimadzu, 

TOC-UCPH analyser with ASIV auto sampler. Microbial biomass C and N were calculated by subtracting 

values obtained from the NF sample from the corresponding F sample. The result was then divided by set 

conversion factors of 0.45 for microbial biomass C and 0.54 for microbial biomass N (Brookes et al., 1985; 

Vance et al., 1987). For microbial biomass P, 2 g of soil was weighed in three sets: F, NF, and a correction 

sample (CS). Fumigation method for the P sample was the same as C and N. The F and NF samples were 

extracted with 39 ml of 0.5 M NAHCO3 (pH 8.5) and 1 ml of dH2O. The CS samples were extracted with 39 

ml of 0.5 M NAHCO3 (pH 8.5) and 1 ml of 250 ug P ml-1 of a P stock solution KH2PO4. After extraction, the 

pH of all samples was adjusted to approximately 6.1 using 3 ml of 10% HCL solution (Massey, 2012). 

Microbial biomass P was calculated by subtracting values obtained for the NF sample from the 

corresponding F sample. This value was also adjusted using a conversion factor, 0.4 (Brookes et al., 1982; 

Massey 2012).  
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3.2.6 Mineral soil nitrogen  

20 g fresh weight of soil was weighed into a plastic tube and 50ml of 2M KCl was added. The tube was 

placed on a shaker for one hour at 150rpm. After shaking, the tubes were left to settle on the lab bench 

before being filtered through Whatmann no.2 filter paper. Samples were analysed for inorganic N (NO2–

N, NO3–N, and NH4–N) using an Aquakem 600A (Aquakem 600A, 01621, Vantaa, Finland). 

3.2.7 Soil nutrient analyses 

Soil nutrient analysis for total C and total N, available P and K measured as Morgan’s test, organic matter 

content and soil pH were measured as in Chapter 2 section 2.2.5. 

3.2.8 Statistical analyses  

Data analysis was performed in R Studio 4.2.0 (R Core Team, 2021). Statistical significance was determined 

at p<0.05. Prior to analyses the Shapiro-Wilk’s and Levene’s tests were used to assess normality and 

homogeneity of variance. When data was found to be normally distributed and homogenous, one-way 

ANOVA was used to determine significant differences and Tukey’s HSD post-hoc test was used for 

analysing pairwise differences (p<0.05). Data that was found not to be normally distributed was 

transformed via log or square root. In the case where data was still not normally distributed, a Kruskal-

Wallis test was used and a dunn-test for the pairwise comparison, with p-values adjusted using the 

Benjamin-Hocberg method.  

3.3 Results  

3.3.1 Plant biomass, root-shoot partitioning and tissue nutrient content  

The results expressed here represent plant material harvested on the final day of the experiment. At the 

end of the experiment there was a higher root biomass in the higher P treatments (i.e., P45 and P45 + 

slurry). The P45 + slurry treatment had the highest average root biomass (Table 3.1). There were 

significant differences in root biomass between treatments. P45 + slurry was significantly higher than all 

other treatments, P45 was significantly higher than the two lower P treatments (P0 and P0 +slurry), (p 

values <0.01). There was no statistically significant difference between P0 and P0 + slurry. This trend was 

also seen in the shoots, the shoot biomass was higher in the higher P treatments than the lower P 

treatments. P45 had the highest shoot biomass on average (Table 3.2). The shoot biomass in the P45 and 

P45 + slurry treatments were significantly higher than the two lower treatments (p<0.0001). There was 



 
68 

 

no statistically significant difference between P45 and P45 +slurry. P0 + slurry was also significantly higher 

than the P0 treatment (p<0.0001).  

There was a lower shoot-to-root ratio in the P45 + slurry treatment than in the P45 treatment (Table 3.1 

& 3.2). This trend was also seen in the P0 and P0 + slurry treatments. The P45 slurry and P0 slurry 

treatments had a lower shoot-to-root ratio than treatments receiving chemical application or no 

application of P.  

There was a higher N concentration in the roots of the plants given lower P treatments (P0 and P0 + slurry) 

and a higher P content in the roots of the plants that received higher P treatments (Table 3.1). In shoots, 

there was also a higher N content with the lower P treatments (Table 3.2).  On the day of harvest, the 

plants given the P45 and P45 slurry treatments had symptoms of N deficiency (i.e., yellowing of the 

leaves). 

Table 3.1: Root nutrient data, taken on the final day 42 of the experiment. Figures shown here are the average (n=4). 
Standard error measures are inside the parentheses. Data is missing from the P0 treatment as there was not enough root 

material to carry out all analyses. 

Treatment Biomass (g) C % N % P% K% S% 

P0 0.45 
(±0.03) 

 

36.35 
(±4.01) 

1.81 
(±0.15) 

- - - 

P45 2.64 
(±0.65) 

35.75 
(±1.85) 

0.88 
(±0.03) 

0.21 
(±0.01) 

0.75 
(±0.03) 

0.11 
(±0.00) 

P0 slurry 0.99 
(±0.42) 

36.80 
(±1.25) 

1.52 
(±0.04) 

0.13 
(±0.00) 

1.20 
(±0.02) 

0.14 
(±0.00) 

P45 slurry  3.44 
(±0.46) 

30.35 
(±2.04) 

0.84 
(±0.03) 

0.18 
(±0.01) 

0.68 
(±0.02) 

0.11 
(±0.00) 

 

Table 3.2: Shoot nutrient data, taken on the final day 42 of the experiment. Figures shown here are the average (n=4). 
Standard error measures are inside the parentheses. 

Treatment Biomass (g) C % N % P% K% S% 

P0 0.86 
(±0.05) 

41.55 
(±0.15) 

3.65 
(±0.10) 

0.10 
(±0.00) 

2.81 
(±0.10) 

0.29 
(±0.01) 

P45 3.62 
(±0.66) 

42.33 
(±0.13) 

0.94 
(±0.01) 

0.22 
(±0.00) 

0.50 
(±0.01) 

0.14 
(±0.00) 

P0 slurry 1.55 
(±0.02) 

42.28 
(±0.23) 

2.84 
(±0.05) 

0.11 
(±0.00) 

2.39 
(±0.06) 

0.23 
(±0.00) 

P45 slurry  3.57 
(±0.53) 

41.98 
(±0.20) 

1.08 
(±0.02) 

0.23 
(±0.00) 

0.44 
(±0.01) 

0.17 
(±0.00) 
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3.3.2 Soil properties in planted and unplanted treatments 

There was a trend in the absolute values for soil organic matter content to be higher in the lower P 

treatments than in the higher P treatments in the planted pots (Table 3.3); however, these differences in 

organic matter content between the treatments and pot types (planted vs unplanted) were not significant. 

Interestingly, the trend in the absolute values in soil C content tended to be higher in the higher P 

treatments than in lower P treatments in the planted pots, although this difference was not statistically 

significant. There was no statistically significant difference in total N (TN) concentrations in the planted 

and unplanted pots (Tables 3.3 and 3.4). Available P (PM) was highest in the P45 treatment, and was lower 

as per the set treatments in the P0 and P0 + slurry treatments. There were significant differences in PM 

between all treatment combinations (p<0.001), except between the available P in the P0 and the P0 + 

slurry treatment (Table 3.3).  

Table 3.3: Planted pots total soil nutrient data, as measured on the final day of experiment when the pots were harvested. 
Figures shown here are averages (n= 4) with ± standard errors. 

Planted pot 
Treatment 

Organic 
matter 

% 

Total C 
ug g-1 

Total N 
ug g-1 

Available N 
as NO3-N 
(mg kg−1) 

7-day 
Mineralised N 

(NH4 g-1 dry soil) 

Available P 
mg Kg-1 

Available K 
mg Kg-1 

pH 

P0 9.03 
(±0.05) 

327.5 
(±11.06) 

29.0 
(±1.08) 

32.05 
(±6.82) 

141.69 
(±8.49) 

2.15 
(±0.06) 

88.13 
(±7.66) 

6.06 
(±0.03) 

P45 8.85 
(±0.17) 

352.3 
(±15.13) 

30.5 
(±1.50) 

1.66 
(±0.13) 

134.70 
 (±2.03) 

8.96 
(±0.08) 

31.53 
(±0.43) 

6.39 
(±0.02) 

P0 slurry 9.13 
(±0.25) 

328.5 
(±14.67) 

28.8 
(±1.49) 

2.63 
(±0.15) 

159.96 
(±4.42) 

2.44 
(±0.04) 

53.33 
(±2.65) 

6.41 
(±0.02) 

P45 slurry 8.73 
(±0.05) 

335.5 
(±8.09) 

28.8 
(±0.75) 

1.27 
(±0.12) 

152.00 
(±5.40) 

7.95 
(±0.12) 

38.18 
(±4.57) 

6.49 
(±0.02) 

In the unplanted pots, the absolute value of organic matter content was highest in the P0 + slurry 

unplanted pot (Table 3.4). Organic matter content between the rest of the unplanted treatments was not 

statistically different. The absolute value of total C content was highest in the P45 + slurry unplanted pot. 

Total N contents were not statistically different between all treatments in the unplanted pots. The 

absolute average potential N mineralised was highest in the P0 unplanted pot, this absolute value was 

higher than that in all planted pots.  
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Table 3.4: Unplanted pots total soil nutrient contents, as measured on the final day of the experiments when the pots were 
harvested. Figures shown here are averages (n= 4) with ± standard errors. 

Unplanted pot 
Treatment 

Organic 
matter 

% 

Total C 
ug g-1 

Total N 
ug g-1 

Available N 
as NO3-N 
mg Kg-1 

Mineralised N 
(NH4 g-1 dry soil) 

Available P 
mg Kg-1 

Available K 
mg Kg-1 

pH 

P0 8.85 
(±0.13) 

347.75 
(±21.82) 

31.00 
(±2.08) 

67.37 
(±0.05) 

168.22 
(±5.75) 

2.30 
(±0.03) 

94.88 
(±1.41) 

5.98 
(±0.03) 

P45 8.83 
(±0.05) 

341.25 
(±21.31) 

30.00 
(±2.27) 

64.56 
(±4.56) 

138.85 
(±2.40) 

10.04 
(±0.10) 

44.05 
(±3.35) 

6.11 
(±0.01) 

P0 slurry 9.30 
(±0.23) 

332.25 
(±11.47) 

30.00 
(±1.08) 

75.17 
(±3.70) 

155.74 
(±13.61) 

2.51 
(±0.03) 

78.00 
(±4.63) 

6.07 
(±0.02) 

P45 slurry 8.60 
(±0.23) 

351.50 
(±16.08) 

31.25 
(±1.55) 

75.53 
(±17.71) 

145.36 
(±3.26) 

8.99 
(±0.21) 

44.53 
(±3.17) 

6.22 
(±0.01) 

 

3.3.3 Soil nitrogen availability and potential nitrogen mineralisation 

The available N concentration was higher in the unplanted pots than in the planted pots (Table 3.4). The 

slurry treatments had a higher available N concentration than the P45 and P0 treatments in the unplanted 

pots. In the unplanted pots, P45 + slurry and P0 + slurry had a significantly higher NO3 concentrations than 

the P45 and P0 unplanted treatment (p <0.001). However, in the planted pots P0 had a significantly higher 

available nitrate concentration than any of the other treatments (p<0.007). There was very little available 

N left in the other three treatments at the end of the experiment. Plants in these three treatments were 

larger than the plants in the P0 treatment, and hence may have used the available N. P0 + slurry in the 

planted pots also had a significantly higher NO3 concentration than the P45 and the P45 + slurry planted 

treatment (p<0.04).  

Potential N mineralisation varied with treatment and pot type (planted vs unplanted) (Figure 3.1). 

Measured using the seven-day anaerobic incubation method, N mineralisation potential was significantly 

affected by treatment (p =0.0237). A significant result (p =0.0115) was also found with mineralisation and 

the availability of P in the soil (p =0.0115), measured using the P Morgan’s method. The P0 unplanted 

treatment had the highest absolute potential N mineralisation (Table 3.4). In the planted pots there was 

a significant effect of slurry addition on potential N mineralisation (p =0.0063). The P0 + slurry treatment 

had the highest mean potential N mineralisation in the planted pots (Table 3.3). There was a significantly 

higher N mineralisation potential in the P0 + slurry planted treatment than the P45 planted treatment 

(p=0.03).  
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Figure 3.1: Nitrogen mineralisation potential measured between eight different treatments (NH4
- g-1 dry soil), n=4. Both 

planted and unplanted pots are represented in this graph. 

 

3.3.4 Soil microbial biomass carbon, nitrogen, and phosphorus 

There were no significant differences in microbial biomass C (MBC) across all treatments, or between the 

planted and unplanted pots. However, there was a significant difference (p< 0.05) between treatments 

found for microbial biomass N (MBN) and P (MBP). Results from ANOVA analysis showed there was no 

significant effect of microbial biomass C, N and P on potential N mineralisation. Microbial biomass P (MBP) 

was significantly lower in the P45 planted treatment than all other treatments (p<0.01). In the unplanted 

pots, MBP in the P0 treatment was significantly higher than in P45 and the P45 + slurry treatments 

(p<0.01). Microbial biomass N was lowest in the P45 unplanted treatment, and highest in the P45 + slurry 

treatment in the planted pots. Microbial biomass N was higher in the planted pots than in the unplanted 

pots for all treatments, except the P0+ slurry where MBN was not significantly different between the 

planted and unplanted pots. P45 + slurry in the planted pots had a significantly higher MBN (p<0.01) than 

the P0 + slurry planted pots. The P0 treatment had the highest microbial biomass N in the unplanted pots; 

however, there were no significant differences in MBN between treatments across the unplanted pots 

(Figure 3.2).  
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Figure 3.2: Microbial biomass (ug g-1 dry soil) carbon (MBC), nitrogen (MBN), and phosphorus (MBP) between the treatments 
in both planted and unplanted pots. Colours distinguish the different microbial biomass groups. 

 

3.3.5 Soil organic matter-derived respiration  

There was a significantly higher rate of total CO2 respiration in the planted then unplanted treatments 

(p<0.001). Over the course of the experiment CO2 respiration increased by an average of 67% in the planted 

pots; and increased by 62% in the P45 treatment, 63% in the P45 + slurry treatment, 59% in the P0, and 

67% in the P0 + slurry treatment (Figure 3.3). In the planted pots, there were significant differences in CO2 

between the high and low P treatments (p<0.001). On day 35, only the P0 treatment was significantly 

different from the other treatments. On the final day of sampling (day 42), only the P0-P45, and P0- P0 + 

slurry treatments were significantly different. 
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Figure 3.3: Total CO2 efflux (ppm g-1 dry soil hour-1) for the duration of the experiment. Colours represent planted or 
unplanted pots.  

 

SOM-derived CO2-C is a measure of the decomposition rate of non-plant sources throughout the 

experiment. Overall, there was a significant effect of treatment (p<0.04) and sampling time point (p<0.01) 

on the SOM decomposition rate. The greatest amount of SOM-derived CO2-C for almost all treatments in 

the unplanted pots occurred in the middle of the experiment, day 28. This was also true for the P0 and P0 

+ slurry planted pots which were also at their peak on day 28 (Figure 3.4). However, the planted pots for 

the P45 and P45 + slurry treatments reached their peak one week earlier on day 21 (Figure 3.4). Sampling 

time points had significantly different (p<0.01) values from each other; these varied from increases in 

SOM-derived C to decreases in SOM-derived C over time. In the unplanted pots the rate of SOM-derived 

C remained similar throughout the experiment in both of the slurry treatments. However, the unplanted 

pots in the P45 and P0 treatment were variable, with a significant decrease in SOM-derived C in the P45 

unplanted pot on day 42 (p <0.01). In the P45 planted pots, SOM-derived C decreased over time (Figure3. 

4). A similar trend was seen in the P45 + slurry treatment, with a significant (p<0.01) decrease in SOM-

derived CO2 efflux at the end of the experiment, day 42. 

In all treatments there were significant differences in SOM decomposition between planted and 

unplanted pots, which varied in magnitude over the course of the experiment (p<0.0001). There was 
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significantly less SOM-derived CO2 efflux in the P45 +slurry planted pot, relative to the P45 + slurry 

unplanted pot (p<0.0001). There was also significantly less SOM-derived CO2 efflux from the P45 + slurry 

planted pots than from the P0 planted pots (p<0.0001). In the P45 treatment there was significantly less 

SOM-derived CO2 efflux in the unplanted pots than in the planted pots (p<0.0001). There was a significant 

difference in the SOM-derived C between P0 planted and P45 planted over time (p<0.0001). 

Overall, when the data from SOM-derived CO2 for both planted and unplanted systems were analysed 

separately, there was a significant effect of slurry addition in both the planted (p<0.03) and unplanted 

pots (p<0.04). Only on sampling days 21 and 28 was there no effect of either P or slurry addition. On day 

14 there was a significant effect of slurry addition in the lower P treatments (p<0.01). On day 35 there 

was a significant difference between the higher and low P treatments (p<0.02). On the final day (day 42) 

of sampling both slurry addition and P were significant (p<0.01). 

 

Figure 3.4: Total soil organic matter-derived CO2-C (ug C g-1 dry soil hour-1) for the duration of the experiment. Treatments 
are highlighted with colour, and both planted and unplanted pots are represented in this graph (n=4). 

 

The specific activity of the microbial biomass was measured to assess how active the community was in 

decomposing SOM (i.e., SOM mineralisation per unit microbial biomass C). There was no significant 

difference in MBC between the treatments; however, there were significant differences in SOM-derived 

C (p<0.01). Pot type (planted vs unplanted pots) has a significant effect of on the specific activity of the 
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MBC (p<0.05). The unplanted pots had higher absolute SOM-mineralisation activity than the planted pots 

in all treatments except P45 (Figure 3.5). In the planted pots, P45 had the highest absolute MBC-specific 

activity, but in the unplanted pots it had the lowest.  

 

 

Figure 3.5: Specific activity of microbial biomass carbon. Measured as the SOM-derived carbon divided by the microbial 
biomass carbon for each treatment. The measurements represented here are from day 42 the final sampling point of the 

experiment.  

 

3.3.6 Priming  

P treatment significantly affected the magnitude (and direction) of SOM priming (p =0.03), and both 

positive and negative priming responses were evident. On day 14 of the experiment, the P treatments 

were not significantly different from one another. Midway in this experiment, days 21-35, differences 

between treatments started were evident (Figure 3.6). On day 35, SOM mineralisation was significantly 

less (p<0.05) for the P45 + slurry treatment compared to all other treatments, including unplanted 

controls (i.e., exhibiting negative priming). On the final day of sampling, day 42, SOM mineralisation from 

the P45 + slurry treatment was still significantly lower than all other treatments (p<0.05). Also, on the final 

day of sampling, P45 was significantly higher than all other treatments (p<0.05). When looking at the 

effect of slurry addition (i.e., treatments that received slurry vs treatments that did not), there was a 
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significant effect of slurry addition on the rate of priming (p=0.03). However, there was no significant 

effect of priming on potential N mineralisation measured at the end to the experiment (p =0.06).  

 

 

Figure 3.6: Total primed soil organic matter carbon CO2-C (ug C g-1 dry soil hour-1) for the duration of the experiment. Shapes 
represent treatment. Error bars represent standard error (n=4). 

 

3.4 Discussion 

This experiment aimed to determine whether there was an effect of soil phosphorus, achieved by varying 

the levels of added P fertiliser (chemical and organic), from a long-term P trial, on N mineralisation 

potential and the rate of priming. Both N and P are essential nutrients for plant and microbial activity, and 

hence when one is in excess, or limiting, it is important to examine the effect of this on microbially-

mediated processes of SOM mineralisation and priming, as well as on plant growth. Four phosphorus 

treatments were selected for this study two high level P treatments, one with a chemical P addition and 

one with slurry; and two low P treatments, one with no P addition, and the other with a small slurry P top 

up. Root and SOM -derived respiration measurements were taken over a five-week period in order to non-

destructively quantify the priming effect over the course of the experiment. Bulk soil samples were taken 



 
77 

 

at the end of the experiment to determine if there were any effects of treatments on microbial biomass, 

soil nutrient status and potential N mineralisation.  

3.4.1 Plant growth was affected by soil phosphorus addition  

The response of the plant-to-soil P treatment was evident in both the root and shoot biomass. As 

expected, plant biomass responded to the nutrient status of the soil and the treatments with a higher 

available P had significantly more biomass on day 42 compared with the treatments with lower available 

P. The effect of the P treatments was also seen in the root-to-shoot ratios. The soils with less P had a 

higher root-to-shoot ratio compared to the treatments receiving more P.  

The effect on plant growth over the course of the experiment can also be seen in the nutrient analyses of 

the plant material. The plants with the highest P concentration comprised the higher P treatments, as 

expected. However, the plants in the higher P45 and P45 + slurry treatments had lower N concentrations 

in their shoot and root material than the lower P treatments (Table 3.1 and 3.2). This suggests that, 

although these plants had higher nutrient availability over the course of the experiment, by the end of the 

experiment they have consumed more N to produce a large plant biomass and available N was beginning 

to run out. Towards the end of the experiment the P45 and P45 slurry plants had yellowing of the older 

leaves which is indicative of plant N deficiency. 

3.4.2 Nitrogen mineralisation potential is impacted by phosphorus addition  

The first hypothesis that N mineralisation potential would be higher when nutrient availability of P was 

higher was rejected as there was a significant negative effect of increasing soil P on N mineralisation 

potential. The treatments which received less P, and therefore had lower soil P, had a higher N 

mineralisation potential. This was particularly evident in the unplanted system where the treatments 

receiving less P significantly increased N mineralisation potential, but it was also evident in the planted 

system where P0 slurry had significantly higher N mineralisation potential than P45. The results of this 

study indicate that a soil’s N mineralisation potential was affected by soil P status. Similarly, Akbari et al. 

(2020) found that a buildup of P in a calcareous soil with high P fertiliser addition every year reduced N 

mineralisation from crop residue. A similar trend was seen in this study, where repeated P application, 

and hence a build-up of soil P (measured as part of this experiment, see Table 3.3 and 3.4), reduced N 

mineralisation potential. However, the relationship between the N and P cycles is complex. The reduction 

in N mineralisation potential with increased P addition could be caused by a shift in the microbial 

community structure and functioning with increased P availability. Other studies have noted a change in 
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microbial community and activity with P additions (Cleveland et al., 2002; Raiesi and Ghollarata, 2006). 

Although microbial community structure was not measured as part of this experiment, a change in 

microbial community composition, for example a shift in the abundance of N cycling genera and/or 

microbial activity via increased enzymatic activity, is one possible explanation for the variation seen here 

in N mineralisation potential. A previous study carried out on this site by Randall et al. (2019) found that 

the fungal community changed with increased P addition. If this was also affecting potential N 

mineralisation at this site further analysis of the soil microbial community would be required.  

Although overall (i.e., all treatments, including unplanted controls) there was no significant effect of slurry 

addition on potential N mineralisation, there was a significant effect of slurry addition in planted systems. 

Particularly in the planted treatments that received a higher P addition, slurry addition increased N 

mineralisation potential measured at the end of the experiment. However, the planted P0 + slurry 

treatment also had higher N mineralisation potential than the P45 treatment, suggesting that in the 

planted system a slurry addition could be an important determining factor in N mineralisation potential.  

Slurry contains a diverse mixture of organic nutrient compounds, including sources of labile C. The 

increased availability of labile C sources in the slurry-treated, planted pots is one possible explanation for 

the increase in N mineralisation potential seen in this study. As microbes are often C limited (Schimel and 

Bennett, 2004) the C sources in organic fertilisers, such as the slurry used in this experiment, could 

potentially stimulate microbial activity, mineralisation, and increase nutrient cycling in soil (Lazcano et al., 

2013; Ling et al., 2016).  

3.4.3 Soil organic matter-derived carbon in soil CO2 efflux is not only altered by the presence of a plant, 
but also by organic phosphorus addition 

The unplanted systems in this experiment showed no effect of differing P treatments, or application type, 

on the rate of SOM decomposition. In the unplanted pots, although the rate varied between sampling 

time points within treatments there was no significant difference between the treatments. However, 

when examining specific microbial biomass activity (i.e., the rate of SOM decomposition per unit microbial 

biomass), the P45 slurry treatment increased the specific activity on day 42. This suggests that although 

there was not a significant difference in the decomposition rate overall, there was potentially an effect 

on the allocation of resources in the unplanted system (slurry treatment may be increasing soil biomass 

P) produced during the decomposition process. The unplanted systems had a higher specific microbial 

SOM-mineralising activity compared to the planted system. This could be due to the increased need in 

the unplanted pots to mine the SOM for C or other nutrients. This might also explain why N mineralisation 
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potential was higher in the unplanted pots. However, measuring SOM-derived CO2 efflux this does not 

include microbial processing of root exudates (i.e., with a plant-derived 13C signature). As microbial 

biomass size was not significantly affected by the presence of a plant, less SOM would be needed to 

maintain the microbial biomass size when there was co-utilisation of root exudates. This result suggests 

that part of the microbial activity during the course of the experiment was supported by the plant through 

root exudation use, but this was not associated with increased activity in mineralisation of SOM (positive 

priming), rather root exudates were used in preference to SOM (preferential substrate use, negative 

priming).  

Previous studies have shown that the addition of an organic fertiliser such as slurry increases soil 

respiration (Cui and Holden, 2017, Sorensen, 1998). In this experiment the total respiration rate was not 

significantly different between the P45 and P45 slurry treatment. However, slurry was applied in the field 

and not directly to the pots themselves, and slurry mineralisation prior to sampling, or during soil 

preparation, was not captured in the experiment. Another factor was that, when soil samples were taken 

in March 2019, Ireland was experiencing dry weather conditions and as such the slurry applied may not 

have had time to incorporate fully at that time. However, it has been reported that regular application of 

slurry, such as occurred in soils used in this experiment, results in 34-38% of fresh slurry C remaining in 

soil for 12 weeks or more after decomposition (Sorensen, 1998). This is important to note for this 

experiment as when measuring SOM derived C there was no isotopic label to distinguish between SOM-C 

and slurry-C. Therefore, the measure of SOM-C reported here would also include the decomposition of 

slurry-derived C sources.  

The addition of slurry had a significant effect on SOM mineralisation in planted systems. Particularly 

towards the end of the experiment, the P45 + slurry treatment had a lower decomposition rate than all 

other treatments. The P45 + slurry treatment, which received the most slurry addition of any of the 

treatments had a significantly lower SOM decomposition rate over the course of the experiment than the 

P45 treatment. This highlights that the type of fertiliser application is important when considering the 

amount of C in SOM that is being broken down. Despite both P45 and P45 +slurry treatments being 

nutrient rich, there is a clear distinction in SOM decomposition rate; on each sampling day except day 35 

the SOM decomposition rate was higher in the P45 + slurry treatment. This may suggest that the P45 

treatment is mining SOM for other nutrients that both plant and microbial community may be limited in, 

as the plant continued to grow. In particular N may be limiting, as available soil N in the P45 treatment on 

day 42 was depleted (see Table 3.3 for soil nutrient results in the planted pots). Nutrient availability has 
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been shown to affect decomposition rates in other studies (Kuzakov 2010; Dijkstra et al., 2013; Murphy 

et al., 2017). If all freely-available nutrients have been used previously by the plant or immobilised into 

microbial biomass, this may promote mineralisation of SOM stocks to mobilise limiting nutrients. This 

phenomenon has been observed and is termed as the microbial N mining hypothesis (Craine et al., 2007, 

Moorhead & Sinsabaugh, 2006). The microbial N mining hypothesis considers that when N is limiting, 

microbes use labile C sources, such as plant root exudates, to provide energy required to decompose 

organic N sources in SOM (Craine et al., 2007, Moorhead & Sinsabaugh, 2006). Although the P45 

treatment is nutrient rich, there is no source of slow released nutrients outside of the SOM pool. Even 

though the plants in the P45 treatment had more nutrient supply throughout, it seems these nutrients 

had been exhausted by the end of the experiment, as is seen in the low concentration of N in the plant 

material at final measurement (Table 3.1 and 3.2). In contrast, slurry treatments at higher P application 

seem to be satisfying the needs of the plants and microbial community more effectively than the mineral 

fertiliser P application, and hence SOM decomposition rates are lower.  

3.4.4 Phosphorus treatment affects the rate and direction of SOM priming 

Continuous 13C-labelling was used to quantify and partition CO2 efflux from plant and soil derived sources, 

and hence calculate the rate of priming as described in Paterson et al. (2007) and more recently by Murphy 

et al. (2017). The rhizosphere priming effect was impacted by both P treatment applied to the soil (i.e., P0 

or P45), and the type of application (i.e., inorganic or organic fertiliser). The primed response was larger 

in the P treatments with more P (P45 and P45 slurry) compared with the treatments with less P (P0 and 

P0 slurry). This could be due in part to the size of the root system, as in this study the P0 treatments had 

a smaller root biomass than the P45 treatments. As the plants themselves were smaller in the P0 

treatments, perhaps their demand for nutrients was also lower meaning they were less likely to mine SOM 

for their N requirement. On the other hand, it could also be that the P0 treatment is highly P limited and 

so there is less demand for N, but when P is abundant then N becomes limiting. There is a higher 

stoichiometric demand on the soils with a higher amount of P and therefore there is a larger response of 

the soil microbial community to balance out the C: N: P ratios (Griffiths et al., 2012). It has also been 

suggested that in P-limited systems such as the P0 treatments found in this study, it may be difficult to 

observe the potential primed response of the system. This is because organic P is broken down by 

hydrolysis and hence is not oxidised releasing CO2 (Dijkstra et al., 2013) and McGill and Cole 1981. 

The second element which is affecting the rate of priming is the type of P addition. The addition of a 

chemical P fertiliser resulted in a significant positive, plant-mediated priming effect. This is where root 
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exudates are being used to break down SOM. On the other hand, when P is added in an organic slurry 

form, the end result was negative priming where there was reduced breakdown of the SOM. For negative 

priming, soil microbes are considered to be using a more readily available C source in preference to SOM. 

In this experiment this readily available C source could be coming from either the plant, or alternatively 

from the C sources found within slurry itself. However, if this was the case the use of slurry C would still 

be measured as priming as the slurry and SOM-derived C have the same isotopic signature, so this is 

unlikely to be the case. Negative priming is normally found in systems were nutrients such as N, and P, as 

well as C are abundant (Kuzyakov and Bol, 2006; Murphy et al., 2017). The addition of slurry could be 

creating the conditions that would satisfy the preferential substrate hypothesis. This is because the 

addition of a rich nutrient source to soils when nutrient availability is high causes a negative priming 

response as microbes switch from decomposing recalcitrant SOM C sources to using the more freely 

available labile C source (root exudates) as their primary energy source (Cheng, 1999; Blagodatskaya et 

al., 2007; Guenet et al., 2010). If the slurry addition had a higher N concentration compared to SOM, then 

less of the slurry would need to be mineralised compared to the SOM, to mobilise the same amount of N, 

resulting in less C mineralised. As well as this a lower C-N ratio (and a more labile source of nutrient) of 

slurry would be expected to increase microbial C use efficiency resulting in less respiration per unit C 

consumed. It is possible that there was a switch from positive to negative priming in this system as the 

slurry C was beginning to run out and that the microorganisms needed a fresh C supply to further break 

down the nutrients in the slurry. Future studies could apply a labelled slurry source to examine which C 

source is being used in this system.  

Both P45 and P45 + slurry treatments resulted in soils with high P availability. However, the P45 inorganic 

treatment showed a positive priming effect and the P45 + slurry organic treatment showed a negative 

priming effect. These treatments have been under this management system in the field for several years 

and hence their microbial communities should be well adapted to the type of nutrient supply they 

received. Although not measured as part of this study, it could be hypothesised that different microbial 

community structures are driving the different response of these systems. It has been noted previously 

that changes in microbial communities can influence rhizosphere priming effects (Fontaine et al., 2003). 

The addition of a slurry treatment may have promoted faster growing microbes (r-strategists) whereas 

high and freely available nutrients in the P45 treatment could have promoted slower growing microbes 

(K-strategists). Along with this, the demand to mine nutrients by the microbial community could be higher 

in the P45 treatment, as inorganic fertilisers are not held for long in soil systems before being lost to the 
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environment in greenhouse gases such as nitrous oxide or nitrate and phosphate leaching to waterways 

(Hati and Bandyoopadhay, 2011; Bodirsky et al., 2014). Despite no difference in the quantity of nutrients 

applied to the higher P treatments and no significant difference in SOM contents, the P45 treatment had 

a higher SOM decomposition rate than the P45 slurry treatment. The increased release of CO2 as part of 

positive priming when applying inorganic fertiliser compared to the negative priming and decreased CO2 

release of the treatment that received some organic fertiliser is an important policy consideration in the 

context of C storage in soils and also greenhouse gas emission under different soil nutrient management 

practices.  

3.5 Conclusion  

Nitrogen mineralisation potential was higher in the treatments with lower P. N mineralisation was also 

significantly affected by the type of P addition, N mineralisation was higher in organic treatments. The 

rate of priming was affected by the type of P addition in this study. Treatments with lower P primed less 

then treatments with higher P. The P treatments however, also effected the size of the plant biomass both 

above and below ground. The treatments with high plant biomass showed a stronger priming effect. The 

addition of an organic form of P reduced the amount of SOM breakdown, and also changed the direction 

of priming from positive to negative in the higher P treatment. Therefore, there was less C broke down 

and released in the P45 +slurry treatment. This could have implications for C storage in grassland based 

agricultural system. Perhaps the addition of organic nutrient source to grasslands could reduce both C loss 

and inorganic fertiliser use, both of which have positive impacts on reducing GHG emissions and increasing 

agricultural sustainability.  
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Chapter 4 

The effect of grazing and organic amendment on soil organic matter nitrogen mineralisation 
potential  

4.1 Introduction 

Nitrogen (N) is a limiting nutrient in many terrestrial ecosystems (Vitousek and Howarth, 1991). Soil 

organic matter (SOM) is the largest soil store of N; however, organic forms of N in SOM are not directly 

available for plant uptake (Leinweber et al., 2013; Sun et al., 2017). Transformation of these organic 

N forms to inorganic N is a microbially-mediated process, known as mineralisation. Although plant 

growth is often limited by N, it is seldom limited by carbon (C) as, given sufficient light and water, 

photosynthesis supplies the plant C requirement (Farrell et al., 2014). However, microbes in soils are 

often C limited (Schimel and Bennett, 2004), as a large proportion of SOM is physically protected 

(associated with mineral surfaces, or within aggregates) and/or chemically recalcitrant. It is essential 

for plant growth for plants to be able to access nutrients in SOM, through soil microbial processes 

such as N mineralisation (Phillips et al., 2011), and understanding these processes would allow better 

matching of fertilisation rates with plant demand, reducing environmental impact and economic costs. 

Plants promote microbial processes in the rhizosphere through root exudation of labile C compounds 

that are easily accessible to soil microorganisms (i.e. priming) and hence can stimulate microbial 

activity, such as enzyme production, which increases mobilisation of nutrients from organic 

compounds to mineral forms available to plants (Kuzyakov, 2010; Phillips et al., 2013; Sun et al., 2017). 

If soil fungal biomass contains more C than bacterial biomass (i.e. the C: nutrient ratio is higher in 

fungi), this would imply that fungi are more likely to be C limited due to their higher C demand, 

although bacteria are limited more by other nutrients such as N and P (Keiblinger et al., 2010). A 

consequence of this is that fungi can maintain growth with a lower nutrient availability, relative to 

bacteria (Keiblinger et al., 2010, Žifčáková et al., 2016; Frąc et al., 2018). Soil microorganisms are an 

essential part of grassland ecosystems particularly because of their involvement in nutrient cycling, 

supporting plant productivity; it is important to understand how management practices impact 

microbial community structure and functioning (Dengler et al., 2014).  

In grassland agricultural systems, plant nutrient limitations are often overcome by the addition of 

nutrients in the form of inorganic mineral fertilisers (Schröder et al., 2016) or organic fertilisers (slurry 

or farmyard manure) (Liu et al., 2017). However, the addition of nutrients to soil will not only 

encourage plant growth but also affect soil microbial nutrient cycling, growth, and activity (Griffiths et 

al., 2012; Liu et al., 2017). In managed agricultural systems, the stoichiometry of the soil microbial 

biomass can be changed by the addition of nutrients (Griffiths et al., 2012). As the balance of nutrient 

limitation on the soil microbial community changes, this will shift microbial resource allocation as they 
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scavenge for the limiting nutrient (Cleveland et al., 2002; Cleveland and Liptzin, 2007). A study carried 

out by Yin et al. (2014) found that even minor C additions from root exudation can have notable effects 

on N cycling, particularly in ecosystems were there are limited soil nutrients. Nottingham et al. (2018) 

found that, when P was added in combination with other nutrients, bacteria out-competed fungi for 

N. Hence, the addition of nutrients in large quantities, as may occur in agricultural systems, is likely to 

cause changes to microbial community composition, activity and microbially-mediated nutrient 

cycling (Fang et al., 2020). The addition of organic fertilisers affects biological processes in soils, 

particularly as they contain a diversity of labile and more recalcitrant organic compounds (Dickson et 

al., 1981, Liu et al., 2017). Changes in nutrient availability has knock-on effects on a range of soil 

microbial functions and mechanisms, including those involved in nutrient cycling processes such as 

SOM mineralisation and priming (Sullivan & Hart, 2013, Chowdhury et al., 2014, Stewart et al., 2015, 

Fang et al., 2020).  

Both N and phosphorus (P) cycling in grazed grasslands are influenced by root-microbe interactions 

(Sun et al., 2017). In grazed grasslands, livestock influence soil nutrient availability (Bardgett et al., 

2005; Hamilton et al., 2008; Sun et al., 2017). This can occur in two ways: firstly, the addition of organic 

nutrients through livestock excreta (Olsen et al., 2011); and, secondly, as livestock graze the grass 

sward this promotes root exudation which encourages soil C turnover. Both of these pathways 

promote positive feedback between aboveground (plant and livestock nutrition) and belowground 

(plant-microbe interactions) (Bardgett and Wardle, 2003; Hamilton et al., 2008). Sun et al. (2017) 

found that after grazing the increased release of labile C from plant root exudates influenced enzyme 

activity, increased soil N mineralisation, and plant nutrient intake. The increase in plant nutrient 

uptake found by Sun et al. (2017) suggests that after grazing, as a result of increased root exudation 

and subsequent microbial activity, there was a higher N and P mineralisation. This benefits both the 

plant and the grazing livestock, as their respective nutritional needs are met, resulting in a positive 

root-microbe feedback within the ecosystem (Sun et al., 2017). However, it is important to note that 

stocking density plays a key role in these feedback systems. If there is heavy or intensive grazing, plant 

growth, particularly of roots, is severely limited, and hence rates of root exudation per plant are 

reduced (Parsons et al., 2011; Parsons et al., 2013). However, grassland systems are not always grazed; 

in some management systems grass is cut and removed for winter feed as silage or hay. Therefore, 

even though grazing removes grassland vegetation it does so at a lower and spatially more variable 

rate than a homogeneous cut and remove silage-based system; this, coupled with the excretal returns 

from the livestock, allows grazing-based systems to have a more significant nutrient reintroduction 

pathway belowground (Rumpel et al., 2015; Randall et al., 2019). In a silage-based system the 

nutrient-rich plant material is completely removed and not returned to soil. The effect of cutting and 
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removing aboveground vegetation, as opposed to animal grazing, in grassland systems is an important 

distinction as clipping is often used as an experimental treatment to simulate grazing (Hamilton III and 

Frank, 2001; Murphy et al., 2017). These studies found increases in rhizosphere processes such as 

SOM-C decomposition and N availability with clipping (Hamilton III and Frank, 2001; Murphy et al., 

2017). However, the direct comparison between a cut and a grazed grassland and management effects 

on rhizosphere process and microbially-mediated nutrient cycling is relatively understudied. 

Therefore this study has three interlinked research strands, namely to: a) investigate how the addition 

of C, phosphorus (P) management, and grassland management strategies effects microbial SOM 

decomposition and N mineralisation in a soil environment of high and low nutrient availability; b) 

examine how long-term P addition compared with long-term P limitation affected microbial 

community structure and microbial nutrient cycling activity in terms of SOM decomposition and 

potential N mineralisation; and c) to explore the effect of a cut and remove silage-based system with 

a grazed grassland in terms of the belowground effects on SOM-C decomposition, potential N 

mineralisation, and microbial community structure 

Grassland management strategies through the addition of nutrients, inorganic and organic, along with 

cutting for silage or grazing for livestock affect both plant and microbial communities (Grayston et al., 

2004), as well as nutrient cycling and organic matter quality and quantity (Poeplau, 2021). It was 

therefore hypothesised that the addition of P compared to treatments that had not received P over 

several years would have a higher potential N mineralisation, a higher rate of SOM-C decomposition 

and priming, and that there would be impacts on both bacterial and fungal community structure. It 

was further hypothesised that: the type of P addition would also affect these factors; the addition of 

an organic source of P in the form of slurry would lead to an increase potential N mineralisation, a 

higher rate of SOM-C decomposition and priming; and that the form (mineral or organic) of 

fertilisation would impact both bacterial and fungal community structure. It was also hypothesised 

that the type of grassland management would affect microbially-mediated nutrient cycling – 

specifically, that in a cut and remove for silage system there would be increased SOM-C decomposition 

and potential N mineralisation. These hypotheses were tested using grassland soils from an 

experimental platform under long term P management treatments.  

4. 2 Methods  

4.2.1 Site description and sample collection 

There were two sampling sites (cut and grazed) used in this study, both were under a long-term P 

management trial and both sites are located at the Teagasc Johnstown Castle Research Centre. The 

cut site is located on the Johnstown Castle, Co. Wexford, Ireland, dairy farm [52o 17’N, 06o 30 W] (Daly 
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and Casey, 2005; Randall et al., 2019). This site operates a cut and remove grassland system 

(equivalent to silage). The site was first set up in 1995 on a loam texture soil under Lolium perenne 

monoculture, in a fully randomised and replicated (n=4) block design (Massey, 2012; Randall et al., 

2019). The plant biomass is harvested eight times per year. After each harvest, all plots receive 40kg 

N ha-1 as calcium ammonium nitrate (CAN), and potassium (as potash) at a rate of 125kg K ha-1 year-1 

(Massey, 2012). For the P treatments, there was an application of 16% superphosphate at fertilisation 

rates of 0 (P0), 15 (P15), 30 (P30) and 45 (P45) kg P ha−1 yr−1 with 16 plots in total (Sheil et al., 2016; 

Randall et al., 2019). For this experiment, only P0 and P30 were sampled (Figure 4.1 and Table 4.1). In 

2016, the plots were split to include a slurry treatment. Cattle slurry was applied at a rate of 37432kg 

ha-1 (Massey et al., 2016). This added another four replicate treatments with fertilisation (via slurry) 

rates of 0 (P0 + slurry), 15 (P15 + slurry), 30 (P30 + slurry) and 45 (P45 + slurry). For the purpose of this 

study the P0 + slurry and the P30 + slurry treatments were selected (Figure 4.1 and Table 4.1). 

The grazed site is located at Johnstown Castle, Co. Wexford, Ireland, dairy farm 52o 16 N, 06o 30 W 

(Tunney et al, 2010). There have been many studies that have described this site to date (Culleton et 

al, 2002; King-Salter, 2008(Griffiths et al., 2012; Chen et al., 2014; Randall et al., 2019). Briefly, this site 

was first set up in 1968, sown with Lolium perenne (same species as is at the cut site). The soil is a 

Humic Gleysol (IUSSWRB, 2015). There were three P treatments: P0, P15 and P30. There were 4 plots 

per P application, and each plot also received 250kg ha-1 year-1 N as ammonium nitrate and K 20kg ha-

1 as KCl. From 1999 onwards the grazing stocking rate was (3300kg stock ha-1). In this study only the 

P0 and P30 plots were sampled, in order to match the P treatments of the cut site. 

Samples were collected from each of the six selected treatments (Table 4.1). At both the grazed and 

cut sites, each of the four replicate paddocks was sampled using bulk soil sampling to a depth of 10cm 

in a “W” across each paddock. Samples from each of the four replicates were homogenised to form 

one representative sample for each of either the grazed or cut treatments. Samples were brought 

back to the lab, sieved to 5mm and stored at 4oC.  
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Figure 4.1: Layout of both cut and grazed experimental sites at Johnstown Castle, Co. Wexford, Ireland, research centre. 
The top graph represents the grazed site. The grid represents the cut site.  

Table 4.1: Summary of treatments used in this study. 

Treatment Site P level Slurry Addition Grazing 

P0 cut Cut site No P No No 

P30 cut Cut site High P No No 

P0 Slurry Cut site No P Yes No 

P30 slurry Cut site High P Yes No 

P0 grazed Grazed No P No Yes 

P30 grazed Grazed High P No Yes 
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4.2.2 Soil nutrient analyses 

Soil nutrient analyses were carried out as previously described in Chapter 3 section 3.2.6. 

4.2.3 Soil microbial biomass 

Soil microbial biomass C, N, and P were measured as part of this study. Analysis was carried out as 

described in Chapter 3 section 3.2.4 

4.2.4 Seven-day anaerobic incubation 

A seven-day anaerobic incubation assay was used to measure N mineralisation potential in this study. 

Methods for this assays are previously described in Chapter 3 section 3.2.3. 

4.2.5 Microcosm set up and 13C Glucose addition 

The design used in this experiment has been previously described by Paterson et al (2007) and Murphy 

et al (2015). The experimental units (troughs) used were made of PVC tubing (100mm length and 

50mm diameter), cut longitudinally (Figure S4.1 supplementary material). The troughs were covered 

during the experiment with a PVC cover plate drilled with 3mm holes; this allowed air flow and 

reduced moisture loss during the experiment. All soils were packed into the troughs at a bulk density 

of 0.9g cm3 and moisture content was adjusted so that all treatments had a 65% water holding capacity 

(WHC). There were four replicate troughs for each treatment. The troughs were placed into an 

incubator at 20oC for the duration of the experiment. Troughs were watered daily to a predetermined 

mass to maintain soil water content. The troughs were incubated for one week prior to the experiment 

as a stabilisation period. To measure if the soils had stabilised respiration, measurements were taken 

daily (method below).  

Following stabilisation, the glucose treatment was applied. There were two sets of troughs (each 

treatment, four replicates) one set received 13C glucose and the other control did not receive glucose. 

The 13C glucose was added as a solution, 0.5mg g-1 dry soil, as previously used by Murphy et al, 2015 

and Paterson & Sim, 1999. This rate was selected here and in previous studies as it mimics known root 

exudation of grasslands and is within the range that would cause a primed response (Paterson & Sim, 

2013). The glucose solution used for this experiment had a 3% atom enrichment. Glucose was added 

every second day (six times) over two weeks, with added water required to maintain 65% WHC.   

4.2.6 Respiration Measurements 

Soil respiration measurements were taken after each 13C glucose addition. Respiration measurements 

were taken from all treatment replicates. Microcosms were placed into a 1L Kilner glass jar, the jar 

was sealed airtight with a fitted lid with two 3-way valves. The jars were flushed with CO2 free air for 
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5 minutes at a flow rate of 800ml min-1. The gas flow was measured on a gas analyser (EGM-4, CO2 

monitor, PP systems) until the CO2 concentration in the headspace was less than 10µL L-1. The jar was 

then sealed and incubated for 1 hour at 20oC. Thereafter, a sample (24ml) was taken from the jar using 

a gas syringe. Fourteen ml of the sample was injected into the gas analyser (EGM-4), PP – systems, 

Amesbury, USA) to measure the CO2 efflux from soil (reference gas used for calibration, BOC 450 µL L-

-1 carbon dioxide certified gas). Then 10ml was injected into a 12ml gas vial (Labco) and sent for 13C- 

CO2 isotopic gas analysis. For 13C/12C isotope analysis, the gas samples were measured on an isotope 

gas bench (Deltaplus advantage, Thermo Scientific Bremen Germany). Reference gases (IAEA reference 

material NBS 19 TS-limestone) were used to calibrate the instrument, prior to each run. Within each 

sample run, a quality control standard (13CO2 0.24%o ± SD of the mean) was included. Each sample 

was sampled eight times with four of the values taken to give a single end value. 

Partitioning of the CO2 fluxes was required in order to be able to calculate fluxes from SOM 

decomposition and priming. The partitioning equation used was described in previous work by 

(Garcia-Pausas and Paterson, 2011). The total CO2 efflux from each sample was partitioned into 

glucose and soil-derived components using the following mass balance equation: 

CO2glucose = (δ13C sample − δ13C control)/ (δ13C glucose − δ13C control) 

Where: 

CO2glucose = the total CO2 derived from glucose  

δ13C sample = δ13C-CO2 signature of the measured gas sample at each time point 

δ13C control = the average δ13C-CO2 signature from the control treatments at each sampling time 

point 

δ13C glucose = δ13C signature of the glucose added to the troughs 

4.2.7 DNA extraction  

At the end of the sampling period, the troughs were harvested and all soil was collected for nutrient 

analysis. A subsample was frozen at -80 oC for molecular work. DNA was extracted using a modification 

of the Griffiths et al. (2000) method. A sample of 0.5g of soil was extracted from each trough (n=48). 

After soil was weighed it was placed into a Lysing Matrix E tube (MP Biomedicals, USA), with 0.5ml of 

CTAB buffer (equal volumes of 10% (w/v)) hexadecyltrimethylammonium bromide (Merck Ireland) in 

0·7 mol l−1 NaCl (Promega, Southampton, UK) and 240 mmol l−1 potassium phosphate, pH 8·0 (Sigma)). 
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0.5ml of liquid Phenol:Chloroform:Isoamyl alcohol (24:1)(Sigma-Aldrich) was also added. Tubes were 

then placed in the Prep-24 (MP Biomedicals, USA) for 15 seconds at 5m/s and subsequently 

centrifuged using a refrigerated micro-centrifuge (Eppendorf) at 13,000rpm for 20 minutes at 4oC. The 

aqueous layer was then removed and placed into a sterile 1.5ml microcentrifudge tube. To remove 

any remaining phenol, 0.5ml of Chloroform:Isoamyl (24:1, Merck Ireland) was added and the tubes 

were inverted several times. The tubes were then centrifuged for 5 minutes at 13rpm at 4oC. Again, 

the top aqueous layer was removed and placed into a sterile 1.5ml microcentrifudge tube. Two 

volumes of 30% PEG solution (1ml total) were added to each tube and mixed well to precipitate the 

DNA. The tubes were then left on ice for 2 hours. After this time, tubes were centrifuged at 13rpm for 

30 minutes at 4oC. The PEG solution was carefully removed leaving behind the pellet. 1ml of ice cold 

70% ethanol was added to the pellet and centrifuged for 30 minutes at 13rpm at 4oC. the ethanol wash 

was repeated twice to make sure all the PEG was removed. The ethanol was removed, and the pellets 

were resuspended in 50µl of T.E buffer. The DNA was visualised on a 0.8%(w/v) agarose gel containing 

0.01% (v/v) cyberSafe(Sigma) (Roche Diagnostics, Ireland). DNA was quantified on a Qubit Fluorimeter 

(Thermo Fisher, Ireland) with Qubit™ dsDNA BR Assay Kit (Thermo Fisher, Ireland). 

4.2.8 Amplicon sequencing of bacterial and fungal communities 

Sequencing of the 16S rRNA (bacteria, archaea and eukaryote) and ITS (fungi) regions was carried out 

for all samples. Briefly, the library preparation was a 2-step PCR process with PCR 1 consisting of a 

25µl reaction containing the raw DNA template (5ngµl-1), 2X Kapa Hifi hot start ready mix Taq (Roche, 

Ireland) and 0.2 µM final concentration of both forward and reverse primers. Primers had overhang 

adapters attached. The primers used for 16S rRNA were 515F (Forward overhang: 5’ 

TCGTCGGCAGCGTCAGATGTGTATAAGAGACAG [GTGYCAGCMGCCGCGGTAA]) and 926R (Reverse 

overhang: 5’ GTCTCGTGGGCTCGGAGATGTGTATAAGAGACAG [CCGYCAATTYMTTTRAGTTT]). The 

primers for ITS were 86F (Forward overhang: 5’ TCGTCGGCAGCGTCAGATGTGTATAAGAGACAG 

[GTGAATCATCGAATCTTTGAA]) and 4R (Reverse overhang: 5’ 

GTCTCGTGGGCTCGGAGATGTGTATAAGAGACAG [TCCTCCGCTTATTGATATGC ]) (Quince et al., 2011; Op 

De Beeck et al., 2014). The PCR1 product was cleaned using AMPure XP beads to ensure that the PCR 

product was free of primer dimer. The clean PCR1 product was run on a 1% agarose gel and visualised 

under UV light to check both the strength of bands and the absence of primer dimer. PCR2 is an index 

PCR with dual indices and Illumina Sequencing adapters attached to the samples using the Nextera XT 

Index Kit (Illumina, Ireland). PCR2 consists of 50µl reactions containing 5µl PCR1 template, each index 

primers at a final concentration of 0.2µM, and 2X Kapa Hifi hot start ready mix (Roche, Ireland). PCR2 

product was cleaned using the Ampure XP beads as described for PCR1. The beads were eluted in 15 

µl TE buffer. The concentration of PCR2 was quantified using a Qubit fluorometer. The generated 16S 
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rRNA and ITS libraries were then pooled at equimolar concentration. Pools were quality checked on a 

Bioanalyser (Agilent, Ireland) using the DNA 1000 chip (Agilent, Ireland) and sent to the sequencing 

lab in Teagasc Research Centre, Moorepark, Co. Cork, Ireland for sequencing on an Illumina MiSeq 

platform. 

4.2.9 Data handling for sequencing  

FASTQ files were generated through the Illumina BaseSpace platform and this data was run through 

the same sequencing analysis pipeline as was described in Chapter 2 section 2.3.8. 

4.2.10 Statistical analyses  

Data analysis was performed in R Studio 4.2.0 (R Core Team, 2021). Statistical significance was 

determined at p<0.05. Statistical analysis was carried out as previously described in Chapter 2 section 

2.3.7 and Chapter 3 section 3.2.7. 

4.3 Results 

4.3.1 Soil properties in the control and glucose treatments 

A summary of soil nutrient properties can be seen in Table 4.2. The P0 slurry treatment in both the 

control and the glucose troughs had the highest absolute OM content (Table 4.2). Within the slurry 

treatments, the OM content in the P30 slurry 13C soils was significantly lower than the P0 slurry 13C 

(p<0.05). The P0 slurry control trough soils had a significantly higher OM content than P30 cut, and 

P30 slurry control troughs (p<0.05). There were no significant differences in OM in the grazed 

treatments. Available P measured as P Morgan’s (PM) was also significantly different between some 

treatments (p<0.05). The P30 grazed treatments (control and glucose) had significantly higher PM than 

all the other treatments (p<0.05). In the cut, grazed, and slurry treatments the P0 treatment was 

significantly lower in PM than the equivalent P30 treatments (p<0.05). There were also some 

significant differences in total C content. In the control troughs the P0 cut treatment had significantly 

lower total C compared to the P0 grazed (p<0.03). The P0 grazed 13C treatment had significantly lower 

total C then the P0 grazed control treatment (p<0.05). There was no significant difference in total C in 

the grazed treatments. There were some differences found in total N between the treatments. There 

was a significant difference in total N between the P0 grazed control and the P0 grazed 13C treatment, 

total N was significantly higher in the control (p<0.05). There were significant differences in pH 

between treatments. The grazed treatments had a significantly lower pH than all of the other 

treatments (p<0.05). The lowest absolute pH treatment in this study was in the P0 grazed control 

troughs.  
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Table 4.2: Summary of soil nutrient analysis (n=4, error=standard error). Letters refer to statistical differences between 
treatments. PM and KM are available P and K measured by P Morgan’s method. OM stands for organic matter content. 

TC and TN represent total carbon and nitrogen. N-min shows potential nitrogen mineralisation. MBC, MBN, and MBP are 
microbial biomass carbon, nitrogen and phosphorus. Statistical significances have been left out of N-min, MBC, MBN, 

and MBP as these will be described later in the text. 

Treatment PM 
mg Kg-1 

OM 
% 

TC 
% 

TN 
% 

KM 
mg Kg-1 

pH N- Min 
NH4 g-1 
dry soil 

MBC 
ug g-1 

MBN 
ug g-1 

MBP 
ug g-1 

P0 cut 13C 

4.63 
(±0.02) a 

9.46 
(±0.02) 

ab  

4.22 
(±0.02) 

ab 

0.39 
(±0.01) a 

97.25 
(±0.71) d 

5.41 
(±0.00) e 

50.88 
(±17.19) 

498.56(±
35.62) 

180.69(±
15.98) 

31.70 
(±0.75) 

P0 cut control 
4.59 

(±0.07) a 
9.09 

(±0.03) a 
4.20 

(±0.08) a 
0.38 

(±0.01) a 
100.25(±
1.11) d 

5.29 
(±0.01) d 

81.95 
(±7.29) 

340.70(±
42.67) 

198.86(±
2.59) 

32.43 
(±1.79) 

P30 cut 13C 

7.97 
(±0.07) e 

9.23 
(±0.16) a 

4.40 
(±0.08) 

ab 

0.39 
(±0.01) a 

41.22 
(±0.40) b 

5.41 
(±0.01) e 

86.25 
(±8.33) 

673.33 
(±58.08) 

221.86(±
12.88) 

36.36 
(±2.39) 

P30 cut control 
7.84 

(±0.03) e 
9.28 

(±0.12) a 
4.19 

(±0.05) a 
0.38 

(±0.00) a 
39.40 

(±0.35) b 
5.31 

(±0.01) d 
(92.86 
(±5.94) 

465.9 
(±69.93) 

206.26(±
17.36) 

32.75 
(±2.50) 

P0 slurry 13C 

5.50 
(±0.03) 

bc 

9.91 
(±0.20) b 

4.63 
(±0.05) 

ab 

0.41 
(±0.01) 

ab 

56.75 
(±0.62) c 

5.51 
(±0.00) f 

92.88 
(±3.30) 

568.29 
(±45.65) 

220.39 
(±9.60) 

34.11 
(±2.31) 

P0 slurry control 

5.38 
(±0.08) b 

9.91 
(±0.14) b 

4.62 
(±0.04) 

ab 

0.42 
(±0.01) 

ab 

55.90 
(±1.09) c 

5.39 
(±0.01) e 

88.98 
(±4.81) 

501.95 
(±64.26) 

186.23 
(±11.04) 

34.53 
(±1.99) 

P30 slurry 13C 

7.41 
(±0.08) d 

9.24 
(±0.10) a 

4.28 
(±0.03) 

ab 

0.38 
(±0.00) a 

32.33 
(±0.58) a 

5.71 
(±0.01) h 

82.32 
(±1.04) 

649.90(±
68.55) 

181.44 
(±10.24) 

32.80 
(±1.52) 

P30 slurry control 
7.39 

(±0.13) d 
9.29 

(±0.06) a 
4.20 

(±0.06) a 
0.38 

(±0.00) a 
32.68 

(±0.71) a 
5.56 

(±0.01) g 
69.71 

(±8.35) 
478.51(±

73.20) 
175.79(±

24.43) 
30.69 

(±3.34) 

P0 grazed 13C 

5.51 
(±0.06) 

bc 

9.54 
(±0.14) 

ab 

4.18 
(±0.34) a 

0.39 
(±0.03) a 

145.50(±
1.66) e 

4.75 
(±0.00) b 

64.74 
(±10.92) 

746.63 
(±155.72

) 

173.12(±
17.21) 

34.33 
(±0.38) 

P0 grazed control 

5.88 
(±0.11) c 

9.56 
(±0.03) 

ab 

4.82 
(±0.16) b 

0.46 
(±0.03) b 

148.25(±
2.02) e 

4.66 
(±0.02) a 

35.13 
(±6.18) 

477.12 
(±43.27) 

163.33 
(±35.35) 

41.08 
(±1.18) 

P30 grazed 13C 

13.70 
(±0.11) f 

9.32 
(±0.12) a 

4.44 
(±0.04) 

ab 

0.41 
(±0.00) 

ab 

59.86 
(±1.40) c 

4.89 
(±0.00) c 

54.24 
(±16.94) 

760.17(±
144.68) 

242.53(±
31.07) 

41.60 
(±2.19) 

P30 grazed control 

14.08 
(±0.13) f 

9.37 
(±0.03) 

ab 

4.47 
(±0.07) 

ab 

0.42 
(±0.01) 

ab 

61.00 
(±1.34) c 

4.74 
(±0.01) b 

56.14 
(±14.85) 

432.82 
(±112.35

) 

188.84 
(±21.52) 

31.35 
(±2.32) 

 

 

4.3.2 Nitrogen mineralisation potential with control and glucose treatment 

Potential N mineralisation varied with treatment and the addition of glucose (Figure 2). Potential N 

mineralisation was significantly affected by treatment (p<0.01). However, the troughs that had 

glucose applied had no significant differences in potential N mineralisation between the treatments. 

In the control troughs there were significant differences (p<0.01) in potential N mineralisation. The P0 

grazed control treatment had a significantly lower N mineralisation potential compared to the P0 cut, 
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P0 slurry, and P30 cut control treatments (p<0.05). There was a significant effect of both slurry 

addition (p=0.035), and grazing (p<0.001) on potential N mineralisation (Figure 4.2).  

When examining the effect of soil nutrients on potential N mineralisation using regression analysis, 

there was a significant effect of total N (p=0.04). There was also a significant effect of soil pH (p<0.02) 

and available potassium (K) (p<0.02). In the control troughs, total C (p<0.05, r2 =0.17), total N (p<0.02, 

r2 =0.22), pH (p<0.001, r2 =0.42), and K (p<0.01, r2 =0.29) had a significant effect on potential N 

mineralisation. There were no significant effects of the measured soil nutrients in the glucose troughs. 

In the slurry treatment, potential N mineralisation was significantly affected by PM (p<0.01, r2 =0.35), 

total C (P<0.001, r2 =0.42), total N (p<0.02, r2 =0.32), and K (p<0.01, r2 =0.34). Soil nutrients 

concentrations did not have a significant effect on potential N mineralisation in the grazed treatment.  

4.3.3 Microbial biomass carbon, nitrogen, phosphorus  

The only significant difference found for microbial biomass C (MBC) was between the P30 grazed 13C 

and P0 cut control treatments (p<0.05). There was no significant effect of the soil nutrients measured 

as part of this study on MBC. As well as this, there was no significant effect of treatments or soil 

nutrients on MBN (Figure 4.3a).  

There was a significant effect of treatment on MBP (p<0.01) (Figure 4.3c). There were significant 

differences between P30 slurry control and P0 grazed control, P30 grazed control and P30 grazed 13C, 

P30 slurry control and P30 grazed 13C (p<0.05). In the glucose-treated soils there were significant 

differences between the P30 grazed 13C and P0 cut 13C, and P30 slurry 13C and P30 grazed 13C 

(p<0.05). There were no significant differences in the slurry treatment. There was a significant effect 

of total C, and N, as well as soil pH on MBP in this study (p<0.01). 
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Figure 4.2: Potential nitrogen mineralisation between 6 different treatments (NH4- g-1 dry soil) (n=4). There were two sets of troughs for each treatment, a trough that received glucose, 
these treatments are labelled with 13C, and also a control, which is labelled as control. The letter above the control treatments indicate significant difference in N mineralisation 

potential. There were no significant difference in the glucose troughs. 
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Figure 4.3 (a, b, c): a showing microbial biomass carbon in both the glucose and control soils across the different 
treatments (n=4). b is showing microbial biomass nitrogen in both the glucose and control soils across the treatments 

(n=4).c is showing microbial biomass phosphorus in both the glucose and control soils across the treatments (n=4). 
Letters on figure c show the statistically significant differences between the treatments in microbial biomass P. 
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4.3.4 Soil organic matter derived respiration  

There was a significant effect of treatment and sampling time point on the total respiration from soils 

during the experiment (p<0.01). There was a significantly higher total respiration in the soils that 

received 13C glucose when compared with the control (p<0.01) (Figure 4.4a). Overall, there was no 

significant effect of slurry or grazing on respiration rate. The P30 grazed 13C treatment had the largest 

increase in respiration over the course of the experiment. In the glucose soils there were significant 

differences between the treatments on days 0, 4, 7, 9, and 11 (Figure4.4b). In the control soils (not 

receiving glucose additions) there were significant differences between experimental treatments on 

days 4, 7, 9, and 11. However, these differences were only between the P30 slurry treatment and P30 

cut (p<0.05) and P30 slurry and P0 grazed (p<0.05). On day 4 P30 slurry was significantly different to 

all treatments except P0 cut, where at day 11 P30 slurry was only significantly different to P0 grazed 

(Figure 4.4a). 

SOM derived CO2-C is a measure of the decomposition rate of non-glucose sources throughout the 

experiment. There was no significant effect of sampling time point on SOM decomposition rate. There 

was a significant effect of treatment on SOM decomposition rate in the glucose-addition troughs 

(p<0.01). In the glucose treatment, the P0 grazed treatment had the lowest rate of SOM 

decomposition throughout the experiment (Figure 4.5b). There was a significant effect of the grazed 

treatment on OM decomposition rate (p<0.01). The P0 grazed glucose treatment had a significantly 

lower SOM decomposition rate than both the P0 slurry glucose and P30 cut glucose treatments on 

each sampling day (p<0.05) (Figure4.5b) but not at day 2. On day 0 and day 11, the P30 grazed 

treatment had a significantly higher SOM decomposition rate compared to the P0 grazed treatment 

in the glucose amended troughs (p<0.05)(Figure 4.5b). There was also a significant effect of slurry 

addition on SOM decomposition rate (p<0.01). SOM mineralisation from the P0 slurry treatment was 

significantly higher than the P30 slurry treatment (p<0.05) on days 0 and 2. There was no significant 

effect of P level, as this also depended on other aspects of the treatment. Overall, P level significantly 

influenced SOM mineralisation in the slurry and grazed treatments: in the slurry treatment, P0 slurry 

was significantly higher than P30 slurry, and in the grazed treatments P0 grazed was significantly lower 

than P30 grazed overall (p<0.05). There was no significant effect of treatment on SOM decomposition 

rate in the control troughs with treatment. However, variability within the treatments did increase 

with time over the experiment (Figure 4.5a).
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Figure 4.4: Total CO2 efflux (ppm g-1 dry soil hour-1) for the duration of the experiment. The top graph represents respiration in the control trough (n=4), and letters donate significant 
differences between treatments at each sampling point (p<0.05). The bottom graph represents respiration in the control trough (n=4), and letters denote significant differences between 

treatments at each sampling point (p<0.05).
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Figure 4.5: Total soil organic matter-derived CO2-C (ug C/g dry soil hour-1) for the duration of the experiment. The top graph shows the 6 treatments over time in the control troughs (n=4). 
The bottom graph shows the 6 treatments over time in the glucose troughs (n=4). Letters on the bottom graph represent significant difference between the treatments at each measured 

time point.  
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4.3.5 Priming 

There was a significant effect of treatment on the rate of priming (p<0.05) with both grazing and slurry 

treatments affecting the rate of priming (p<0.01). Sampling time had an effect on priming (p<0.01). At 

each sampling point the P0 grazed treatment was significantly lower in its primed response compared 

to all other treatments (p<0.05) (Figure 4.6). The highest rate of priming was seen on day 0 in the P0 

slurry treatment (Figure 4.6). Only the P30 slurry treatment had a lower rate of priming on day 0 of 

the experiment compared to the final day 11 (Figure 4.6). The significant differences between the 

treatments on each sampling day can be seen in Table 4.3. There was no significant effect of P level 

on the rate of priming in this study.  

 

Figure 4.6: Total primed soil organic matter carbon CO2-C (ug C g-1 dry soil hour-1) for the duration of the experiment. 
Shapes represent the treatments (n=4). The standard errors for the above graph can be seen in table 4.3.  

Table 4.3: Total primed soil organic matter carbon between the six treatments (n=4, error= standard error). Results in 
the table below shows means and standard errors at each sampling point. The letters denote statistically significant 

differences between treatments at each time point.  

Treatment Day 0 Day 2 Day 4 Day 7 Day 9 Day 11 

P0 cut  1.21 
(0.10) bc 

0.62 
(0.05) abc 

0.86 
(0.09) ab 

0.59 
(0.16) ab 

0.67 
(0.04) ab 

0.73 
(0.10) b 

P30 cut  1.16 
(0.05) bc 

0.73 
(0.08) bc 

0.94 
(0.04) b 

0.70 
(0.16) ab 

0.93 
(0.18) b 

1.02 
(0.17) b 

P0 slurry  1.34 
(0.11) c 

0.98 
(0.19) c 

1.03 
(0.19) b 

1.02 
(0.17) b 

1.00 
(0.19) b 

1.07 
(0.15) b 

P30 slurry  0.72 
(0.07) a 

0.66 
(0.12) abc 

0.83 
(0.13) ab 

0.81 
(0.10) b 

0.95 
(0.19) b 

1.05 
(0.08) b 

P0 grazed  0.59 
(0.04) a 

0.24 
(0.07) a 

0.41 
(0.06) a 

0.19 
(0.08) a 

0.09 
(0.04) a 

0.15 
(0.13) a 

P30 grazed  0.83 
(0.09) ab 

0.48 
(0.07) ab 

0.67 
(0.10) ab 

0.61 
(0.12) ab 

0.79 
(0.15) b 

0.97 
(0.10) b 
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4.3.6 Bacterial community structure 

It was hypothesised that P addition, type of P addition, and grassland management system (cut vs 

grazed), would all have an impact on the microbial community structure. This was seen in both the 

glucose and control treatments as part of the deseq2 analysis and significant differences are reported 

in the supplementary tables. The top 20 dominant genera are displayed in the supplementary 

materials. In both the glucose and control Candidatus Udaeobacter and Gaiella were the most relative 

abundant genera (Supplementary Material). As well as this, significant differences in alpha diversity 

were also recorded between the treatments in the glucose and control soils. In the glucose soils when 

using the Simpsons index, the P30 slurry 13C treatment had the highest diversity and was significantly 

higher than the P30 grazed treatment (p<0.05) (Table 4.4). In the control troughs, alpha diversity was 

found to be significant when measured using both the Shannon and the Simpsons diversity indexes 

(Table 4.5). The P30 slurry control had the highest diversity according to the Simpsons index and was 

significantly higher than all other treatments (p<0.05). Measured using the Shannon index, the P30 

Slurry treatment also had a significantly higher diversity compared with the P30 grazed and P0 grazed 

controls (p<0.05) (Table 4.5). 

Across both the grazed and cut sites, at different P levels and slurry addition, differences in bacterial 

community structure were found (Supplementary Tables). PCA analysis performed on the data set 

showed a distinction between the grazed and cut sites in both the glucose and the control troughs 

(Figures 4.7 & 4.9). PCA analysis was also performed on the cut site to see differences between 

chemical fertiliser and slurry addition treatments. In the glucose troughs the P30 cut and the P30 slurry 

treatments were different from each other on both PC1 and PC2 (Figure 4.8). In the control troughs 

the P0 slurry and P30 slurry treatments were different, along PC1, as well as being different from the 

treatments that had not receive slurry (Figure 4.10). Further analysis with a PERMANOVA showed 

there was a significant effect of treatment on 16S bacterial community structure in both the glucose 

and the control troughs (p<0.001). Pairwise Adonis analysis showed significant difference between 

each of the treatments for both the glucose (Table 4. 6) and the control (Table 4.7) troughs. In the 

glucose trough there was no significant difference between the P0 slurry and P30 slurry bacterial 

community structure (Table 4.6). There was also no significant difference in the P0 cut and P0 slurry 

treatments (Table 4.7). All treatment combinations were significantly different in the control troughs 

(Table 4.7). Specific differences in bacterial genus groups were analysed using the deseq2 pipeline 

(Love et al., 2014), these differences can be seen in the supplementary material. In the glucose 

troughs, results from the RDA analyses showed that the bacterial community was significantly 

influenced by OM content, available P, available K, and pH (p<0.05) (Figure 4.11). The bacterial 
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community in the control troughs were also significantly influenced by available P, as well as potential 

N mineralisation and total C content (p<0.05) (Figure 4.12).  

Table 4.4: Alpha diversity indexes (n=4) for the glucose 16S communities. Values shown here represent mean richness in 
each treatment. Letters represent significant differences between treatment (p<0.05). 

 

 

 

 

 

 

Table 4.5: Alpha diversity indexes (n=4) for the control 16S communities. Values shown here represent mean richness in 
each treatment. Letter represent significant differences between treatment (p<0.05). 

 

 

 

  

 

 

 

 

 

 

 

  

Glucose 
Treatment 

Chao1 Shannon InvSimpson 

P0 cut 13C 
16S 

1589 6.470 170.9 abc 

P30 cut 13C 
16S  

2109 6.702 193.5 ab 

P0 Slurry 13C 
16S 

1675 6.473 154.0 bc 

P30 Slurry 13C 1911 6.650 210.1 a 

P0 grazed 13C 
16S 

1874 6.528 169.5 abc 

P30 Grazed 
13C 16S  

1708 6.382 130.8 c 

Control 
Treatment 

Chao1 Shannon Simpson 

P0 cut control 
16S 

2116 6.721 ab 202.4 b 

P30 cut 
control 

2291 6.710 ab 175.4 bc 

P0 slurry 
control  

1751 6.497 ab 147.4 cd 

P30 slurry 
control 

2332 6.835 a 248.1 a 

P0 grazed 
control  

1475 6.356 b 145.9 cd 

P30 Grazed 
control 

2017 6.468 b 117.8 d 
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4.3.7 Fungal community structure 

Fungal communities were also impacted by P addition, type of P addition (inorganic vs organic), and 

grassland management system (cut vs grazed). There were differences in communities identified 

down to genus level using deseq2, and these differences are highlighted in the supplementary 

materials. The top 20 dominant fungal genera are shown in figures in the supplementary materials.The 

most dominant genera in the control treatments were Mortierella and Ascobolus. In the glucose soils 

the most dominant genera were Mortierella and Cladosporium (Supplementary Materials).There were 

also significant differences in alpha diversity in both the glucose and control soils (Table 4.8 & 4.9). 

Interestingly, these were the opposite to what was seen in the 16S communities. In the glucose soils 

there was significantly higher diversity in the P0 grazed 13C treatment for both the Shannon and 

Simpsons indexes when compared with the P30 cut 13C and P30 slurry 13C (p<0.05) (Table 4.8). In the 

control treatments, the alpha diversity was significantly higher in both P0 grazed and P30 grazed when 

compared with P0 slurry, P30 slurry, and P30 cut (p<0.05)(Table 4.9).  

Across the grazed and cut sites, at different P levels (P0 and P30), differences in bacterial community 

structure were found (supplementary tables). PCA analysis preformed on the data set showed a 

distinction between the grazed and cut sites in both the glucose and the control troughs (Figure 4.13 

& 4.15). PCA analysis was also performed on the cut site in order to see differences between chemical 

fertiliser and slurry addition treatments. In both the glucose and the control soils there were distinct 

differences between all 4 treatments at the cut sight (Figure 4.14 & 4.16). Further analysis with a 

PERMANOVA showed there was a significant effect of treatment on the ITS fungal community 

structure in both the glucose and the control troughs (p<0.001). Pairwise Adonis analysis showed 

significant differences between each of the treatments for both the glucose (Table 4.6) and the control 

(Table 4.7) troughs. All treatments were significantly different from each other in the glucose troughs 

(Table 4.6). There was no significant difference in the P0 cut and P0 grazed treatments in the control 

troughs (Table 4.7). All other treatment combinations were significantly different in the control 

troughs (Table 4.7). Specific differences in fungal genus groups were analysed using the deseq2 

pipeline (Love et al., 2014), these differences can be seen in the supplementary material. In the 

glucose troughs, results from the RDA analyses showed that the fungal community was significantly 

influenced by available K, and pH (p<0.05) Figure 4.17). The fungal community in the control troughs 

were also significantly influenced by pH (p<0.05) (Figure 4.18).  
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Treatment Comparison Glucose 16S p-value ITS p-value 

P0 cut – P30 cut 0.03 0.04 

P0 slurry – P30 slurry 0.09 0.03 

P0 grazed – P30 grazed 0.03 0.03 

P0 cut – P0 slurry 0.07 0.03 

P0 cut – P0 grazed 0.03 0.03 

P0 slurry –P0 grazed 0.03 0.03 

P30 cut – P30 slurry 0.03 0.03 

P30 cut – P30 grazed 0.04 0.03 

P30 slurry – P30 grazed 0.03 0.03 

Treatment Comparison Control 16S p-value ITS p-value 

P0 cut – P30 cut 0.05 0.03 
P0 slurry – P30 slurry 0.03 0.03 

P0 grazed – P30 grazed 0.03 0.03 
P0 cut – P0 slurry 0.04 0.03 

P0 cut – P0 grazed 0.03 0.10 
P0 slurry –P0 grazed 0.02 0.04 
P30 cut – P30 slurry 0.03 0.03 

P30 cut – P30 grazed 0.04 0.03 
P30 slurry – P30 grazed 0.02 0.03 

Table 4.6: Results from the PERMAONVA pairwise analysis of the 16S bacterial community and ITS fungal 
community assessing the difference between treatments in the glucose troughs (n=4) 

 

Table 4.7: Results from the PERMANOVA pairwise analysis of the 16S bacterial community and ITS fungal 
community assessing the difference between treatments in the control troughs (n=4). 
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Table 4.8: Alpha diversity indexes (n=4) for the glucose ITS communities. Values shown here represent mean richness in 
each treatment. Letter represent significant differences between treatment (p<0.05). 

 

 

 

 

 

 

 

 

 

Table 4.9: Alpha diversity indexes (n=4) for the control ITS communities. Values shown here represent mean richness in 
each treatment. Letter represent significant differences between treatment (p<0.05). 

 

 

 

 

 

 

 

 

 

 

 

Glucose 
Treatment 

Chao1 Shannon Simpson 

P0 cut 13C ITS 246.00 a 3.96bc 20.73 ab 

P30 cut 13C 
ITS 

239.75 a 3.91 bc 17.48 b 

P0 Slurry 13C 
ITS 

312.75 a 3.986 bc 17.99 b 

P30 Slurry 13C 
ITS 

222.75 a 3.690c 13.54 b 

P0 grazed 13C 
ITS 

357.75 a 4.400 a 31.67 a 

P30 Grazed 
13C ITS 

282.00 a 4.22ab 29.25 a 

Control 
Treatments 

Chao1 Shannon Simpson 

P0 Cut control 

294.00 a 3.97 ab 18.58 ab 

P30 Cut control 

295.00 a 3.70 b 11.73 b 

P0 Slurry 
control 205.00 a 3.74 b 14.86 b 

P30 Slurry 
control 222.75 a 3.71 b 12.44b 

P0 Grazed 
control 276.66 a 4.15 a 24.62 a 

P30 Grazed 
control 340.00 a 4.16 a 26.27 a 
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Figure 4.7: Principal component analysis showing differences in bacterial 
community structure with treatment in the glucose troughs (n=4). 

Figure 4.8: Principal component analysis showing the differences in bacterial 
community structure with treatment at the cut site in the glucose troughs (n=4). 

Figure 4.9: Principal component analysis of bacterial community structure in the 
control troughs with treatment (n=4). 

Figure 4.10: Principal component analysis of bacterial community structure from 
the cut site in the control troughs with treatment (n=4). 
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Figure 4.11: Redundancy analysis of the glucose troughs by treatment (n=4). 
This graph highlights which of the soil nutrient properties are significantly 

influencing the bacterial community structure in these troughs. OM refers to 
organic matter content, PM refers to P Morgan’s measure of available P, K 

refers to K Morgan’s available K, and pH represents the soil pH. Each of these 
nutrient measurements significantly affected the bacterial community 

structure (p<0.05). 

Figure 4.12: Redundancy analysis of control troughs by treatment (n=4). This 
graph shows which soil nutrient properties are significantly influencing the 

bacterial community structure in the control troughs. In this graph, PM refer to 
available P as measured by P Morgan’s test, TC refers to total carbon content, 

and mineralisation shows the results from the 7-day anaerobic incubation 
measure of potential N mineralisation.  

Figure 4.13: Principal component analysis showing differences in fungal 
community structure with treatment in the glucose troughs (n=4). 

Figure 4.14: Principal component analysis showing the fungal in bacterial 
community structure with treatment at the cut site in the glucose troughs (n=4). 
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Figure 4.15: Principal component analysis of fungal community structure in the 
control troughs with treatment (n=4). 

 

Figure 4.16: Principal component analysis of fungal community structure from 
the cute site in the control troughs with treatment (n=4). 

Figure 4.17: Redundancy analysis of the glucose troughs by treatment (n=4). This 
graphs highlights which of the soil nutrient properties are significantly 

influencing the fungal community structure in these troughs. K refers to K 
Morgan’s available K, and pH represents the soil pH.  Each of these nutrient 

measurements significantly affected the fungal community structure (p<0.05). 

Figure 4.18: Redundancy analysis of control troughs by treatment (n=4). This 
graph shows which soil nutrient properties are significantly influencing the fungal 
community structure in the control troughs. In this graph, pH refers to the soil pH 

values. pH was significantly impacting microbial community structure in the 
control soils. 
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4.6 Discussion 

This study aimed to examine the addition of C, P, and grass management strategies on SOM 

decomposition, potential N mineralisation and microbial community structure. This was achieved by 

using soils of varying levels of added P fertiliser and fertiliser type (chemical and organic), from long-

term P trials. Alongside the varying P management, grassland management systems (cut silage system 

vs grazed by livestock system) and how this effects N mineralisation potential, the rate of SOM 

decomposition and priming, and microbial community structure were also examined. As was seen in 

other studies at both the cut (Massey et al., 2016; Sheil et al., 2016; Randall et al., 2019) and grazed 

(Griffiths et al., 2012; Chen et al., 2014) grassland sites, there was a significant effect of P addition 

treatments on the amount of available P (measured as P Morgan’s P). The treatments which did not 

receive any P had a lower amount of P compared to the P30 treatments that were receiving annual P 

additions (table 4.2) (Griffiths et al., 2012; Chen et al., 2014; Massey et al., 2016; Sheil et al., 2016; 

Randall et al., 2019). 

4.6.1 Potential nitrogen mineralisation is affected by grassland management and glucose addition  

There were differences in N mineralisation potential in the soils collected from both cut vs grazed 

grassland management systems; however, differences between P treatments were less defined here 

than in Chapter 3 where L. perenne was grown in the soils. In Chapter 3 the high P treatment in the 

cut system had the lowest N mineralisation potential and was significantly lower than the P0 slurry 

treatment. However, here the high P cut treatment is almost mineralising at the same rate as the P0 

slurry treatment. Overall in the planted system in Chapter 3, the rate of potential N mineralisation was 

higher than seen here in Chapter 4. In the control troughs there was a difference in N mineralisation 

potential between the grazed and cut system. The grazed treatments with both high and low P 

additions had a lower N mineralisation potential then the cut treatments. Therefore, the hypothesis 

that potential N mineralisation would be higher in the grazed system was rejected. It was expected 

that potential N mineralisation would be higher in the grazed treatments compared with the cut 

treatments due to the addition of livestock excreta. The excreta addition in the field would provide 

both the C energy source for mineralising activity and also nutrients to be mineralised. However, the 

potential N mineralisation assay used in this study is a net measure, so therefore N that becomes 

immobilised in soil is not measured as part of the NH4 pool. From the glucose soils, it is possible to 

hypothesise that immobilisation of available N occurred due to the increase in both microbial biomass 

C (which would require N to build up) and also the microbial biomass N size increase compared to the 

control P0 and P30 grazed treatments (Table 2). The repeated addition of glucose throughout the 

experiment could have promoted the use and immobilisation of more readily available organic N 

sources such as peptides and amino acids, and as the potential N mineralisation assay was only 
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preformed after the final day of addition the change in mineralisation and immobilisation of N over 

the course of the experiment cannot be quantified.  

There was no significant effect of glucose addition on potential N mineralisation and no significant 

differences between treatments in the glucose troughs. It was hypothesised that the addition of 

glucose to the troughs would increase potential N mineralisation. Despite the absolute values being 

higher, the difference between the glucose troughs and the control troughs was not statistically 

significant. However, there was an increase in microbial biomass C and N across all treatments with 

glucose addition (Table 4.2). There were also differences in microbial community structure between 

glucose and control soils (supplementary tables). This would suggest that immobilisation of N sources 

was occurring to increase the microbial biomass size. Again, the N that may have been immobilised 

from the SOM pool may not have been picked up by the net amount measured with the potential N 

mineralisation assay used in this study. During SOM-C decomposition it is expected that N is also 

released (Murphy et al., 2015). The rates of SOM-C decomposition measured as part of this study 

showed significant differences between treatments (Figure 4.5), this would suggest that N is also being 

released at different rates depending on the treatment. In order to measure the release of N as a gross 

measurement from SOM rather than the net amount measured in this study, the 15N poll dilution 

technique should be applied (Goerges and Dittert, 1998). Briefly, this methods uses the addition of a 

15N labelled source, and therefore any N released from SOM will have a 14N labelling. Using the two 

labels it is possible to determine the gross N mineralised in the soil, as any N release from SOM would 

have the native isotopic signature (Goerges and Dittert, 1998). 

In the P0 cut treatment, potential N mineralisation was higher in the control treatment than in the 

glucose treatment. The P0 cut control was also the only treatment where microbial biomass N was 

higher in the control compared to the glucose soil. However, as the microbial biomass C was higher in 

the glucose soil it is possible that N was mobilised to increase the microbial biomass C and, hence, this 

N was not measured in the potential N mineralisation assay. This is likely to be the case particularly as 

there is an increase in the rate of priming in the P0 cut treatment over the second week of the 

experiment (Figure 4.6). Also, as potential N mineralisation was only measured on the final day of the 

experiment, N that had been mineralised previously and used up was not recorded. As the P0 cut 

treatment has a history of being C limited, the increased rate of priming towards the end of the 

experiment and the lower N mineralisation in the glucose treatment but higher microbial biomass C 

could potentially indicate that N had been used by the microbial community to build soil C stocks while 

the labile C glucose source was available. 
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4.6.2 Soil organic matter decomposition was altered by organic nutrient addition and cutting  

As has been reported in previous studies, the addition of glucose increased total CO2 respiration 

(Garcia-Pausas and Paterson, 2011; Murphy et al., 2015). All of the P treatments in this study had an 

increase in total CO2 with glucose addition. However, the magnitude of this increase differed with the 

P and grassland management treatment. Although towards the end of the experiment variability in 

the control troughs increased in terms of the SOM-C decomposition rate, there were no significant 

differences between the treatments but also between each of the sampling time points. This highlights 

that the soils were well stabilised in the system prior to experimental analysis. It was expected that 

SOM-C decomposition rate would be larger in the higher P treatment, due to the increased microbial 

activity with increasing nutrient availability. In the cut and grazed management system, this 

hypothesis was confirmed. The P limited treatments had lower SOM-C decomposition rates compared 

with the higher P treatments. Due to P limitation, the microbial community in the P0 grazed treatment 

was less active than all other treatments, even with glucose addition. P limitation has been seen to 

reduce microbial activity in grassland soils in other studies (Randall et al., 2019). 

However, in the slurry treatments the hypothesis that treatments with higher P would have a higher 

rate of SOM-C decomposition was rejected as the SOM-C decomposition rate in the P0 slurry 

treatment was higher than the P30 slurry treatment in terms of absolute values at all time points and 

was significantly higher on days 2 and 4. This trend in the slurry treatments was also seen in the 

planted system described in Chapter 3. There was a significant effect of the slurry treatment on soil--

derived C mineralisation in this study. In this context, it is important to remember, as was outlined in 

Chapter 2, that the slurry and SOM decomposition sources to soil CO2 efflux cannot be distinguished, 

as there was no isotope label used in the slurry and hence it had the same isotope signature as SOM. 

It is possible that the decomposition rate in the P0 slurry treatment is higher as this system is more 

reliant on nutrients provided by the slurry addition and hence, as slurry cannot be distinguished from 

SOM in this study, it is possible that it is slurry nutrients being decomposed instead of SOM. Previous 

studies have shown that the addition of an organic fertiliser, such as slurry, increases soil microbial 

activity and hence soil respiration (Sørensen, 1998; Cui, 2017), which may be the case in the P0 slurry 

treatment. However, in the P30 slurry treatment SOM-C decomposition rate was the second lowest 

of all treatments. As the slurry added to this soil in the field was a mixture of C, N and P compounds, 

this could be in agreement with Blagodatskaya and Kuzyakov (2008) who hypothesised that the 

addition of a combination of C and N would reduce SOM decomposition as microbial communities use 

more freely available sources of C and N. However, in this study if the slurry was being mineralised it 

would have been seen in the CO2 flux. 
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It was hypothesised that SOM-C decomposition would be higher in the cut grassland system when 

compared to the grazed grassland system. This was supported as the rate of SOM-C decomposition 

was higher at both the P0 cut and P30 cut site compared with the P0 grazed and P30 grazed sites, 

respectively. There are several of potential explanations for this. Firstly, in the cut system there is a 

uniform removal of plant material, and hence nutrients and C in plant biomass are not returned to soil 

(Parsons et al., 2013); this can lead to limitation of the microbial biomass and therefore to an increased 

need to mineralise both C and N to maintain growth and activity. In comparison, in a grazed system, 

although nutrients are removed through grazing, these nutrients are returned to the soil via livestock 

excreta. The majority of N and P (65Kg yr-1 N and 13Kg yr-1 P) are returned in animal excreta and up to 

25-40% of C is also returned to the soil (Soussana et al., 2010; Parsons et al., 2013). Hence, the need 

to mineralise nutrients from SOM in a grazed site may be lower, as the addition of more labile forms 

of nutrients are available. Secondly, the starvation of the microbial biomass, particularly of C in the 

cut system, may encourage the decomposition of SOM to meet their C demand. The average microbial 

biomass C content was lower in the cut sites compared to that of the grazed sites (Table 4.2). The 

demand for nutrients can also be seen in potential N mineralisation, which is also higher in the cut 

sites (Figure 4.2). However, as the starvation state of the microbial biomass is potentially higher in the 

cut system this may have made this treatment more responsive to glucose addition. Similarly, when 

the grass is cut and removed there is a flush of C from the roots into the soil system. The higher 

decomposition of SOM-C in the cut sites may be a contributing factor in studies which has seen lower 

rates of C sequestration in cut silage-based grassland systems compared to in long term grazed 

systems (Fitter et al., 1997; Senapati et al., 2014; Ottaviani et al., 2021). 

4.6.3 The rate of priming was affected by phosphorus limitation and slurry addition 

It was expected that the rate of priming would increase with higher soil P. The increase demand of 

nutrients, and larger microbial biomass size, with higher P addition over time would increase the rate 

of priming as has been seen in Chapter 2. This was the case across each of the management systems: 

in the cut system – the rate of priming was higher in the P30 cut compared to the P0 cut, in the grazed 

system P30 grazed had a higher rate of priming than P0 grazed. However, on days 9 and 11 the P30 

slurry treatment had a higher rate of priming compared to the P0 slurry. At all other sampling times 

the P0 slurry treatment had a higher rate of priming. The P0 slurry treatment had the highest rate of 

priming on days 0, 2, and 7. However, the decomposition of SOM and slurry cannot be distinguished, 

and therefore it is possible that the nutrients applied in slurry are being primed here. Although, as this 

nutrient limited system is supplied with a labile C and N energy source, the P0 slurry treatment may 

be better equipped or alternatively have a microbial community that is better adapted to mining for 

nutrients compared to both the P0 cut and P0 grazed systems. Previous studies have shown that when 
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C and N are available, even in lower productivity systems, the rate of priming can increase (Murphy et 

al., 2015). The results of this study highlight that organic compounds in slurry additions may be used 

in preference to stabilised, native SOM, promoting SOM retention and sequestration. 

4.6.4 Bacterial community structures were altered by both phosphorus treatment and grassland 
management strategy  

Results from previous studies at these sites showed differences in microbial community structure, 

particularly at the grazed grassland site with soil P treatments (Chen et al., 2014; Randall et al., 2019). 

It is important in the context of this study to note that the differences between the cut and grazed 

sites cannot be fully explained by the management strategy, as there are slight differences in the 

grazed site soil type as the clay content, for example, was marginally higher. As well as this the soil pH 

in the cut sites was higher than at the grazed site and this was affecting the microbial community 

structure (Table 4.1). Results from the PCA analysis showed that there were significant differences in 

bacterial community with P fertilisation level (i.e. high vs low P) in this experiment. It has been 

previously shown that differences in P have an impact on soil microbial community structure (Tan et 

al., 2013; Chen et al., 2014; Ling et al., 2017; Ikoyi et al., 2018; Randall et al., 2019). In addition, the 

RDA analysis in this study showed that available P (PM) was significantly affecting the microbial 

community structure in both the glucose and control soils. 

The effect of P level occurred in all of the management strategies, cut, slurry, and grazed. However, 

more significantly, different genera were found between P0 grazed and P30 grazed (Supplementary 

Tables). Acidobacteria are one of the most abundant bacterial phyla in soils (Ge et al., 2008; Lee et al., 

2008) and in this study there were 132 significantly different genera found across the treatment 

combinations. In the cut site, of the significant differences, Acidobacteria genera were significantly 

more abundant in the P30 cut compared to the P0 cut treatment in the glucose soils. The relative 

abundance of Acidobacteria was also found to increase with higher P at this grazed site (Randall et al. 

(2019). In the current study, significant differences in the enrichment of Acidobacteria genera were 

found in the control soils where abundances were higher with the P30 grazed treatment 

(Supplementary Tables). This same trend also followed for the slurry treatment, where abundances 

were higher in the P30 slurry treatment. Acidobacteria are commonly reported in studies of 

agricultural soils; however, their ecological functions are not well understood (Nunes da Rocha et al., 

2013). Studies by Chen et al. (2014) and Wakelin et al. (2012) found that the abundance of 

Actinobacteria were linked with soil P status. The Streptomyces a member of Actinobacteria was found 

to be significantly higher in the P0 grazed treatment when compared with the P30 grazed, P0 cut, and 

P0 slurry treatments. Interestingly, Nelson et al. (2016) reported that Streptomyces are involved in N 

cycling activities, particularly the denitrification pathway. However, the P0 grazed treatment was not 
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associated with high N mineralisation. However, the abundance of Streptomyces may also be 

influenced by other factors as part of this experiment such as the rate of plant growth prior to soil 

sampling. Wakelin et al. (2012) reported that Actinobacteria abundances respond negatively to P 

fertilisation and this was also found to be the case in the P0 grazed control soils in this study when 

compared with the P30 grazed control soils. However, in the slurry treatment significant differences 

in the enrichment of Actinobacteria were found in the P30 slurry treatment when compared with the 

P0 slurry treatment.  

The addition of slurry at the cut site caused significant changes in microbial community structure. 

However, this was not seen at this site by Randall et al. (2019), this could be due to time of sampling 

(i.e. there has been more slurry addition in between the two studies) but also the difference in data 

analysis techniques used. In the P0 cut treatment, Chthoniobacter was significantly more abundant 

compared with the P0 slurry treatment. It is interesting to note that from the RDA analysis the 

bacterial communities from the glucose soils were influenced by organic matter content. It is thought 

that Chthoniobacter are involved in the breakdown of soil organic C (Sangwan et al., 2004). However, 

it is possible that the addition of glucose was stimulating this genus as a more labile form of C had 

been added to the soil. There were more significant differences between the control soils than the 

glucose soils for P0 cut vs P0 slurry. In the control P0 slurry treatment, Candidatus Nitrososphaera and 

Sideroxydans were significantly more abundant, both of which are involved in N cycling (Nelson et al., 

2016). However, it is not possible to say if this contributed to increased N mineralisation potential in 

the P0 slurry compared to the P0 cut treatment in the control soils. There were more differences in 

the enrichment of ASVs between the higher P treatments P30 cut vs P30 slurry (Supplementary 

tables).  

4.6.5 Fungal community structures were altered by both phosphorus treatment and grassland 
management strategy  

The dominant fungal group in agricultural grasslands is Ascomycetes (Deacon et al., 2006). This same 

trend was seen in this study where Ascomycota phylum had the most significant differences in terms 

of ASVs abundance between the different treatment combinations (fungi Supplementary Tables). Soil 

fungal communities are influenced by long-term fertiliser application in agricultural systems (Parfitt et 

al., 2010; Chen et al., 2014; Leff et al., 2015; Cassman et al., 2016). Significant differences in fungal 

community composition were seen in all treatment combinations except the P0 cut and P0 grazed 

treatment control soils (Table 4.5). This is in contrast to the bacterial community composition, where 

significant differences were found between the P0 cut and P0 grazed treatments (Table 4.5). Previous 

studies have found that in grazed grassland systems the application of P can alter the fungal: bacterial 

ratio in soil, and hence lead to changes to microbial community structure (Parfitt et al., 2010). Results 
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from the PCA analyses showed that there were distinct community groups between the grazed and 

the cut site, as well as distinct community groups within the cut site (Figures 4.13 and 4.14). It is 

important to note that soil pH was driving community structure in the fungal data set (Figures 4.17 

and 4.18). This is important as the pH at the cut site was higher than at the grazed site and may be the 

driver of the differences seen in this study.  

There were only 3 significant differences in fungal ASVs within the slurry treatment in the glucose 

soils. In fact, all of these differences were associated with the P30 slurry 13C soil. This could suggest 

that these genera (Clavaria, Absidia, Pseudogymnoascus) in the slurry and glucose soil were influenced 

by higher soil P. In the P0 slurry soils Glomeromycota (Archaeospora) was enriched. Glomeromycota 

are arbuscular mycorrhizal fungi (AMF) which form symbiotic relationships with plant roots, scavenge 

for nutrients in the rhizosphere, and have been known to assist in the uptake of immobile nutrients 

such as phosphate (Sanders and Tinker, 1971; Hodge et al., 2001). AMF symbiosis can also contribute 

to the decomposition of grass leaves and increase N capture (Hodge et al., 2001). In the context of 

this study, as Glomeromycota and in particular the genus Funneliformis was more often found in the 

lower P treatments (i.e. the P0s), it is possible that these groups were involved in P uptake in P limited 

systems. In the P0 grazed vs the P30 grazed control soil, the genus Paraglomerales was found to be 

enriched in the P0 grazed treatment. This genus is also part of the AMF group and previous studies 

have found that this genus is associated with soils lower in P as it assists plant roots in P uptake (Bolan, 

1991; Cassman et al., 2016). 

There were significantly different genera enriched between the cut (inorganic fertiliser addition) and 

slurry (organic fertiliser addition) treatments in both the glucose and control soils. Ikoyi et al. (2020) 

also found significant differences in the ITS community with inorganic and organic P fertiliser addition. 

However, only 3 genera (Supplementary Materials) in the P0 slurry control were enriched when 

compared with the P0 cut control. This would suggest that, although the treatments were significantly 

different, there was not a strong shift in the community structure in the P0 slurry control with the 

slurry addition. However, with the addition of glucose there were 11 genera (Supplementary 

Materials) that were enriched in the P0 slurry treatment compared with the P0 cut glucose soil. The 

addition of glucose appeared to stimulate the growth of some genera in the P0 slurry treatment 

(Supplementary Tables).  

4.7 Conclusion 

There were three main research strands as part of this study. First, the effect of the addition of P. It 

was hypothesised that P addition would increase N mineralisation, SOM decomposition, priming, and 

impact microbial community structure. This hypothesis was not supported in terms of N mineralisation 
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as treatments that received less P had a higher mineralisation potential. However, in terms of SOM 

decomposition and priming this hypothesis was supported as both increased with P addition. The 

effect on the microbial community structure was more difficult to support as although no differences 

were seen in terms of alpha diversity there was an effects of P addition on the relative abundance of 

ASVs. 

Secondly, the effect of type of P addition, was hypothesised that organic addition would increase N 

mineralisation, SOM decomposition, priming, and also impact on microbial community structure. In 

terms of N mineralisation potential, although higher with organic addition in the P0 slurry treatment, 

this hypothesis was not supported as differences in N mineralisation potential were not significant 

when considering the type of P addition. The hypothesis that SOM decomposition rate would increase 

was also not supported as in the P30 slurry treatment there was less SOM decomposition compared 

with the P30 cut treatment. However, the hypothesis that organic addition would impact on the 

microbial community structure was supported as there were differences in relative abundance as well 

as alpha diversity with organic addition.  

Finally, grassland management system was considered, with a comparison between cut and grazed 

grassland systems examined. It was hypothesised that in a cut grassland system, N mineralisation and 

SOM decomposition would be increased. Both hypotheses were supported, as both were found to be 

higher in the cut grassland system. Grassland management was also hypothesised to have an impact 

on microbial community and this was supported as there were significant difference in the relative 

abundance of both 16S and ITS ASVs between the grassland systems, as well as significant differences 

in alpha diversity.  
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Chapter 5 

The effect of soil pH on soil organic matter turnover and nitrogen mineralisation in grassland soils 

5.1 Introduction 

N is a limiting nutrient in most terrestrial ecosystems, particularly in systems used for agricultural 

production, and is one of the key nutrients required for plant growth (Vitousek and Howarth, 1991; 

Rütting et al., 2018). N limitation in some agricultural systems is overcome by the addition of inorganic 

fertilisers (Bouwman et al., 2013; Bodirsky et al., 2014; Schröder et al., 2016) that support plant growth 

but may lead to losses of N via leaching to waterways or losses to the atmosphere via greenhouse 

gases, such as N2O (Guignard et al., 2017; Rütting et al., 2018). Soil organic matter (SOM) is the largest 

store of soil N, however, this store of N is not generally available for direct plant uptake (Leinweber et 

al., 2013). Microbially mediated SOM mineralisation is required to transform the N stored in SOM to 

plant available forms (Murphy et al., 2017). Plants can promote microbial processes through root 

exudation of labile C compounds that are easily accessible to soil microorganisms and hence can 

stimulate microbial activity such as enzyme production, that increases N release from SOM (Kuzyakov, 

2010; Phillips et al., 2013; Sun et al., 2017). Understanding the microbially mediated processes 

involved in SOM mineralisation, and also other plant-microbial interactions (e.g. microbial community 

development in the rhizosphere) would allow better matching of N fertilisation rates with plant 

demand, reducing environmental losses and economic costs of N. However, there are a number of 

environmental factors that can also influence microbially mediated processes in soils such as water 

status, temperature and pH (Booth et al., 2005; Wang et al., 2015). Soil pH is often referred to in the 

literature as the “master soil variable”, as it influences soil physical, chemical, and biological processes 

(Brady et al., 2008; Neina, 2019; Žurovec et al., 2021). The effects of soil pH on microbial communities, 

structure, activity and abundance have been widely reported in the literature (Kemmitt et al., 2006; 

Page et al., 2009; Rousk et al., 2009; Rousk et al., 2010a; Rousk et al., 2010b; Zhalnina et al., 2015; 

Trivedi et al., 2016; Zheng et al., 2019; Abalos et al., 2020). It has been found that fungal communities 

are generally less sensitive to pH than bacterial communities (Lauber et al., 2008; Liu et al., 2018), and 

at low pH, fungal communities can have a higher abundance than bacterial communities (Fierer and 

Jackson, 2006; Rousk et al., 2009). However, the effect of soil pH on microbially mediated processes, 

such as those involved in SOM turnover, priming, and N mineralisation are less well understood. It can 

be considered that the microbial mediated processes could also be affected y by soil pH, as the effects 

on microbial community are so great (Cheng et al., 2013). 
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N transformation, and N transformation rates, particularly of nitrification and denitrification, have 

been shown to be influenced by soil pH in a variety of agricultural systems (Zhang et al., 2018; Zhu et 

al., 2019). Soil pH can also impact on SOM decomposition, and thus N release from the SOM pool, 

through altering the solubility of soil organic carbon (SOC) or through changes to microbial biomass 

and activity (Andersson et al., 2000; Bertrand et al., 2007; Briedis et al., 2012; Wang and Tang, 2017; 

Herold et al., 2018). Microbial and enzymatic activity are higher in soils ranging in pH from 5-8 than in 

soils that have lower pHs (Blagodatskaya and Anderson, 1998). A study by Perelo and Munch (2005) 

showed that the magnitude of the priming effect was higher in soils with a pH of 6.1 compared with 

soil of a pH of 5.9 or less and the optimum pH for soil priming is considered to be in the range pH 6-8 

(Blagodatskaya and Kuzyakov, 2008; Aye et al., 2017; Aye et al., 2018). Previous studies have also 

found that N mineralisation can be effected by soil pH (Bolan et al., 2003; Bolan and Hedley, 2003), 

with the optimum soil pH for N mineralisation reported to be approximately pH 6 (Blagodatskaya and 

Anderson, 1998). However, there are few studies that have examined the effect of soil pH on SOM 

decomposition, priming and N mineralisation in a planted system (Ahmad et al., 2013), as most studies 

have examined these effects through the addition of glucose or lignin based stable isotope labels. This 

study provides a unique opportunity to examine the effect of long-term soil pH treatments on SOM 

decomposition in a planted grassland soil.  

In areas where the amount of rainfall is often higher than the rate of evapotranspiration, such as 

Ireland, this can lead to the acidification of soils (Corbett et al., 2021). Lime is a commonly used 

agricultural practice to combat the detrimental effects of soil acidification (Paradelo et al., 2015; Aye 

et al., 2016; Holland et al., 2018; Corbett et al., 2021). The main purpose of lime addition is to 

neutralise hydrogen ions (H+) that are in excess in the soil solution, and hence increase soil pH (Bolan 

et al., 2003). Liming generally has a positive influence on soil, as it can improve soil structure, increase 

nutrient availability, and soil microbial activity (Holland et al., 2018; Žurovec et al., 2021). Liming of 

soils can improve soil structure through increasing soil water holding capacity, improving aggregate 

stability by increasing the pore space between aggregates, which also improves soil hydraulic 

conductivity (Haynes and Naidu, 1998; Bolan et al., 1999; Tran et al., 2014; Blomquist et al., 2018). 

Changes to aggregate stability (particularly between clay and organic particles) can also cause changes 

to SOC stability (and accessibility to microbial communities), and hence SOM mineralisation (Fuentes 

et al., 2006). Liming of soils also plays an important role in nutrient availability through increasing the 

cation exchange capacity and soil surface charge (Li et al., 2019). Lime neutralises acidic cations such 

as H+, which increases the availability of nutrients such as P, K, and S (Bolan et al., 2003), as well as 

supplying Ca2+ and Mg2+ (depending on the type of lime used) which are also important nutrients for 

crop growth. Also, liming has also been reported to increase root density (Tang et al., 2003), which 
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has potential to increase root respiration and exudation (Kunhikrishnan et al., 2016), with potential 

impacts on the rate of priming and SOM decomposition. Plant- soil-microbe interactions impact on 

nutrient availability in agricultural systems, including through SOM decomposition and N 

mineralisation. However, how the impact of liming soils effects the mechanisms involved in nutrient 

cycling and in particular the mechanisms involved N cycling dynamics is still poorly understood.  

In Chapter 2 of this thesis provided evidence that as soil pH increased N mineralisation also increased, 

indicating a potentially important role for pH in the rate transformation of N from the SOM pool. 

Further there was evidence in both Chapter 2 and Chapter 4 that pH had a significant influence on 

microbial community structure. The combination of N mineralisation potential, SOM decomposition, 

and microbial community dynamic is not widely reported in the literature. Therefore, this study will 

examine the impacts of soil pH and liming on priming, SOM decomposition, N mineralisation and the 

associated microbial community structure, to investigate in more detail the findings of Chapter 2 and 

3. In this study it was hypothesised that N mineralisation would increase with increasing soil pH and 

liming, and that the highest potential mineralisation rate would be in soil with the highest pH, which 

received the most lime. It was further hypothesised that SOM decomposition rate would be highest 

in soils with higher pH, and would increase with increasing pH. Finally, it was hypothesised that 

microbial community structure would be altered by soil pH, with the greatest differences in microbial 

communities observed where differences in pH were greatest. These hypotheses were tested using 

soils from a long-term pH field experiment, where lime treatments were applied in the field over eight 

years that were then incubated in a 13C labelling chamber under Lolium perenne, a common grass 

species used in Irish pastures 

5.2 Methods 

To address the stated hypotheses soil from a long-term grassland pH trial was used as a basis of an 

incubation experiment that sought to measure potential N mineralisation, SOM decomposition rate, 

and the associated microbial community structure. This field site last received lime more than 12 

months before this study was undertaken. However, SOM decomposition rate was labelled as Soil-C 

decomposition rate in this chapter as there was an enrichment from lime dissolution (part of the CO2 

flux that was measured as SOM was CO2 flux from CaCO3 lime dissolution) as part of the VH treatment. 

However, the VL, L, and H treatments did not show any lime dissolution.  

5.2.1 Site description and soil sampling 

The selected trial site was located at Johnstown Castle Research Centre Farm, Co. Wexford, Ireland 

(52◦17ʹ47ʹʹN 6◦30ʹ25ʹʹW). This site was first established in 2011 as a liming and phosphorus trial under 

a perennial ryegrass (Lolium perenne) monoculture, to investigate lime, N, P, and K dynamics in a 
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grassland system (Sheil et al., 2016; Žurovec et al., 2021). The soil at this site is a moderately drained 

brown earth (Stagnic Cambisol, ISSU-WRB and group (2015)). It has a loamy texture with sand 49%, 

silt 29%, and clay 22% content (Žurovec et al., 2021). This trial was set up as a randomised block design, 

with each plot measuring 1.5 X 6m and four replicate plots for each treatment. There were four lime 

and four phosphorus treatments, as well as two K treatments (Figure 5.1). Lime application was as 

ground limestone, CaCO3, P as triple super phosphate, 16% P, and K as Potash (Figure 5.1). N was 

applied equally across all treatments as Sulfa CAN (calcium ammonium nitrate with sulphur, 26% – N; 

5% – S). Application rates of all nutrient management additions can be seen in Figure 1. Plots were 

harvested as a cut and remove silage-based system 8-9 times a year depending on winter growth rate 

(Figure1). 

Lime and pH treatments in this field trial were as follows: 

VL – no lime application  

L – 5 t ha-1 lime applied in 2011 

H- 5 t ha-1 lime applied in 2014 and 1.5 t ha-1 applied in January 2019 

VH- 5 t ha-1 lime applied in 2011, 2014 and 5 t ha-1 applied in January 2019 

While all pH treatment levels were sampled, only the P60 treatment receiving 250 kg ha -1 K (Figure 

5.1) was selected for this study. This was to ensure that there was no nutrient limitation within the 

treatments. Soil samples were taken in December 2019 and were taken using bulk sampling to a depth 

of 10cm following a “W” pattern from each replicated plot and homogenised to form one composite 

sample per treatment. Samples were stored at 4oC prior to the establishment of the stable isotope 

labelling experiment.  
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Figure 5.1: Plot trial layout and nutrient addition information at the Johnstown Castle Research Centre Farm. For the purpose of this study, all pH treatments (VL, L, H, VH) at P60 and K250 
were sampled. 
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5.2.2 Pot and 13CO2 depleted labelling tank set up, and measurements 

Methods here were similar to those used in Chapter 3 (3.2.2). The pots used and were packed as 

described in Chapter 3 (3.2.2). The same plant species (Lolium perenne) was also used, and sowing, 

and maintenance of the pots was the same as in Chapter 3 (3.2.2). The environmental setting for the 

labelling chamber such as daylight hours and temperature were also previous described in Chapter 3 

(3.2.2). The style of isotope labelling used in this chapter differed slightly from Chapter 3. From the 

day of sowing to harvest at the end of the experiment, the labelling chamber was flushed with CO2-

free air at 10L min-1, and with 13C depleted CO2 (-38‰) supplied at 25L min-1 with a CO2 

concentration of 400μl L-1 (Paterson et al., 2007). Flows were controlled using Mass Flow Controllers 

(Flotech Solutions, Stockport, UK). The delta value and CO2 level were checked regularly throughout 

the experiment using an isotopic gas bench (details in Chapter 3 (3.2.2) and EGM-4 infrared gas 

analyser (EGM-4, PP-Systems, Amesbury, USA).  

Gas sampling was carried out as previously described in Chapter 3 (3.2.2). However, the duration of 

this experiment was shorter, as there were only four sampling periods. Gas samples were analysed on 

the isotopic gas bench as described in Chapter 3 (3.2.2). 

5.2.3 Soil and crop sampling on the final day (Day 32) of the experiment 

At the end of the gas sampling period (Day 32) pots were harvested. Soil was collected from the pots 

and analysed for total pH, total C, total N, OM, available P, and available K. Shoots and roots were also 

harvested, dried, and weighed as described in section 3.2.2. Roots and shoots were also analysed for 

their nutrient content C, N, P, K, and sulphur (S). A subsample of soil was also placed directly into the 

-80°C freezer for DNA-based microbial studies. Calculations were also carried out as described in 

Chapter 3 (section 3.2.2, Equation 1-2) 

5.2.4 Seven-day anaerobic incubation – Potential nitrogen mineralisation assay 

This procedure was carried out as was described in Chapter 3 section (3.2.3). There were no 

modifications to the method for this chapter. 

5.2.5 Microbial biomass extraction carbon, nitrogen, and phosphorus 

Microbial biomass C, N, and P were determined using chloroform fumigation-extraction on fresh soil 

samples, methods were previously described in Chapter 3 section 3.2.4  

5.2.6 Soil nutrient analyses 

Nutrient analyses of total C, total N, OM, and available P and K were carried out as previously 

described in section Chapter 3 section 3.2.6. 
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5.2.7 DNA extraction and sequencing 

Methods for DNA extraction and sequencing were identical to Chapter 4 section 4.2.7 and section 

4.2.8 as samples were extracted and sent for sequencing at the same time under the same laboratory 

conditions.   

5.2.8 Statistical analyses  

As with Chapter 2 section 2.3.7 and Chapter 3 section 3.2.7.data analysis was performed in R Studio 

4.2.0 (R Core Team, 2021). Statistical significance was determined at p<0.05.  

5.2.9 Data handling and analyses of microbial data  

Analysis of the data produce from the sequencing of the 16S and ITS communities was carried out as 

described in Chapter 2 section 2.3.8. 

5.3 Results  

5.3.1 Plant biomass and root and shoot tissue nutrient concentration 

The results expressed here represent material harvested on the final day of the experiment (Day 32). 

At the end of the experiment the H treatment had the highest absolute mean shoot biomass, and the 

L treatment had the highest absolute mean root biomass (Table 5.1). There were no significant 

differences in biomass of either shoot or root material between the treatments.  

In the shoot material the VH treatment had a significantly higher K (mg g-1) concentration than the VL 

treatment (p<0.01) (Table 5.1). The N concentration of the shoot material was significantly higher in 

the VL treatment when compared with the L and H treatments (p<0.01) (Table 5.1). The shoot sulphur 

concentration was also significantly higher in the VL treatment compared to the VH treatment 

(p<0.01). There were no significant differences in plant shoot P and C. In the root material, total N 

content was significantly higher in the VL treatment (p<0.01) when compared with the L treatment 

(Table 5.1). There were no significant differences in P, K, sulphur, C in the root material between the 

different treatments.  
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Table 5.1: Plant biomass, root and shoot tissue data (n=4) data in parentheses = standard error. Letters represent 
significant differences between treatments (p<0.05). 

Treatment 
Biomass 

(g) 
C (%) N (%) P (%) K (%) S (%) 

Shoot       

VL 

1.52 
(±0.04) 

 

39.90 
(±0.76) 

a 

2.13 
(±0.14) 

b 

0.24 
(±0.00) 

a 

0.81 
(±0.03) 

a 

0.19 
(±0.00) 

a 

L 

1.52 
(±0.01) 

 

38.18 
(±0.96) 

a 

1.50 
(±0.04) 

a 

0.23 
(±0.00) 

a 

0.93 
(±0.03) 

ab 

0.15 
(±0.00) 

ab 

H 

1.76 
(±0.26) 

 

37.73 
(±1.65) 

a 

1.49 
(±0.09) 

a 

0.26 
(±0.01) 

a 

0.99 
(±0.05) 

b 

0.14 
(±0.01) 

a 

VH 

1.58 
(±0.09) 

 

38.13 
(±0.85) 

a 

1.87 
(±0.10) 

ab 

0.24 
(±0.01) 

a 

1.09 
(±0.05) 

b 

0.17 
(±0.01) 

bc 
Root       

VL 

2.91 
(±0.09) 

 

23.22 
(±1.03) 

a 

1.03 
(±0.01) 

b 

0.17 
(±0.00) 

a 

0.61 
(±0.03) 

a 

0.10 
(±0.00) 

a 

L 

3.93 
(±0.60) 

 

17.28 
(±1.38) 

a 

0.76 
(±0.05) 

a 

0.16 
(±0.01) 

a 

0.56 
(±0.05) 

a 

0.08 
(±0.01) 

a 

H 

2.78 
(±0.21) 

 

22.25 
(±1.35) 

a 

0.86 
(±0.06) 

ab 

0.17 
(±0.01) 

a 

0.68 
(±0.04) 

a 

0.09 
(±0.01) 

a 

VH 

2.79 
(±0.48) 

 

20.45 
(±1.98) 

a 

0.94 
(±0.08) 

ab 

0.17 
(±0.01) 

a 

0.65 
(±0.05) 

a 

0.10 
(±0.01) 

a 

 

5.3.2 Soil properties in the planted and fallow treatments 

Soil results here are also representative of soil samples taken on the final day (Day 32) of the 

experiment. As was expected, there was a significant difference in soil pH between pH treatments 

(p<0.01) (Table 5.2). The lowest pH on average was in the VL fallow treatment and the highest pH on 

average was in the VH fallow treatment (Table 5.2). In the planted pots, the H treatment had a 

significantly lower total N concentration then the L planted treatment (p<0.01). There was no 

significant difference in total N in the fallow pots. The OM content in the H treatment in both the 

planted and fallow pots were significantly lower than all other treatments (p<0.01) (Table 5.2). P, 

measured as available P Morgan’s, was significantly higher in the VH planted and fallow pots when 

compared with all other treatments (p<0.01). The H treatment was also significantly higher in available 

P when compared with the L and VL planted pots (p<0.01) (Table 5.2). The fallow pots had significantly 

higher available K compared to the planted pots (p<0.01). In the planted pots the VL treatment had 

significantly higher K compared with the L and VH treatments (p<0.01) (Table 5.2). 
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Table 5.2: Soil nutrient data from plant and fallow pots (n=4) data in parentheses = standard error. Letters represent 
significant differences between treatments (p<0.01). 

 
Potential 

N Min 
Soil pH TN OM TC PM KM MBC MBN MBP 

Planted 
NH4 g-1 
dry soil 

 % % % mg Kg-1 mg Kg-1 ug g-1 ug g-1 ug g-1 

VL 

23.99 
(±7.56) 
ab 

4.67  
(±0.01)  
b 

0.30  
(±0.00) 
ab 

7.35  
(±0.06) 
bc 

3.10  
(±0.02) 
ab 

6.57  
(±0.10) 
a 

34.65 
(±0.56) 
b 

230.81 
(±6.37) 
a 

17.30  
(±3.06) 
a 

23.15 
(±7.45) 
a 

L 

45.65  
(±4.29) 
abc 

5.11  
(±0.01)  
d 

0.33  
(±0.03) 
b 

7.31 
(±0.06) 
abc 

3.61  
(±0.38) 
b 

7.80  
(±0.06) 
ab 

30.10 
(±0.57) 
a 

209.01 
(±24.03) 
a 

42.78  
(±2.19) 
abc 

25.48 
(±6.16) 
a 

H 

56.48  
(±3.44) 
bc 

5.75  
(±0.02)  
f 

0.27  
(±0.00) 
a 

6.93  
(±0.07) 
ab 

2.93 
(±0.07) 
a 

10.34 
(±0.31) 
d 

30.65 
(±0.93) 
ab 

243.37 
(±7.57) 
a 

51.35 
(±0.89) 
bc 

24.29 
(±1.34) 
a 

VH 

68.93 
(±10.16) 
c 

6.41  
(±0.06)  
g 

0.29  
(±0.00) 
ab 

7.65  
(±0.18) 
c 

3.12 
(±0.04) 
ab 

16.05 
(±0.41) 
e 

28.35 
(±0.39) 
a 

200.19 
(±45.93) 
a 

56.37 
(±12.31) 
c 

23.50 
(±2.22) 
a 

Fallow           

VL 

17.37 
(±8.17) 
a 

4.45  
(±0.01)  
a 

0.32  
(±0.00) 
ab 

7.64  
(±0.09) 
c 

3.15 
(±0.04) 
ab 

8.17  
(±0.12) 
bc 

41.35 
(±0.95) 
c 

228.20 
(±9.20) 
a 

24.74 
(±12.33) 
ab 

20.25 
(±3.50) 
a 

L 

53.21 
(±3.14) 
bc 

4.90  
(±0.01)  
c 

0.31 
(±0.00) 
ab 

7.57  
(±0.22) 
c 

3.24  
(±0.05) 
ab 

8.50  
(±0.03) 
bc 

52.28 
(±0.44) 
d 

216.79 
(±5.38) 
a 

58.32 
(±1.55) 
c 

18.19 
(±3.62) 
a 

H 

50.64 
(±10.84) 
abc 

5.61  
(±0.02)  
e 

0.28  
(±0.00) 
ab 

6.69  
(±0.18) 
a 

2.94 
(±0.02) 
a 

9.70  
(±0.18) 
cd 

49.38 
(±0.85) 
d 

202.06 
(±9.59) 
a 

35.08 
(±2.93) 
bc 

18.68 
(±4.36) 
a 

VH 

77.88 
(±5.74) 
c 

6.54  
(±0.04) 
 g 

0.31 
(±0.01) 
ab 

7.48  
(±0.14) 
bc 

3.25 
(±0.07) 
ab 

18.86 
(±0.74) 
e 

44.90 
(±1.72) 
c 

182.06 
(±13.90) 
a 

57.93 
(±1.21) 
c 

18.60 
(±1.44) 
a 

 

5.3.3 Potential nitrogen mineralisation  

Potential N mineralisation varied with treatment (Figure 5.2), and was significantly affected by pH 

treatment (p<0.0001). However, there was no significant difference in N mineralisation potential 

between planted vs fallow pots. Results from the Tukey analysis showed that the VH treatment had a 

significantly higher N mineralisation potential compared to the VL treatment (p<0.01) in both the 

planted and the fallow pots. There was a significant effect of soil pH on potential N mineralisation 

(p<0.001, r2=0.6). There was also a significant effect of available soil P (measured as P Morgan’s) on 

potential N mineralisation (p<0.001, r2=0.5). 



 

131 
 

 

Figure 5.2: Potential nitrogen mineralisation measure using a 7-day anaerobic incubation test (n=4). This graph shows all 
treatments in both the planted and the fallow pots. Letters denote statistically significant differences between the 

treatments measure using ANOVA and Tukey test (p<0.05). 

5.3.4 Soil microbial biomass carbon, nitrogen, phosphorus 

There were no significant differences in microbial biomass C and P between the treatments and 

planted vs fallow pots (Figure 5.3). The H planted treatment had the highest mean microbial biomass 

C (Table 5.3). Microbial biomass N was significantly difference between treatments (Figure 5.3). The 

VL planted treatment had a significantly lower microbial biomass nitrogen compared with the H 

planted, L fallow, VH fallow and VH planted treatments (p<0.05). Regression analysis showed that 

microbial biomass C and P were not significantly influenced by soil pH. However, microbial biomass N 

was significantly affected by soil pH (p=0.001, r2=0.3). Potential N mineralisation was significantly 

influenced by microbial biomass C (p=0.015, r2=0.2), and microbial biomass N (p=0.002, r2=0.03). There 

was no significant effect of microbial biomass P on N mineralisation potential.  
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Figure 5.3 (a-c): Microbial biomass carbon (a), nitrogen (b), and phosphorus (c) (n=4). Significant differences between 
the treatments in microbial biomass N are marked with letters (p<0.05). 

 

 

5.3b 

5.3a 

5.3c 
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5.3.5 Total CO2 respiration and soil organic matter carbon decomposition 

There was a significant effect between planted and fallow pots on total CO2 efflux (p<0.05), this trend 

varied between treatments (Figure 5.4). However, the general trend was that CO2 respiration was 

higher in the planted pot compared to the fallow pot (Figure 5.4). There were significant differences 

in total respiration between treatments (p<0.05), at each sampling point (Figure 5.4).  At days 14 and 

21 only the VH treatments were different to the other treatments (Figure 5.4). At day 27, the 2 H 

treatments were different to each other; VH fallow was different to all except VH planted and VL 

fallow; VH planted was different to VL fallow (Figure 5.4). At day 32, H-fallow and VL fallow were 

different to all other treatments except L fallow, L planted, it should be noted that VL fallow was 

different to L planted (Figure 5.4). Respiration rate increased over time in the VL, L, and H planted 

treatments (Figure 5.4). 

 

Figure 5.4: Total CO2 flux as measure during the experimental period for both the planted and fallow pots (n=4). 
Different letters indicate significant differences between treatments at each time point (p<0.05).  

Soil derived CO2-C is a measure of the decomposition rate of the non-plant sources throughout the 

experiment. As previously stated, in the VH treatment part of the CO2 from lime dissolution was 

recorded with the SOM derived and so therefore this flux is being referred to as the Soil-C 

decomposition. However, there was no lime dissolution found in the VL, L, and H treatments. There 

was an overall significant effect of treatment on Soil-C decomposition rate (p<0.05). However, there 

was no significant difference in Soil-C decomposition between sampling time points. There was also 

no significant difference in Soil-C decomposition rate between the planted and fallow pots. The 

highest rate of average of Soil-C decomposition occurred in the VH fallow treatment on days 21, 27, 

and 32 (Figure 5.5). The VH planted and fallow pots were significantly higher than all other treatments 

on days 14 and 21 (p<0.05) (Figure 5.5).  



 

134 
 

 

Figure 5.5: Soil carbon decomposition measured over time (n=4). Treatments are represented by colours. Letters 
represent significant differences between treatments at each sampling time point (p<0.05). 

Specific microbial biomass C activity was measured on the final day of the experiment (Day 32) With 

the exception of L planted and VH planted, VH fallow pots were significantly higher in specific microbial 

activity compared with the other treatments (p<0.05) (Figure 5.6). For the liming treatments, there 

were no significant differences between the planted and the fallow pots. There was a significant effect 

of soil pH status on the specific microbial activity (p<0.01, r2= 0.4). The specific microbial activity was 

also found to significantly affect N mineralisation potential (p<0.001, r2= 0.3). 

 

Figure 5.6: Specific activity of microbial biomass carbon (n=4). Measured as the soil organic matter derived carbon 
divided by the microbial biomass carbon for each treatment. The measurements represented here are from day 32 the 

final sampling point of the sampling. Letters represent significant differences between the treatments (p<0.05). 
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5.3.7 16S bacterial and archaeal community structure  

The dominant 20 most abundant microbial genera across each of the treatments and pot types are 

shown in Figure 5.8. Candidatus Udaeobacter and Gaiella were dominant in all treatments (Figure 5.8). 

As well as this Candidatus Nitrosotalea was dominant in the VL treatments (Figure 5.8). Significant 

differences in alpha diversity were found for the Shannon index between VH fallow vs VL planted and 

VH fallow vs VL fallow, for the Simpsons index VH fallow vs VL planted, VL fallow, H planted, H fallow, 

and L fallow, and for the Chao index VH planted vs VH fallow vs VL planted and VL fallow (p<0.05) 

(Table 5.3). Results from the PCA analysis show that PC1 separates VL and L treatments from each 

other and all other treatments; H and VH are also separated (Figure 5.7). PC2 separates VL and L from 

H and VH but VL and L on PC2 are not separated from each other, nor is H and VH (Figure 5.7). There 

were significant differences in microbial 16S community structure between the different pH 

treatments (PERMANOVA, p<0.01). Pairwise Adonis analysis showed that there were significant 

differences between the pH treatments in both the planted and the fallow pots (Table 5.4). When 

comparing the planted pots with the fallow pots in the same pH treatment, there was only a significant 

difference in 16S community structure between the planted and fallow pots in the L treatment 

(p<0.05) (Table 5.4). Specific differences in microbial community structure at genus level using ASV 

data were assessed using the Deseq2 pipeline (Love et al., 2014) and resulting tables can be seen in 

supplementary material, overall, the most differences were found between the VH and VL treatments. 

An RDA analysis showed that the 16S community structure was significantly influenced by pH and OM 

content (p<0.01) (Figure 5.9). pH is particularly driving the community in the L planted and fallow 

treatments (Figure 5.9).  

Table 5.3: Alpha diversity indexes (n=4) for the 16S communities. Values shown here represent mean richness in each 
treatment. Letters represent significant differences between treatment (p<0.05).  

Treatment Chao1 Shannon In v. Simpson 

VH Planted 
3638 

b 
7.263 

ab 
387 
ab 

VH Fallow 
4002 

b 
7.327 

b 
420.5 

b 

H Planted 
2240.6 

ab 
6.643 

ab 
198 

a 

H Fallow 
2270 

ab 
6.725 

ab 
203.2 

a 

L Planted 
3066 

ab 
6.9 
ab 

220.3 
ab 

L Fallow 
2057 

ab 
6.573 

ab 
173.8 

a 

VL Planted 
1839.6 

a 
6.259 

a 
156.3 

a 

VL Fallow 
1759 

a 
6.208 

a 
130.3 

a 
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Figure 5.7 Principal component analysis showing clustering of microbial 16S community structure (n=4). Treatments are 
highlighted by colour.   
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Figure 5.8: The twenty dominant microbial genera in terms of relative abundance of 16S sequencing in each of the pH treatments 
within the planted and the fallow pots (n=4) 

.
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Table 5.4: Results from the PERMANOVA pairwise analysis of the 16S bacterial community assessing the difference 
between treatments in the planted and fallow pots (n=4). The second set of treatments assessing the significant 

difference in community with pH treatment between planted and fallow pots. 

Treatment Planted p-value Fallow p-value Treatment p-value 

VH vs H 0.028 0.028 
VH planted vs VH 

Fallow 
0.102 

VH vs L 0.024 0.023 
H planted vs H 

fallow 
0.601 

VH vs VL 0.028 0.037 
L planted vs L 

fallow 
0.048 

H vs L 0.024 0.030 
VL planted vs VL 

fallow 
0.361 

H vs VL 0.037 0.039 -  

L vs VL 0.029 0.043 -  

 

 

Figure 5.9: Redundancy analysis by pH treatment in the planted and fallow pots (n=4). This graph shows which soil 
nutrient properties are significantly influencing the 16S community structure. In this graph both soil pH and organic 

matter content are significantly influencing the 16S community structure.  

 

5.3.8 ITS fungal community structure 

The dominant 20 most relatively abundant fungal genera across each of the treatments and pot types 

are shown in Figure 5.10. The VL planted treatment was removed due to errors while sequencing. The 

dominant genus in all treatments was Mortierella (Figure5.10). Overall, alpha diversity was 

significantly different with pH treatment when measured using the Shannon and Simpson indexes 

(p<0.01), however, there was no significant difference under the Chao index. Significant differences in 

alpha diversity with the Shannon index included VL fallow vs L fallow and VH plant vs VH fallow 

(p<0.05) (Table 5.5), with the Simpsons index VL fallow vs VH fallow were significantly different 

(p<0.05) (Table 5.5). Results from a PCA analysis showed along PC1 the VL fallow treatment was 
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clustered separately to all other treatments (Figure 5.11). On PC2 both the H planted and fallow pots 

clustered separately from the other treatments. Overall, there were significant differences in ITS 

community structure between the different pH treatments (PERMANOVA, p<0.01), further to this the 

Pairwise Adonis analysis showed that there were significant differences between the pH treatments 

in both the planted and the fallow pots (Table 5.6). However, within treatment there were no 

significant differences between planted and fallow pots. When comparing the planted pots with the 

fallow pots in the same pH treatment there were no significant difference (Table 5.6). Specific 

differences in fungal community structure, at genus level using ASV data were assessed using the 

Deseq2 pipeline (Love et al., 2014) and resulting tables can be seen in supplementary material, overall, 

there were less differences in the fungal communities compared with the bacterial communities. An 

RDA analysis showed that the fungal ITS community structure was similarly significantly influenced by 

pH and OM content (p<0.01) (Figure 5.12). pH is correlated with the L planted and L fallow 

communities and OM is driving the H planted treatment (Figure 5.12). 

Table 5.5: Alpha diversity indexes for the ITS communities (n=4). Values shown here represent mean richness in each 
treatment. Letters represent significant differences between treatment (p<0.05). 

Treatment Chao1 Shannon Simpson 

VH Planted 358.5 
4.177 

ab 
18.51 

c 

VH Fallow 349.5 3.939 b 17.768 c 

H Planted 443.2 4.575 ab 35.8 abc 

H Fallow 390.8 4.429 a 29.43 ab 

L Planted 287 4.269 ab 29.14 abc 

L Fallow 428.2 4.317 ab 23.36 bc 

VL Fallow 430.8 4.53 a 40.01 a 

 

Table 5.6: Results from the PERMANOVA pairwise analysis of the ITS fungal community assessing the difference 
between treatments in the planted and fallow pots (n=4). The second set of treatments assessing the significant 

difference in community with pH treatment between planted and fallow pots. 

Treatment Planted (p-value) Fallow (p-value) Treatment 
 

p-value 

VH vs H 0.032 0.029 VH planted vs VH Fallow 0.544 

VH vs L 0.046 0.366 H planted vs H fallow 0.452 

VH vs VL NA 0.026 L planted vs L fallow 0.184 

H vs L 0.025 0.029 VL planted vs VL fallow NA 

H vs VL NA 0.024 - 
 

L vs VL NA 0.025 - 
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Figure 5.10: The twenty dominant fungal genera in terms of abundance of the ITS sequencing in each of the pH treatments and pot types (n=4). 
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Figure 5.11: Principal component analysis of the ITS fungal communities showing clustering of communities with pH treatment (n=4). 

  

Figure 5.12: Redundancy analysis by pH treatment in the planted and fallow pots (n=4). This graph shows which soil nutrient properties 
are significantly influencing the ITS fungal community structure. In this graph both soil pH and organic matter content are significantly 

influencing the ITS fungal community structure. 
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5.4 Discussion  

This study aimed to determine whether there was an effect of soil pH on potential N mineralisation, 

soil-C decomposition and the associated microbial community structure. Utilising soils from a long-

term pH trial with a pH gradient enabled us to assess the longer-term effects of pH management.  

Soil pH is an important factor in determining soil nutrient availability. Soil pH can both increase and 

decrease soil nutrient availability through the balance of cations and anions which can cause particular 

nutrients to become locked up (Rengel, 2002; Essington, 2015) and also through the influence of soil 

pH on microbial community structure and processes such as SOM decomposition (Wang and Tang, 

2017). It is therefore important to examine the effect of soil pH on microbially mediated N 

mineralisation, as well as on plant growth, to gain a deeper understanding of N availability with soil 

pH, and also to build towards soil specific N advice.   

5.4.1 Plant tissue nutrient content was affected by soil pH 

Shoot and root biomass were not significantly different between the pH treatments. A field study 

carried out at the same site as this study also found no significant effect of lime addition on overall 

grass yield (Žurovec et al., 2021).Variation in grass yields with lime also occurred in a study by Sheils 

et al. (2014), who found that with low soil pH grass yield increased at higher soil pH yield decreased. 

Responses of crops yields to lime addition can be dependent on a number of reasons such as crop 

species, timing of lime application, the method of application, soil type and texture (Li et al., 2019). A 

potential explanation for the lack of biomass variation found in this study is that the fertilisation 

treatments received were the same for each pH treatment and perhaps these were sufficient to 

maintain available nutrients for plant growth.  

Although there was no effect on plant biomass this does not mean that pH did not affect grass growth 

in terms of nutrient composition. In this study, the effect of pH treatment on plant growth over the 

course of the experiment could be seen in the nutrient analysis of the plant material. Impacts of lime 

addition and soil pH and their effect on grass nutrient analysis is not well understood and reports in 

the literature are highly variable (Adams and Martin, 1984; Bailey, 1995). A previous study at 

Johnstown Castle found that with lime application there was a decrease in grass P concentration 

(Sheils et al., 2014). Other studies have reported an increase in crop P concentration with lime 

application (Bailey, 1995). However, neither an increase nor decrease was seen in this study. In this 

study the lowest pH treatment, VL, had the highest absolute N concentration on average in both root 

and shoot material, and the lowest absolute K concentration on average in the shoot material (Table 

5.1). Uptake of K from the soil to the plant may have been affected by the low soil pH. In more acidic 

soil environments, the cation exchange capacity is reduced, therefore the ability of the soil to hold on 
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to positively charged cations such as K+ is reduced, and hence there is increased availability of K+ in the 

soil solution (Blue and Ferrer, 1986). In terms of the higher N concentration in the VL shoot and root 

material, this may have been affected by reduced plant-microbial biomass competition in these pots, 

as the microbial biomass N concentration was significantly lower in the VL treatment compared with 

the VH treatment. Also, the S concentration in the highest pH treatment, VH, was significantly higher 

in the shoot material. Previous studies have shown that increasing soil pH can also increase 

mineralisation of sulphur from both SOM and Fe and Al sulphates (Bolan and Hedley, 2003; 

Kunhikrishnan et al., 2016). Such increased mineralisation of sulphur forms leads to more freely 

available S for both plant and microbial uptake (Kunhikrishnan et al., 2016). Perhaps the results seen 

in this study and the variability in the literature on the effects of lime and pH on grass nutrient 

concentrations suggest that impacts of pH in a grassland are site-specific (e.g. strongly dependent on 

soil type) and may be reflected by impacts on grass tissue quality (i.e. nutrient composition), rather 

than by biomass production only and this area requires more research. 

5.4.2 Potential nitrogen mineralisation increased with soil pH  

The hypothesis that potential N mineralisation would increase with increasing soil pH was supported. 

There was a significant effect of both pH treatment and soil pH on potential N mineralisation. The 

treatments with lower soil pH had a lower N mineralisation potential. The results reported in this study 

are in line with others that have examined the effect of soil pH on N mineralisation potential (Curtin 

et al., 1998; Khalil et al., 2005; Senwo and Tabatabai, 2005; Neina, 2019). Adams and Martin (1984) 

and Aciego Pietri and Brookes (2008) found that N mineralisation decreases below pH 6. Aciego Pietri 

and Brookes (2008) hypothesised that the optimum pH for N mineralisation is between pH 6-8. 

Possible explanations for this could be both chemical and biological. Chemically, the amount of 

dissolved organic compounds increases with increasing soil pH, as the bounds between organic 

compounds and clay particles weakens (Andersson et al., 2000; Neina, 2019). Hence, increasing the 

availability of organic compounds for mineralising. However, it is more likely that this effect is 

biologically driven as soil pH has a direct effect on the soil microbial community and hence microbial 

community functioning such as the production of enzymes (Aye et al., 2018; Neina, 2019).  

5.4.3 Soil derived CO2 efflux was highest with the highest pH and increased over time in the planted 
pots 

Many previous studies examining the effect of soil pH and lime on SOM decomposition and priming, 

have limed the soils (i.e. sample soils in the field and adjusted the pH in the lab with lime) to create 

pH treatments, and therefore contributions of lime as part of the experiment would be expected (De 

Nobili et al., 2001; Conde et al., 2005; Hamer and Marschner, 2005; Blagodatskaya et al., 2007). 
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However, in this experiment soils were selected from a long-term pH field trial with the rationale that 

both the soil pH would not need to be adjusted, and also that the microbial communities would be 

more truly representative of the soils (from the same soil type) at different pHs. However, although it 

was thought that taking samples from this field site more than 12 months after lime application that 

lime dissolution would not affect CO2 fluxes from soil. However, this was not the case, and in the VH 

treatment, in a unique scenario due to the stable isotope partitioning set up of this study, it was 

possible to identify that lime dissolution had occurred and contributed to soil CO2 efflux in this 

treatment. Therefore, there is a contribution of lime to CO2 efflux despite it not being added as part 

of the experiment, and this needs to be considered in terms of data analysis and discussion. Due to 

the contribution of lime, particularly in the VH treatment, fluxes were partitioned into plant- and soil-

derived components, the latter being from both SOM decomposition and lime dissolution. The focus 

is on soil-derived CO2 efflux in this chapter, and not priming per se, as results from the priming 

calculation would be influenced by the CO2 flux from lime and could, potentially be confounded by 

lime dissolution, not reflecting microbial mineralisation of SOM sources.  

It has been shown that plants grown in soils that have had lime added can affect both lime dissolution 

and SOM decomposition (Cheng et al., 2014; Kunhikrishnan et al., 2016). This could be occurring in 

the VH soil particularly as this soil had the highest soil pH which not only encourages increased root 

exudation, and hence the priming effect, but also increases lime dissolution (Ahmad et al., 2013). In 

the fallow pots the VH treatment had a significantly higher Soil-derived CO2 efflux rate compared to 

the other treatments at each sampling time point (Figure 5.4), however as previously stated the 

dissolution of lime could be a contributing factor to this significant difference. In subsequent 

experiments, the contribution of lime to soil CO2 efflux could be calculated by adding a treatment 

where plants were grown under identical conditions, but without isotopic labelling. In this treatment, 

the isotopically distinct sources to soil CO2 efflux would be plant- and SOM-derived C (combined) and 

from lime. Therefore, the enriched natural abundance 13C signature of lime could be used to calculate 

its contribution to soil CO2 efflux, via the two-source mass balance approach used elsewhere in the 

thesis. 

Although not calculated as part of this study, previous studies have shown that initial soil pH has a 

strong influence on the priming effect (Luo et al., 2011; Aye et al., 2016). Blagodatskaya and Kuzyakov 

(2008) showed that across 12 studies the magnitude of priming increased with increasing soil pH. 

However, those studies were not of a planted system, instead a substrate such as glucose which can 

miss some of the important plant-soil interactions (e.g. plant uptake of nutrients, affecting nutrient 

availability to microbial communities). For negative priming to occur, soil microbes use more readily 
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available C sources instead of breaking down SOM-C, and therefore negative priming is also associated 

with systems that are rich in soil nutrients (Kuzyakov and Bol, 2006; Murphy et al., 2017). One of the 

benefits of applying lime and increasing soil pH in agricultural systems is the associated increase in 

nutrient availability (Haynes and Naidu, 1998; Bolan et al., 1999). An increase in nutrient availability 

associated with lime addition has been seen in this study. Despite all treatments receiving the same P 

addition there was significantly higher available P (measured as P Morgan’s) in the VH treatment. The 

increase in soil pH, contributing to increased nutrient availability, could potentially reduce microbial 

demand for these nutrients from SOM mineralisation in this treatment. Liming can increase root 

exudation as it improves plant growth and root activity (FORNARA et al., 2011). The increase in root 

activity and potentially root exudation, along with increased nutrient availability with increasing soil 

pH, could be causing the negative priming response seen in this study. Although further investigation 

would be required, this could have important knock-on effects in terms of decreased SOM 

decomposition and increased longer-term C storage in SOM. Increased C storage with lime was seen 

by Fornara et al. (2011). It is important to remember that the effects of soil pH and liming on SOM-C 

decomposition and priming are likely to be affected by the changes in microbial community structure 

and function due to varying soil pH status (Rousk et al., 2010b), which will now be discussed in section 

5.4.4.  

5.4.4 Microbial community structure was influenced by soil pH 

Microbial communities in limed soils can have increased diversity and are potentially better at 

mineralising a wide range of organic compounds and also use them more efficiently (Fuentes et al., 

2006; Page et al., 2009; Paradelo et al., 2015; Curtin et al., 2016). In this study, as reported elsewhere, 

there were pronounced differences in soil microbial communities with pH treatment as measured by 

the diversity and abundances of 16S (bacteria and archaea) and ITS (fungal) genera via sequencing 

(Rousk et al., 2010a; Rousk et al., 2010b; Zhalnina et al., 2015; Trivedi et al., 2016; Zheng et al., 2019; 

Abalos et al., 2020), and therefore the hypothesis that pH influences microbial communities was 

supported. However, some studies have seen that the effects on the fungal communities were less 

strongly associated with soil pH than bacterial communities (Lauber et al., 2008; Liu et al., 2018). It is 

important to note that this discussion is based on general assessment of the microbial community 

structure in response to the pH treatments applied in this study, and enrichment of ASVs in particular 

treatments does not mean that direct conclusions can be drawn about the exact processes they are 

involved in. 
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5.4.4.1 16S microbial community structure  

The Alpha diversity index Chao 1 showed significant differences between the VH and VL treatments in 

both the planted and the fallow pots. However, the Shannon index only showed significant differences 

between the VH and VL fallow pots, alpha diversity was higher in the VH treatment (Table 5.3). 

Previous studies have also found that alpha diversity is influenced by soil pH and also higher in soils 

with higher pH (Cho et al., 2016; Xia et al., 2020). An RDA analyses in this study showed that there was 

a significant effect of soil pH and OM on the microbial community structure. This influenced of pH 

treatment was further confirmed by the results of the PERMANOVA which showed significant 

differences between the pH treatments (Table 5.4). The specific genera differences can be seen from 

the results of the Deseq2 analysis present in the supplementary materials. However, Acidobacteria 

are one of the most common bacterial groups in soil environments and have been known to be 

negatively correlated with soil pH (Trivedi et al., 2016; Zheng et al., 2019). In this study, Acidobacteria 

were one of the most abundant bacterial phyla, and their relative abundance was higher in soils with 

a higher pH. Verrucomicrobiota also commonly found in soil environments (Trivedi et al., 2016) were 

in this study found to be frequently enriched in the VL planted and fallow pots (Supplementary 

materials) when compared to the other pH treatments (e.g., H planted). Verrucomicrobiota are 

oligotophs (K–strategists) (Fierer et al., 2007, Trivedi et al., 2013) which are associated with growing 

on recalcitrant C sources. However, in this study there was no strong evidence that the VL treatment 

was using recalcitrant C sources more than the L, H and VH treatments as the SOM decomposition 

rate was low and only a slight positive priming effect was evident. The ecology and functioning of 

Verrucomicrobiota however, are not well understood particularly as they are difficult to culture in the 

lab (Bergmann et al., 2011, Fierer et al., 2013), however, advances in genomic analysis using 

metagenomics has provide increased recover of genetic material and potential for increasing the 

understanding of the Verrucomicrobiota phylum (Kielak et al., 2010). Firmicutes was enriched in soils 

with higher pH, in particularly VH compared to VL and L treatments but also with H compared to VL 

and L compared to VL treatments, with differences among the planted and the fallow pots 

(Supplementary materials). Firmicutes are important chitin degrading bacteria in soil (Gooday, 1990; 

Beier and Bertilsson, 2013). Potential N mineralisation and SOM –C decomposition, linked with chitin 

degradation were higher in treatments that were enriched with Firmicutes in this study. This concurs 

with previous studies that have reported increases in Firmicutes with increasing soil pH (Anderson et 

al., 2018). 
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5.4.4.2 ITS microbial community structure  

This study as has also been shown in previous studies showed that soil pH has a significant effect on 

fungal community structure (Zhang et al., 2016; Liu et al., 2018; Ning et al., 2020; Li et al., 2021). 

However, in terms of alpha diversity there was no significant difference when measured using the 

Shannon index between the treatments in this study. However, when looking at the Simpsons index 

there were significant differences in alpha diversity between the VL fallow pots and the VH fallow and 

planted pots (Table 5.5). From the deseq 2 analyses there were fewer differences between the fungal 

communities in the pots compared with the differences between the bacterial communities 

(Supplementary materials). This is consistent with previous studies that reported bacterial 

communities (16S) were more strongly affected by soil pH then fungal communities (Liu et al., 2016; 

Liu et al., 2018). Using a multivariate analytical approach, an RDA analysis highlighted a significant 

effect of soil pH on fungal community structure and PERMANOVA also indicated significant differences 

in fungal communities between the pH treatments (Table 5.6). However, there were no significant 

differences between the treatments in the fallow pots (PERMANOVA; Table 5.6).  

The results of the deseq2 analyses showed that there was a significant enrichment of certain 

Ascomycota ASVs in the VH treatment (Supplementary materials). Ascomycota fungi are commonly 

found in soils (Ning et al., 2020) and previous studies have also found that Ascomycota abundance 

increased with increasing soil pH (Lauber et al., 2008). Ascomycota are also associated with having a 

positive effect on soil aggregation (Lehmann et al., 2020), which is also with a consequence of lime 

addition. Interestingly, Chytridiomycota were significantly enriched when comparing the higher soil 

pH treatments with lower soil pH treatments. This is noteworthy as Chytridiomycota are not often 

found in soil ecosystems, however, they are more commonly found at higher altitudes (Freeman et 

al., 2009). Chytridiomycota can often be found in fallow soil systems although in this study they were 

found in both the planted and fallow pots. A study by Liu et al. (2018) found a significant correlation 

between soil pH and the abundance of Chytridiomycota. In this study Chytridiomycota was enriched 

in treatments with lower soil pH, with lower soil pH potentially being an indicator for the increased 

enrichment of this phyla.  

5.5 Conclusion 

The hypothesis that N mineralisation potential would increase with soil pH, and would be highest with 

the highest pH was supported by the results of this study. The hypothesis that soil microbial 

communities was influence by soil pH was also supported by the results of this study. Soil microbial 

communities for both 16S and ITS were significantly influenced by soil pH. However, the effects of soil 
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pH were more clearly seen in the 16S community compared to the ITS community. 16S diversity was 

found to be higher in the higher pH treatments. The largest differences in abundances of both 16S and 

ITS genera were seen when comparing the VH and VL treatments. The hypotheses related to SOM-C 

decomposition was also neither accepted nor rejected as due to the impacts of lime it was not 

summarised as in previous chapters. However, the result that lime dissolution can be seen more than 

12 months after lime application is one that requires further study. Lime may promote soil C storage, 

but the lime itself is a potential contributor to soil CO2 emissions while is dissolving in soils but also 

the emissions associated with the mining and extraction of lime at the primary source. This could have 

potential important implications for grassland greenhouse gases budgeting. 
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Chapter 6 

Summary and future work 

6.1 Summary 

One of the main aims of soil research directed toward resource-efficient and sustainable agricultural 

practices is to gain greater knowledge of how biological and management factors, such as nutrient 

management practices, interact to control the release of nutrients from SOM (Boilard et al., 2019). It 

is important to understand the interactions between agricultural nutrient management practices and 

nutrient release from SOM for a number of reasons. For instance, to decrease the input of N fertilisers 

into agricultural systems, which could decrease associated losses of N in the form of greenhouse gas 

(GHG) fluxes from agricultural systems. This would also decrease GHG associated with the production 

of fertiliser which is an important consideration in global GHG balances. The reduction of GHG’s is of 

global importance and soil carbon (C) sequestration processes play a key role in storing or increasing 

SOM, and also sustainable nutrient supply in agricultural systems. Reduced fertiliser inputs to 

agricultural soils would also decrease loss of nutrients to waterways. An increased understanding of 

nutrient release from SOM is also important for farmers; the economic cost of fertilisers has increased 

significantly in the last decade, in particular in 2008-‘09 and 2021-’22, and this resulted in declines in 

farm income. With an expanding global population there are increasing demands on farmers to 

increase food supply while simultaneously decrease fertiliser and pesticide use on farms in line with 

agri-environmental policy ambitions (EU Green Deal). Sustainable practices such as increasing nutrient 

release from SOM could contribute to both a reduction in cost for farmers while also helping to meet 

sustainable management goals. The EU soil strategy has recognised the importance of SOM in 

ecosystem functions, including contributions to GHG mitigation, nutrient supply, as well as supporting 

biodiversity. 

This thesis investigated the effect of soil management practice on microbially mediated soil organic 

matter (SOM) decomposition and in particular N mineralisation in grassland soils. The nutrient 

management practices focused on phosphorus (P) addition in inorganic and organic forms, and 

amendment of soil pH through the application of lime. To examine this, a 7-day anaerobic incubation 

assay was used to measure potential N mineralisation. The use of stable isotope labels, 13CO2 and 13C-

glucose, were used to measure the rate of SOM decomposition and priming, and differences in 

microbial community structure were assessed using high throughput sequencing analysis. This 

combination of techniques, linking management practice with soil functioning and microbial 

community dynamics, adds novelty to this thesis. Chapter 2 investigated the effect of both P 

management and pH on N mineralisation potential, enzyme activity and microbial community 
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structure. Chapters 3 and 4 built on the results of Chapter 2, as the effect of P fertiliser type (inorganic 

vs organic) and their effects on potential N mineralisation, although different, was marginally not 

significantly different. Chapters 3 and 4 also examined SOM decomposition and priming, to gain 

further depth of understanding on the microbially mediated processes involved in N mineralisation 

and the effect that P addition has on these processes. Chapter 4 also examined the effect of a cut 

silage system vs a grazed grassland system. Chapter 3 only examined a cut silage-based system, 

therefore in Chapter 4 the additional influence of animal excretal returns in a grazing treatment were 

examined. As well as this, in the silage-based system, the influence of plant biomass removal (without 

excretal returns) was considered as a factor influencing grassland soil microbial community structure 

and soil C/N cycling processes. Chapter 5, also built on Chapter 2 and examined the effect of 

differential soil pH, resulting from long-term field lime applications, on potential N mineralisation, 

SOM decomposition and priming, as well as on microbial community structure. The effect of soil pH 

was examined as it was found to be an important environmental factor in previous chapters, as it 

influenced both N mineralisation potential and microbial community structure. Thus, despite liming 

being a common practice in grassland systems, there have been few studies that have examined the 

effect of pH on SOM decomposition and priming. This is particularly the case for experiments including 

plants (as opposed to use of exogenous substrate addition to mimic root exudate inputs), and 

therefore it was important to examine the additional interactions between soil pH, plant growth, 

microbial communities and C/N cycling in soils influenced by living roots. 

Chapter 2 was the only study as part of this thesis that used both a range of soil types and a 

combination of P and pH nutrient management strategies. The soils were selected as in previous 

studies there was a significant difference in N mineralisation potential between these soils, and a 

range of organic matter (OM) contents (McDonald et al., 2014; Murphy et al., 2017). The soil with the 

highest OM content had the highest N mineralisation potential (Chapter 2, Table 1) (McDonald et al., 

2014). However, the main focus of this chapter was on the nutrient management treatments and their 

impact on N mineralisation potential. The hypotheses tested in Chapter 2 were: 1) the application of 

lime and organic P application would increase N mineralisation, and enzymatic activity; 2) chemical P 

application would decrease the activity of enzymes, and N mineralisation; and 3) the microbial 

community structure is altered by nutrient management conditions. Measurement of enzymatic 

activity is used as an indicator of biological activity in soils (Schloter et al., 2018; Zhang et al., 2019), 

and also of SOM decomposition processes (Muruganandam et al., 2009; Chen et al., 2014). However, 

the potential enzyme activities measured as part of this study were highly variable and did not 

correlate with either soil type or treatment. Therefore, hypotheses 1 and 2 in the context of the 

enzyme activity assays applied in the experiment were rejected. 
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Results from Chapter 2 were inconclusive on the impact of P form on N mineralisation. Therefore, the 

hypothesis (2) that chemical P would reduce N mineralisation potential was not accepted, and the 

hypothesis (1) that organic P addition would increase N mineralisation was also rejected. However, 

this was further investigated in Chapters 3 and 4. Increasing soil pH was correlated with increasing N 

mineralisation potential (Chapter 2), and therefore the hypothesis that lime addition would increase 

N mineralisation was supported. The effect of soil pH on N mineralisation and SOM turnover was 

further investigated in Chapter 5. There were significant differences in both 16S and ITS communities 

between soil types and treatments. Results of the alpha diversity indexes showed significant 

differences with soil type, although there were no significant differences between treatments (P, type 

of P, and lime). However, when examining abundance, there were significant differences in genera for 

both 16S and ITS between treatments. Therefore, the hypothesis (3) that microbial community 

structure would be altered by nutrient management practice was supported with recognition that 

more research is required to establish the functional significance of these changes in microbial 

community composition.  

Chapter 3 used stable isotope labelling to determine the effect of P nutrient management in a planted 

grass system. This study aimed to further examine the effect of inorganic and organic P additions on 

N mineralisation. The effect of P nutrient management on SOM decomposition and priming is 

relatively less well understood compared to N management (Dijkstra et al., 2013). However, P is an 

essential nutrient for plant growth and is also applied regularly in agricultural soils and, hence, it is 

important to understand the effect of P management on SOM decomposition and N mineralisation. 

Chapter 3 tested the hypotheses that: 1) the addition of P would increase plant productivity, N 

mineralisation and the rate of priming; and 2) that P added in an organic form would increase soil 

nutrient availability, N mineralisation and the rate of priming. 

Similar to the results of Chapter 2, in Chapter 3 there was a significant effect of available P on potential 

N mineralisation. However, while in Chapter 2 the higher available P led to a higher N mineralisation 

potential compared to the control, in Chapter 3 the lower P treatments (P0 and P0+slurry) were 

associated with higher N mineralisation potential (this was seen in both the planted and unplanted 

treatments). The range of P and in particular P limitation was greater in Chapter 3 compared to 

Chapter 2. The P0 treatments in Chapter 3 had an average available P value of between 2.1-2.5mg Kg-

1, while in Chapter 2 the available P values were closer to 5mg kg-1 depending on soil type. This 

difference may explain the different effect of P on potential N mineralisation and the increase in N 

mineralisation potential with an organic P addition (Chapters 2 and 3). However, the hypothesis that 

P addition would increase N mineralisation potential was rejected.  
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Chapter 3 examined the effect of P and P addition type on the rate of SOM decomposition and priming. 

SOM decomposition rate in the P45 + slurry treatment was significantly lower than the P45 treatment. 

It was also found that organic P addition had a significant effect on SOM priming, the magnitude of 

priming was larger in soils that received more P. The highest magnitudes of priming were seen in the 

higher P treatments. Therefore, in terms of priming and SOM decomposition both hypotheses 1 and 

2 in Chapter 3 were accepted. However, the direction of priming was different; the P45 inorganic 

treatment was associated with positive priming, and the P45 + slurry organic treatment was associated 

with negative priming. This may have important policy implications both in terms of nutrient 

management, but also practices that could be used to promote carbon (C) storage in grassland soils. 

The higher SOM decomposition rate and positive priming effect in P45 suggests that, despite high 

nutrient availability in this treatment, more SOM was being broken down to provide nutrients. In the 

P45 treated soils, it is possible that the supply of freely available nutrients had been exhausted by the 

plant or immobilised by the microbial biomass and therefore SOM stocks were mined for nutrients 

such as N. This result supports the microbial N mining hypothesis of plant-mediated priming, where 

N-limitation can promote SOM mineralisation in the rhizosphere (Craine et al., 2007). Although further 

study would be required, this is a potentially important objective for agri-environmental policy 

development, as there were increased C losses from SOM with inorganic P fertiliser addition compared 

to treatments that also received an organic P addition. This organic source of nutrients may be 

important in reducing C losses by not only providing more nutrients but also providing an alternative 

organic substrate and energy source for the microbial community to utilise. 

Chapter 4 followed on from Chapter 3 and examined the effect of P addition on potential N 

mineralisation, SOM decomposition and priming. However, Chapter 4 also examined the effect of a 

cut silage-based grassland system, compared to a grazed grassland system. In addition, building on 

the results of Chapter 3, differences in microbial community structure were examined through the 

high throughput sequencing analysis of the 16S and ITS communities. The methodology described in 

this chapter to measure SOM decomposition and priming also used stable isotope labelling; however, 

it used a 13C glucose addition to stimulate root exudates (a planted system was not used in this 

chapter). The addition of a 13C glucose label is a commonly used method for stimulating priming 

(Kuzyakov et al., 2000; Paterson, 2003). The addition of glucose allows for more control of the soil 

system compared to a planted system which includes additional influences of plants such as through 

changes to water fluxes, impacts on soil structure, the chemistry of the rhizosphere (e.g., pH), changes 

to microbial community composition, and nutrient availability. It was hypothesised that: 1) long-term 

P addition would result in greater potential N mineralisation, a higher rate of SOM-C decomposition 

and priming, and that there would be impacts on both bacterial and fungal community structure; 2) 
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the type of P addition would also affect these factors: the addition of an organic source of P in the 

form of slurry would lead to an increased potential N mineralisation, a higher rate of SOM-C 

decomposition and priming, and that the form (mineral or organic) of fertilisation would impact both 

bacterial and fungal community structure; and 3) the type of grassland management would also affect 

microbial mediated nutrient cycling, that in a cut and remove for silage system there would be 

increased SOM-C decomposition and potential N mineralisation. 

Overall, the rate of potential N mineralisation was higher in the planted system (Chapter 3) than in 

the soil only system (Chapter 4). There were no significant differences between the P treatments that 

received glucose. However, in the control, non-glucose-amended treatments, there was a difference 

in N mineralisation potential between the grazed and cut system. The grazed treatments with both 

high and low P additions had a lower N mineralisation potential than the cut treatments. It was 

expected that potential N mineralisation would be higher in the cut treatments compared with the 

grazed treatments due to the higher demand for SOM-derived nutrients, whereas in a grazed system 

some of this demand is met from livestock excreta, so therefore the hypothesis (3) in terms of N 

mineralisation was supported. A potential explanation was that with the C recycling through livestock 

excretal returns to soil, N was potentially immobilised by the microbial biomass. This could not be 

measured by the potential N mineralisation assay used in this study as it is a net measure, thus N that 

became immobilised in microbial biomass was not measured as part of the flux of NH4 from SOM. This 

is also a potential explanation for the lack of differences seen in the treatments which received 

glucose. However, only measuring net N mineralisation is a potential limitation of this study. In order 

to measure the release of N from SOM as a gross N-flux, rather than the net change in NH4+ pool size, 

a 15N pool dilution technique could be applied (Goerges and Dittert, 1998). Briefly, this method uses 

the addition of a 15N labelled NH4+ tracer, and therefore any N released from SOM will be seen as 14N 

dilution of the soil NH4+ pool. Using such a labelling approach, gross N mineralised can be determined 

in soil, as any N release from SOM would have the native isotopic signature (Goerges and Dittert, 

1998). The 15N dilution method would also account for N immobilisation into soil microbial biomass 

that potentially was occurring as part of this study. 

It was hypothesised that the treatments receiving higher P addition would have a higher rate of SOM 

decomposition. This hypothesis was rejected as SOM decomposition was higher in the lower P 

treatments. The SOM-C decomposition rate in the P0 slurry treatment was higher than the P30 slurry 

treatment in terms of absolute values at all time points and was significantly higher on days 2 and 4. 

Overall, there was a significant effect of the slurry treatment on SOM decomposition. However, SOM-

C decomposition was not always higher with slurry addition and therefore the hypothesis (2) was 
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rejected. It was hypothesised that SOM- C decomposition would be greater in the cut grassland system 

when compared to the grazed grassland system. This was accepted as the rate of SOM-C 

decomposition was greater in soils from both the P0 cut and P30 cut site compared with the P0 grazed 

and P30 grazed sites, respectively. As determined by molecular sequence analyses, significant 

differences in both microbial (16S gene) and fungal (ITS region) communities were found in Chapter 

4. The microbial communities were significantly influenced by available P. Although there were 

impacts on the process involved in SOM decomposition and on microbial communities, it cannot be 

confirmed which changes in the microbial communities were responsible for the changes in SOM C 

and N dynamics. There is scope here to examine this through metagenome or metatranscriptomic 

approaches to better understand the functioning of microbial communities in SOM decomposition.  

Chapter 5 focused on the effect of soil pH and liming management on potential N mineralisation, SOM 

decomposition, priming and microbial community structure. Chapter 2 found pH to have a significant 

effect on N mineralisation and Chapter 5 aimed to investigate this further with a broader pH range, 

and in a system where the rate of nutrient addition was specifically controlled. The same experimental 

set up used in Chapter 3 was used with stable isotope labelling of a planted system. It was 

hypothesised that: 1) the soil decomposition would have the highest magnitude in the soils with a pH 

of 6-7; 2) N mineralisation would increase with increasing soil pH and liming, and hence the highest 

potential mineralisation rate would be in soil with the highest pH and that received the most lime; and 

3) microbial community structure as determined by 16S and ITS sequencing would be altered by soil 

pH, and that the diversity of microbial communities would be higher between the soil with the highest 

and lowest pH.  

The increase in N mineralisation associated with increasing soil pH observed in Chapter 2 was also 

seen in Chapter 5. The treatment with the highest pH (VH) had a significantly greater N mineralisation 

potential compared with the lower pH treatments, and so this hypothesis (2) was accepted. Perhaps 

an unexpected result was the CO2 fluxes from lime in the VH treatment, as it was expected that more 

than 12 months after lime application that there would be no effect of lime dissolution on the CO2 

measurements. A significantly enriched 13CO2 signature was associated with the VH treatment 

compared with the other treatments, indicating a direct contribution of lime-derived carbonate to the 

soil CO2 efflux. All treatments were grown in a 13CO2 depleted environment, but in the fallow soil (i.e., 

not receiving labelled plant-derived inputs) there were two sources of C with distinct isotopic 

signatures (SOM and lime) which allowed for CO2 from lime dissolution to be measured by isotopic 

partitioning. As contributions of lime to soil CO2 efflux were evident more than 12 months after in-

field lime application, CO2 fluxes from lime dissolution may be an important factor in terms of 
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considering greenhouse gases (GHG) budgeting in managed grassland soils. GHG emissions from N in 

the form of N2O via the denitrification pathway, along with N fertiliser addition and the length of time 

after application these emissions can occur for, is given careful consideration in GHG emission budgets 

for grassland soils. Perhaps there is scope to consider the GHG emissions directly from lime dissolution 

also.  

Overall, the addition of P increased the magnitude of SOM-C decomposition and priming when 

compared with treatments that are limited in P. This has important implications when considering 

fertiliser planning, as systems which are P limited are also not mining SOM for nutrients, and therefore 

could potentially also become limited in other nutrients such as N more rapidly. However, despite 

SOM decomposition rates being lower with lower P, N mineralisation potential with lower P was often 

not significantly lower than higher P treatments. As well as this, the type of P addition was also 

important as decomposition rates were found to be greater in treatments receiving an inorganic form 

of P only. The direction of priming is also variable with type of P addition, with potential for negative 

priming with organic nutrient additions. This has important implications for C storage in soils and 

perhaps inclusion of an organic input with inorganic fertilisers on all grasslands used for agriculture 

would both decrease the amount of inorganic fertiliser needed and contribute positively to 

maintenance of C stocks. C storage in grassland soils is considered an important mitigation strategy 

for GHG emissions from agricultural land, and this decreased SOM decomposition promotes soil 

health.  

Overall, the addition of P increased the magnitude of SOM-C decomposition and priming when 

compared with treatments that were limited in P. This has important implications when considering 

fertiliser planning, as systems which are P limited will have reduced release of nutrients from SOM, 

and therefore could potentially become limited in other nutrients such as N more rapidly. In 

comparison to the effect of N on priming and SOM-C decomposition, there have been fewer studies 

on the effect of P on priming and SOM-C decomposition (Dijkstra et al., 2013; Boilard et al., 2019; 

Mehnaz et al., 2019; Xu et al., 2019; Lu et al., 2020). A study by Mehnaz et al. (2019) examined a 

system without plants and used label C solution including glucose to stimulate priming, similar to 

Chapter 4 in this thesis. The results from Chapter 4 are in agreement with Mehnaz et al. (2019) where 

it was also found that priming effects stimulated by glucose addition were also higher in soils with 

higher soil P. Perhaps, the main explanation for this effect is that the microbial communities in soils 

receiving P are not P limited and therefore have more energy to carry out SOM decomposition. 

Previous studies have not examined microbial communities as were examined in Chapter 4 of this 

thesis. Although there is much more work to be done to determine the function of the microbial 
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community in both N and P cycling, Chapter 4 highlighted that P addition has a significant effect on 

both 16S bacterial and archaeal communities as well as fungal communities. In terms of the planted 

systems used to examine the effects of priming both Boilard et al. (2019) examined the effect of P in 

a Barley system and Xu et al. (2019) examined the effect of in a wheat system Both of these studies 

also found that in planted systems there was an increase in the rate of priming with increased P 

availability. Their results are in agreement with the grass-based system examined as part of Chapter 

3 in this thesis. In contrast, Lu et al. (2020), who also examined a grass based system, found that there 

was decreased priming effect with the addition of P addition. However,  in the case of Lu et al. (2020), 

soils received P as part of a nutrient solution in the lab whereas the soils used in Chapter 3 were part 

of a long-term P trial and therefore microbial communities were not disrupted by nutrient addition 

during the experiment, which could have impacted the direction and magnitude of priming.  

As well as this, the type of P addition was also important as decomposition rates were found to be 

greater in treatments receiving an inorganic form of P only. The direction of priming is also variable 

with type of P addition, with potential for negative priming with organic nutrient additions. This has 

important implications for C storage in soils and perhaps inclusion of an organic input with inorganic 

fertilisers on all grasslands used for agriculture would both decrease the amount of inorganic fertiliser 

needed and contribute positively to maintenance of C stocks. C storage in grassland soils is considered 

an important mitigation strategy for GHG emissions from agricultural land, and this decreased SOM 

decomposition may also promote soil health through build-up of SOM. However, previous studies 

have found that slurry C which was injected into soil was lost to the atmosphere twice as rapidly as 

the native soil C, as well as inducing positive priming effects (Bol et al., 2003). This study concluded 

that although there are savings in terms N related gases with injecting slurry into soil these may be 

offset by the rapid C losses from both slurry and the primed soil C (Bol et al., 2003). This is in contrast 

to what was found in Chapter 3 of this study. A possible explanation for the differences seen here 

could be due to the timings of the slurry application. In Chapter 3 slurry was applied in the field and 

therefore the quick loss of C from slurry may not have been captured as part of the experiment. As 

the slurry was more established in the system in Chapter 3 than in the study by Bol et al. (2003) it is 

possible that the results seen in this thesis are more in line with Blagodatskaya and Kuzyakov (2008) 

who hypothesised that the addition of a combination of C and N would reduce SOM decomposition 

as microbial communities use more freely available sources of C and N. Hence, the microbial 

communities in these slurry treated soils are better adapted to decompose more freely available 

nutrients rather than difficult to degrade degreed SOM nutrients. This is consistent with differences 

in microbial community structure with slurry addition as was seen in the results of Chapter 4.  
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However, despite SOM decomposition rates being lower with lower P, N mineralisation potential was 

often not significantly lower than higher P treatments in this thesis. The effect of P application on N 

mineralisation reported in the literature is highly variable, with some studies showing increases in N 

mineralisation with P application (Cadisch et al., 1994; Bicharanloo et al., 2022; Matsuoka-Uno et al., 

2022), others showed decreases in N mineralisation with P addition (Cadisch et al., 1994; Akbari et al., 

2020), or no effect of P addition on N mineralisation rate (Schleuss et al., 2021).Possible explanations 

for the variance seen across studies could be due to differences between soil types (Cadisch et al., 

1994), and differences in N mineralisation potential with P application and soil type were also seen in 

Chapter 2. Cadisch et al. (1994) found that in sandy Entisol soils N mineralisation increased with P 

application but only during dry conditions, and that in clayey soils that are likely to fix P, P application 

also increased N mineralisation. Cadisch et al. (1994) hypothesised that when the plant was not P 

deficient after P addition that N cycling efficiency increased and consequently N mineralisation also 

increased. A similar hypothesis was also considered in Chapter 3 and 4 although it was not found to 

be the case as N mineralisation was not consistently higher with P addition across studies in this thesis. 

Throughout the thesis, but particularly in Chapter 5, there was a significant effect of soil pH on N 

mineralisation potential, priming, and SOM decomposition. Chapter 5 found that there was an 

increase in N mineralisation potential with increasing soil pH and lime addition. This result is in 

agreement with numerous other studies which also found that N mineralisation increased with 

increasing soil pH (Blagodatskaya and Anderson, 1998; Curtin et al., 1998; Bolan et al., 2003; Bolan 

and Hedley, 2003; Ahmad et al., 2013; Neina, 2019). This could be due to an increase in organic 

compounds with increasing soil pH (Neina, 2019). However, it is more likely due to increased biological 

activity. More neutral soil pHs can have increased microbial diversity and activity, as well as being 

better at mineralising a wider range of organic compounds, and using available nutrients more 

efficiently (Paradelo et al., 2015; Aye et al., 2016; Curtin et al., 2016; Neina, 2019). Results from 

microbial community sequencing analyses in Chapter 5 are in agreement with previous studies 

(Wakelin et al., 2008; Rousk et al., 2010a; Rousk et al., 2010b; Trivedi et al., 2016; Grover et al., 2021), 

that showed a significant effect of soil pH on microbial community structure and diversity. This 

suggests that potential changes due to liming and hence soil pH may have a contributing effect to the 

increased N mineralisation potential seen in the highest pH treatment.  

Results from Chapter 5 in this thesis indicated that soil derived CO2 efflux was highest with the highest 

pH and increased over time in the planted pots. Although it was thought that by taking samples from 

this field site more than 12 months after lime application that lime dissolution would not affect CO2 

fluxes from soil, but this was not the case in the VH treatment. Other studies have previously reported 
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an increase in CO2 fluxes with lime addition (Hinsinger et al., 2003; Bertrand et al., 2007; Biasi et al., 

2008; Paradelo et al., 2015; Holland et al., 2018; Lochon et al., 2018), this could potentially be 

attributed to an increase in soil C mineralisation or lime dissolution. Chapter 5 in this thesis presented 

a unique scenario where due to the stable isotope partitioning set up it was possible to identify that 

lime dissolution had occurred and contributed to soil CO2 efflux in this treatment. As has been 

mentioned previously liming and soil pH change the structure and activity of microbial communities. 

In this context, Keiblinger et al. (2010) hypothesised that after liming microbial communities can shift 

to favour microbes with lower C use efficiency and hence higher CO2 respiration rate. This is one 

potential explanation for the slow rate of lime dissolution seen in Chapter 5. The application of lime 

may promote the build up of SOC and therefore C storage (Johnson et al., 2005; Fornara et al., 2011; 

Eze et al., 2018). Additionally, it has been reported that lime application may also reduce both CH4 

(Hilger et al., 2000; Kunhikrishnan et al., 2016) and N2O emissions (Goulding, 2016; Abdalla et al., 

2022). However, it is important to consider the potential of the lime itself as a contributor to CO2 

emissions while dissolving, as well as during mining and extraction. At the moment the emission factor 

used for CO2 emission from lime is fixed (Fornara et al., 2011, Lochon et al., 2018). Although further 

study would be required, the scenario presented in Chapter 5 would suggest that the CO2 emissions 

from lime in agricultural soils are dynamic and longer lasting than previously thought. 

6.2 Future work  

The experimental work carried out as part of this thesis contributes to the understanding of SOM 

turnover and N mineralisation in grassland agricultural systems. However, gaps remain in our 

knowledge and understanding, and this section aims to highlight potential future areas of research.  

In Chapters 3 and 4, a field-applied slurry amendment, supplying P, was used in addition to mineral P 

treatments. However, the stable isotope labelling techniques used could not distinguish between SOM 

and the slurry sources to soil CO2 efflux. Thus, a potential future experiment to further examine the 

effect of organic nutrient addition in the form of slurry on SOM decomposition rates could employ a 

3-way isotope partitioning approach. One possible way of achieving this would be through labelling 

the plant material in a 14CO2 environment, use the labelled plant material as feedstock for livestock 

and collect the resultant slurry. In theory, this would allow separate quantification of SOM-, slurry- 

and plant-derived sources. However, this is likely to raise some ethical issues as 14C isotopes are 

radioactive. Also, it would be difficult to grow enough plant material to achieve the desired amount 

of slurry. Perhaps a more achievable way of quantifying and partitioning slurry-derived mineralisation 

and SOM-derived fluxes would be to use a slurry from livestock fed on a C4 plant diet (such as a maize-

based feed) in a C3 soil and plant system. This would require a combinational experimental set up 
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similarly to the one used as part of this thesis, where one treatment receives a C4 based slurry and 

the other receives a C3 based slurry. The three isotope sources would then be the slurry (C3 vs C4), 

the plant (enriched with 13CO2), and the SOM (natural abundances), this would allow a more specific 

determination of the effect of slurry treatments on SOM decomposition rate. This would require that 

the SOM/slurry contributions are calculated by difference; and the assumption would have to be made 

that the C4 and C3 slurries would have equivalent chemistries. However, it is not a given that these 

chemistries would in fact be the same, creating a different confounding influence. 

This thesis was carried out as a series of controlled environment and laboratory-based experiments; 

however, it is important to also consider scaling up to field-based methods. Field based methods 

would include greater complexity inherent in natural ecosystems, for example environmental 

conditions, season, and impacts of management as applied on farm. There is potential to measure net 

N mineralisation in the field using a cylinder inserted into the top 10cm of soil, with a plastic bag at 

the top and bottom containing an acid and alkaline exchange resin. A small amount of soil and the 

resin bag is taken and measured using a KCl extraction to determine the N exchange (for more detailed 

descriptions see Risch et al. (2015) and Risch et al. (2019)). There is also some potential for labelling 

of 13CO2 in field experiments, for example analogous to the use of the free air carbon dioxide 

enrichment (FACE) facilities (Andrews et al., 1999; Ainsworth and Long, 2021). Field-based 

experiments may also allow for a more diverse grassland system. In this thesis a Lolium perenne 

monoculture was used, as this was based on standard Irish grasslands at the time the field trials were 

developed. However, now with policy drivers to deliver more sustainable management, multi-species 

grasslands are becoming more common, particularly grass-clover mixtures due the N-fixing 

capabilities of clover, which reduces the N fertiliser requirement of grasslands. There is scope to build 

on the results of this study using multi-species grassland swards. Field-based experiments would also 

allow for quantification of GHG fluxes with nutrient management strategies using chamber 

measurements, which were not measured as part of this thesis. Particularly in relation to N both 

nitrification and denitrification that were not measured as part of this study. Denitrification is a major 

source of potent GHG N2O and needs to be considered in the context of GHG budgets from agricultural 

soils. The links between N fluxes from denitrification with nutrient management as well as SOM N 

turnover could contribute greater detail to life cycle assessment analysis of GHG and nutrient budgets 

in agricultural systems. As well as this, quantification of genes in the denitrification pathway such as 

nosZ clade I and nosZ clade II could contribute information on the potential activity of the microbial 

community with respect to N cycling in soils.  
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This study used high-throughput sequencing of DNA to assess the structures of microbial 

communities. Although this is a useful technique it does not specifically identify active components of 

the community, as the DNA of dead/inactive microorganisms can be sequenced, and therefore 

inference of function is problematic. A potential future study could also include high throughput 

sequencing of the ribosomal rRNA. RNA sequences can allow for the identification of the active 

microbes in the soil community (Blazewicz et al., 2013). Combining both DNA and RNA sequences 

would allow for further comparison of the dormant and active members of the community (Blazewicz 

et al., 2013; Bowsher et al., 2019). This would be useful in the context of the functional effect of the 

microbial community in terms of SOM decomposition, as a change in active community with the 

addition of glucose or the presence of a plant could be measured. This would also be useful in the 

context of the effect of nutrient management practices on the microbial community, as changes in 

active members with organic slurry addition, for example, could be investigated. Future studies could 

use the soil samples stored for molecular work from this thesis to investigate the microbial RNA. A 

more detailed examination of the microbial communities through metagenomics, metaproteomics, or 

metatranscriptomics could contribute to a deeper understanding of the specific function of both the 

microbial community and enzymes involved in SOM decomposition and nutrient availability. 
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Figure S1: Heat map showing the significant differences in terms of relative abundance of 16S between soil types 
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Figure S2: Heat map showing significant differences in relative abundances of ITS community with soil time 
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Table S1: Deseq2 analysis of 16S JC2 vs. GR1. 

JC 2 vs 
GR1 Phylum Genus log2FoldChange Enriched 

 
Proteobacteria IS-44 5.48 JC 2 

 
Proteobacteria mle1-7 2.59 JC 2 

 
Actinobacteriota Conexibacter -0.90 GR 1 

 
Proteobacteria MND1 1.28 JC 2 

 
Planctomycetota Aquisphaera -1.23 GR 1 

 
Actinobacteriota Acidothermus -1.26 GR 1 

 
Actinobacteriota Mycobacterium -0.59 GR 1 

 
Proteobacteria Hyphomicrobium 0.91 JC 2 

 
Halobacterota Methanosarcina 4.51 JC 2 

 
Planctomycetota Pir4 lineage 0.81 JC 2 

 
Proteobacteria Dokdonella -1.18 GR 1 

 
Chloroflexi UTCFX1 4.94 JC 2 

 
Firmicutes Sporosarcina -5.48 GR 1 

 
Proteobacteria Ellin6067 0.59 JC 2 

 
Proteobacteria Roseiarcus -1.16 GR 1 

 
Gemmatimonadota Gemmatimonas -0.76 GR 1 

 
Verrucomicrobiota 

Candidatus 
Udaeobacter -0.61 GR 1 

 
Actinobacteriota Jatrophihabitans -1.04 GR 1 

 
Actinobacteriota Microlunatus 1.89 JC 2 

 
Planctomycetota Singulisphaera -1.00 GR 1 

 
Planctomycetota Pirellula 0.90 JC 2 

 
Proteobacteria Dongia 1.01 JC 2 
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Table S2: Deseq2 analysis of 16S JC2 vs. MP4. 

JC2 vs 
MP4 Phylum Genus log2FoldChange Enriched 

 
Planctomycetota Schlesneria 0.90 JC2 

 
Acidobacteriota Candidatus Koribacter 1.59 JC2 

 
Proteobacteria mle1-7 -1.26 MP4 

 
Desulfobacterota Pseudopelobacter -5.77 MP4 

 
Acidobacteriota RB41 -0.95 MP4 

 
Chloroflexi Litorilinea -3.90 MP4 

 
Actinobacteriota Mycobacterium 0.58 JC2 

 
Proteobacteria Hyphomicrobium -0.88 MP4 

 
Proteobacteria Pseudolabrys -0.71 MP4 

 
Proteobacteria Dyella 7.03 JC2 

 
Halobacterota Methanosarcina -4.49 MP4 

 
Proteobacteria GOUTA6 -2.04 MP4 

 
Actinobacteriota Virgisporangium -5.96 MP4 

 
Bacteroidota Puia 1.08 JC2 

 
Proteobacteria Defluviicoccus -2.02 MP4 

 
Bacteroidota Mucilaginibacter 1.35 JC2 

 
Proteobacteria Cellvibrio 2.29 JC2 

 
Proteobacteria Roseiarcus 1.35 JC2 

 
Bacteroidota Edaphobaculum 1.12 JC2 
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Table S3: Deseq2 analysis of 16S. MP1 vs. GR1. 

MP1 vs 
GR1 Phylum Genus log2FoldChange Enriched 

 
Acidobacteriota Luteitalea 2.49 MP1 

 
Planctomycetota SH-PL14 2.28 MP1 

 
Acidobacteriota Candidatus Koribacter -1.31 GR1 

 
Proteobacteria IS-44 4.66 MP1 

 
Proteobacteria Amaricoccus 4.65 MP1 

 
Proteobacteria mle1-7 2.93 MP1 

 
Actinobacteriota Conexibacter -1.42 GR1 

 
Verrucomicrobiota Chthoniobacter 0.80 MP1 

 
Proteobacteria 

Candidatus 
Alysiosphaera 1.49 MP1 

 
Acidobacteriota RB41 1.26 MP1 

 
Proteobacteria Nordella 3.13 MP1 

 
Proteobacteria MND1 1.51 MP1 

 
Proteobacteria Rhodomicrobium -1.42 GR1 

 
Planctomycetota Aquisphaera -2.44 GR1 

 
Actinobacteriota Acidothermus -1.91 GR1 

 
Actinobacteriota Rhodococcus 1.85 MP1 

 
Acidobacteriota Vicinamibacter 3.64 MP1 

 
Acidobacteriota Candidatus Solibacter -0.83 GR1 

 
Crenarchaeota 

Candidatus 
Nitrocosmicus 1.52 MP1 

 
Acidobacteriota Acidipila -2.36 GR1 

 
Planctomycetota Pirellula 1.31 MP1 

 
Proteobacteria Hyphomicrobium 1.19 MP1 

 
Halobacterota Methanosarcina 5.82 MP1 

 
Proteobacteria Steroidobacter 1.44 MP1 

 
Actinobacteriota Rubrobacter 5.54 MP1 
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Planctomycetota Pir4 lineage 1.29 MP1 

 
Actinobacteriota Ilumatobacter 1.86 MP1 

 
Proteobacteria Bauldia 0.99 MP1 

 
Proteobacteria Pedomicrobium 1.92 MP1 

 
Chloroflexi UTCFX1 4.99 MP1 

 
Myxococcota Anaeromyxobacter -1.39 GR1 

 
Proteobacteria Microvirga 2.27 MP1 

 
Proteobacteria Roseiarcus -2.14 GR1 

 
Verrucomicrobiota 

Candidatus 
Udaeobacter -0.72 GR1 

 
Actinobacteriota Jatrophihabitans -1.03 GR1 

 
Actinobacteriota Microlunatus 3.41 MP1 

 
Bacteroidota Terrimonas 1.49 MP1 

 

Table S4: Deseq2 analysis of 16S MP1 vs. MP4. 

MP1 vs 
MP4 Phylum Genus log2FoldChange Enriched 

 
Acidobacteriota Luteitalea -2.43 MP4 

 
Proteobacteria mle1-7 -1.60 MP4 

 
Actinobacteriota Conexibacter 0.94 MP1 

 
Acidobacteriota RB41 -1.30 MP4 

 
Proteobacteria Rhodomicrobium 1.35 MP1 

 
Planctomycetota Aquisphaera 1.36 MP1 

 
Crenarchaeota 

Candidatus 
Nitrocosmicus -1.41 MP4 

 
Planctomycetota Pirellula -0.77 MP4 

 
Proteobacteria Hyphomicrobium -1.11 MP4 

 
Halobacterota Methanosarcina -5.77 MP4 

 
Acidobacteriota Candidatus Koribacter 1.69 MP1 

 
Proteobacteria GOUTA6 -1.78 MP4 
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Proteobacteria Steroidobacter -0.96 MP4 

 
Actinobacteriota Rubrobacter -4.77 MP4 

 
Planctomycetota Pir4 lineage -0.64 MP4 

 
Proteobacteria Bauldia -1.02 MP4 

 
Actinobacteriota Virgisporangium -6.53 MP4 

 
Proteobacteria Pedomicrobium -1.44 MP4 

 
Chloroflexi UTCFX1 -2.60 MP4 

 
Proteobacteria Defluviicoccus -0.90 MP4 

 
Proteobacteria Roseiarcus 2.37 MP1 

 
Proteobacteria Bradyrhizobium 0.73 MP1 

 
Verrucomicrobiota 

Candidatus 
Udaeobacter 0.49 MP1 

 
Actinobacteriota Gaiella -0.37 MP4 

 
Verrucomicrobiota Opitutus 0.51 MP1 

 
Actinobacteriota IMCC26207 -4.84 MP4 

 

Table S5: Deseq2 analysis of 16S MP4 vs. GR1. 

MP4 vs 
GR1 Phylum Genus log2FoldChange Enriched 

 
Actinobacteriota Kribbella -1.16 GR1 

 
Proteobacteria IS-44 5.60 MP4 

 
Planctomycetota Aquisphaera -1.24 GR1 

 

 

Table S6: Deseq2 analysis of 16S MP4 vs. JC2. 

MP4 vs 
JC2 Phylum Genus log2FoldChange Enriched 

 
Planctomycetota Schlesneria 0.90 MP4 

 
Acidobacteriota Candidatus Koribacter 1.59 MP4 

 
Proteobacteria mle1-7 -1.26 JC2 
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Desulfobacterota Pseudopelobacter -5.77 JC2 

 
Acidobacteriota RB41 -0.95 JC2 

 
Chloroflexi Litorilinea -3.90 JC2 

 
Actinobacteriota Mycobacterium 0.58 MP4 

 
Proteobacteria Hyphomicrobium -0.88 JC2 

 
Proteobacteria Pseudolabrys -0.71 JC2 

 
Proteobacteria Dyella 7.03 MP4 

 
Halobacterota Methanosarcina -4.49 JC2 

 
Proteobacteria GOUTA6 -2.04 JC2 

 
Actinobacteriota Virgisporangium -5.96 JC2 

 
Bacteroidota Puia 1.08 MP4 

 
Proteobacteria Defluviicoccus -2.02 JC2 

 
Bacteroidota Mucilaginibacter 1.35 MP4 

 
Proteobacteria Cellvibrio 2.29 MP4 

 
Proteobacteria Roseiarcus 1.35 MP4 

 
Bacteroidota Edaphobaculum 1.12 MP4 

 

Table S7: Deseq2 analysis of 16S GR1 Control vs. GR1 Chemical. 

GR1 
Control vs 
GR1 
Chemical Phylum Genus log2FoldChange Enriched 

 
Verrucomicrobiota Ellin517 -1.76 

GR1 
Chemical 

 
Proteobacteria Pseudorhodoplanes -7.94 

GR1 
Chemical 

 
Bacteroidota Chryseolinea -8.24 

GR1 
Chemical 

 
Proteobacteria 

Candidatus 
Accumulibacter 20.90 

GR1 
Control 

 

Table S8: Deseq2 analysis of 16S GR1 Control vs. GR1 Lime 
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GR1 
Control vs 
GR1 Lime Phylum Genus log2FoldChange Enriched 

 
Actinobacteriota Streptacidiphilus -8.32 GR1 Lime 

 

 

 

 

 

Table S9: Deseq2 analysis of 16S GR1 Organic vs. GR1 Chemical. 

GR1 
Organic vs 
GR1 
Chemical Phylum Genus log2FoldChange Enriched 

 
Actinobacteriota Actinospica 20.62 GR1 Organic 

 
Desulfobacterota Syntrophobacter 21.59 GR1 Organic 

 
Bacteroidota WCHB1-32 21.64 GR1 Organic 

 
Acidobacteriota Holophaga 19.45 GR1 Organic 

 
Halobacterota Methanoregula 20.68 GR1 Organic 

 

Table S10: Deseq2 analysis of 16S GR1 Organic vs. GR1 Control. 

GR1 
Organic vs 
GR1 
Control Phylum Genus log2FoldChange Enriched 

 
Bacteroidota Chryseolinea 9.35 GR1 Organic 

 
Proteobacteria 

Candidatus 
Accumulibacter -22.04 GR1 Control 

 
Halobacterota Methanoregula 20.80 GR1 Organic 

 
Sumerlaeota Sumerlaea 7.53 GR1 Organic 

 

Table S11: Deseq2 analysis of 16S JC2 Control vs JC2 Chemical. 
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JC2 
Control vs 
JC2 
Chemical Phylum Genus log2FoldChange Enriched 

 
Proteobacteria MND1 -1.31 JC2 Chemical 

 
Acidobacteriota Vicinamibacter -8.46 JC2 Chemical 

 
Verrucomicrobiota Chthoniobacter -1.22 JC2 Chemical 

 
Proteobacteria 

Burkholderia-
Caballeronia-
Paraburkholderia 6.17 JC2 Control 

 
Proteobacteria Candidatus Nitrotoga 8.80 JC2 Control 

 
Actinobacteriota Virgisporangium -7.68 JC2 Chemical 

 
Proteobacteria Leptothrix 7.09 JC2 Control 

 
Crenarchaeota Candidatus Nitrosotalea 5.18 JC2 Control 

 
Bacteroidota Ohtaekwangia -5.18 JC2 Chemical 

 
Bacteroidota Pseudoflavitalea -22.63 JC2 Chemical 

 
Proteobacteria Alkanindiges -22.16 JC2 Chemical 

 
Proteobacteria Azotobacter -22.21 JC2 Chemical 

 

 

Table S12: Deseq2 analysis of  16S JC2 Control vs JC2 Lime. 

JC2 
Control vs 
JC2 Lime Phylum Genus log2FoldChange Enriched 

 
Actinobacteriota Acidothermus -1.51 JC2 Lime 

 
Proteobacteria MND1 1.26 JC2 Control 

 
Verrucomicrobiota Ellin516 -1.48 JC2 Lime 

 
Acidobacteriota Vicinamibacter 8.41 JC2 Control 

 
Verrucomicrobiota Chthoniobacter 1.30 JC2 Control 

 
Proteobacteria 

Burkholderia-
Caballeronia-
Paraburkholderia -10.77 JC2 Lime 

 
Actinobacteriota Virgisporangium 7.76 JC2 Control 
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Proteobacteria BD1-7 clade 7.45 JC2 Control 

 
Acidobacteriota Granulicella -7.12 JC2 Lime 

 
Proteobacteria Leptothrix -7.10 JC2 Lime 

 
Armatimonadota Chthonomonas -7.92 JC2 Lime 

 

Table S13: Deseq2 analysis of 16S JC2 Control vs JC2 Chemical. 

JC2 
Control vs 
JC2 
Chemical Phylum Genus log2FoldChange Enriched 

 
Bacteroidota Pseudoflavitalea -21.85 JC2 Chemical 

 
Proteobacteria Alkanindiges -21.67 JC2 Chemical 

 
Proteobacteria Azotobacter -21.42 JC2 Chemical 

 

Table S14: Deseq2 analysis of 16S JC2 Organic vs JC2 Control. 

JC2 
Organic 
vs JC2 
Control Phylum Genus log2FoldChange Enriched 

 
Actinobacteriota Streptomyces 1.78 JC2 Organic 

 
Acidobacteriota Vicinamibacter 9.40 JC2 Organic 

 
Acidobacteriota Bryobacter -1.34 JC2 Control 

 
Proteobacteria 

Burkholderia-Caballeronia-
Paraburkholderia -10.32 JC2 Control 

 
Bacteroidota Ohtaekwangia 5.40 JC2 Organic 

 
Proteobacteria Candidatus Nitrotoga -8.38 JC2 Control 

 
Actinobacteriota Kibdelosporangium 22.51 JC2 Organic 

 
Crenarchaeota Candidatus Nitrosotalea -8.71 JC2 Control 

 
Bacteroidota Flavisolibacter -7.53 JC2 Control 

 
Armatimonadota Chthonomonas -7.48 JC2 Control 

 
Myxococcota Minicystis -7.51 JC2 Control 
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Table S15: Deseq2 analysis of  16S JC2 Organic vs JC2 Control. 

MP1 
Chemical 
vs MP1 
Control Phylum Genus log2FoldChange Enriched 

 
Crenarchaeota Candidatus Nitrocosmicus -1.09 MP1 Control 

 
Actinobacteriota Acidothermus 1.48 

MP1 
Chemical 

 
Bacteroidota OLB12 1.71 

MP1 
Chemical 

 
Verrucomicrobiota Lacunisphaera 1.68 

MP1 
Chemical 

 
Planctomycetota Pirellula -1.42 MP1 Control 

 
Verrucomicrobiota Ellin517 -1.33 MP1 Control 

 
Bacteroidota Chryseolinea -2.67 MP1 Control 

 
Bacteroidota Terrimonas -1.49 MP1 Control 

 
Acidobacteriota Occallatibacter 2.52 

MP1 
Chemical 

 
Bacteroidota Mucilaginibacter 3.74 

MP1 
Chemical 

 
Spirochaetota Spirochaeta 2 1.84 

MP1 
Chemical 

 
Proteobacteria 

Burkholderia-Caballeronia-
Paraburkholderia 5.86 

MP1 
Chemical 

 
Proteobacteria 

Candidatus 
Accumulibacter -20.29 MP1 Control 

 
Bacteroidota Ohtaekwangia -4.68 MP1 Control 

 
Proteobacteria Polycyclovorans -8.90 MP1 Control 

 
Bacteroidota Cytophaga 2.85 

MP1 
Chemical 

 
Acidobacteriota Stenotrophobacter -6.97 MP1 Control 

 
Acidobacteriota Granulicella 4.70 

MP1 
Chemical 
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Acidobacteriota Paludibaculum -7.21 MP1 Control 

 
Proteobacteria Luteibacter 22.97 

MP1 
Chemical 

 
Proteobacteria Rhodopseudomonas 24.13 

MP1 
Chemical 

 
Proteobacteria Asticcacaulis 5.32 

MP1 
Chemical 

 
Proteobacteria Amaricoccus -7.12 MP1 Control 

 
Proteobacteria Stenotrophomonas 24.27 

MP1 
Chemical 

 
Planctomycetota Planctopirus -6.74 MP1 Control 

 
Chloroflexi Thermosporothrix 23.21 

MP1 
Chemical 

 

 

 

 

 

 

Table S16: Deseq2 analysis of 16S MP1 Lime vs MP1 Control. 

MP1 Lime 
vs MP1 
Control Phylum Genus log2FoldChange Enriched 

 
Actinobacteriota Acidothermus -1.72 MP1 Control 

 
Bacteroidota OLB12 -1.54 MP1 Control 

 
Planctomycetota Pirellula 0.96 MP1 Lime 

 
Verrucomicrobiota Ellin516 -1.86 MP1 Control 

 
Acidobacteriota Bryobacter -1.96 MP1 Control 

 
Acidobacteriota Occallatibacter -2.77 MP1 Control 

 
Bacteroidota Ohtaekwangia 4.93 MP1 Lime 

 
Proteobacteria Polycyclovorans 8.42 MP1 Lime 
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Acidobacteriota Paludibaculum 7.17 MP1 Lime 

 
Acidobacteriota Granulicella -8.84 MP1 Control 

 
Actinobacteriota Lechevalieria 21.67 MP1 Lime 

 
Proteobacteria Undibacterium 20.96 MP1 Lime 

 
Chloroflexi Thermosporothrix -21.34 MP1 Control 

 
Bdellovibrionota Oligoflexus 7.23 MP1 Lime 

 

Table S17: Deseq2 analysis of 16SMP1 Organic vs MP1 Chemical. 

MP1 
Organic vs 
MP1 
Chemical  Phylum Genus log2FoldChange Enriched 

 
Acidobacteriota Geothrix -20.11 

MP1 
Chemical 
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Table S18: Deseq2 analysis of  16S MP1 Organic vs MP1 Control. 

MP1 
Organic 
vs MP1 
Control Phylum Genus log2FoldChange Enriched 

 
Crenarchaeota Candidatus Nitrocosmicus 1.24 MP1 Organic 

 
Actinobacteriota Acidothermus -1.83 MP1 Control 

 
Verrucomicrobiota Lacunisphaera -1.37 MP1 Control 

 
Bacteroidota OLB12 -2.08 MP1 Control 

 
Planctomycetota Pirellula 1.07 MP1 Organic 

 
Bacteroidota Terrimonas 1.75 MP1 Organic 

 
Bacteroidota Mucilaginibacter -2.33 MP1 Control 

 
Verrucomicrobiota Ellin516 -2.14 MP1 Control 

 
Proteobacteria 

Burkholderia-
Caballeronia-
Paraburkholderia -8.23 MP1 Control 

 
Bacteroidota Ohtaekwangia 5.49 MP1 Organic 

 
Bacteroidota Chryseolinea 3.12 MP1 Organic 

 
Bacteroidota Edaphobaculum -1.33 MP1 Control 

 
Actinobacteriota Catenulispora -8.12 MP1 Control 

 
Acidobacteriota Paludibaculum 7.05 MP1 Organic 

 
Acidobacteriota Granulicella -9.43 MP1 Control 

 
Acidobacteriota Edaphobacter -7.45 MP1 Control 

 
Proteobacteria Luteibacter -21.93 MP1 Control 

 
Planctomycetota Phycisphaera -4.51 MP1 Control 

 
Proteobacteria Stenotrophomonas -23.20 MP1 Control 

 
Planctomycetota Planctopirus 6.94 MP1 Organic 

 
Chloroflexi Thermosporothrix -22.12 MP1 Control 
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Table S19: Deseq2 analysis of 16S MP1 vs JC2. 

MP1 vs 
JC2 Phylum Genus log2FoldChange Enriched 

 
Proteobacteria Pseudolabrys -0.63 JC2 

 
Actinobacteriota Mycobacterium 0.46 MP1 

 
Nitrospirota Nitrospira 1.01 MP1 

 
Proteobacteria Rhodomicrobium -0.98 JC2 

 
Actinobacteriota Nocardioides 0.87 MP1 

 
Proteobacteria Pedomicrobium 1.29 MP1 

 
Planctomycetota Aquisphaera -1.29 JC2 

 
Acidobacteriota Luteitalea 0.80 MP1 

 
Actinobacteriota Microlunatus 1.48 MP1 

 
Proteobacteria Defluviicoccus -1.17 JC2 

 
Verrucomicrobiota ADurb.Bin063-1 -0.74 JC2 

 
Myxococcota Anaeromyxobacter -1.21 JC2 

 
Actinobacteriota Rhodococcus 2.63 MP1 

 
Actinobacteriota Blastococcus 1.27 MP1 

 
Proteobacteria Cellvibrio 2.55 MP1 

 
Actinobacteriota Rubrobacter 5.51 MP1 

 

Table S20: Deseq2 analysis of 16S MP4 Control vs MP4 Chemical. 

MP4 Control 
vs MP4 
Chemical Phylum Genus log2FoldChange Enriched 

 
Proteobacteria Acidibacter -1.37 

MP4 
Chemical 

 

Verrucomicrobiot
a Ellin516 1.13 MP4 Control 

 
Proteobacteria Pseudorhodoplanes -7.89 

MP4 
Chemical 

 
Proteobacteria Arenimonas -6.98 

MP4 
Chemical 
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Bacteroidota Ohtaekwangia -8.65 

MP4 
Chemical 

 
Bacteroidota Chryseolinea -4.94 

MP4 
Chemical 

 
Proteobacteria Dongia -1.62 

MP4 
Chemical 

 
Bacteroidota Terrimonas -1.67 

MP4 
Chemical 

 
Acidobacteriota Luteitalea -7.99 

MP4 
Chemical 

 

Verrucomicrobiot
a ADurb.Bin063-1 1.45 MP4 Control 

 
Proteobacteria Acidisoma 6.83 MP4 Control 

 

Table S21: Deseq2 analysis of 16S MP4 Control vs MP4 Lime. 

MP4 
Control vs 
MP4 Lime Phylum Genus log2FoldChange Enriched 

 
Actinobacteriota Acidothermus -2.07 MP4 Lime 

 
Proteobacteria Acidibacter 1.44 MP4 Control 

 
Verrucomicrobiota Ellin516 -1.51 MP4 Lime 

 
Proteobacteria Pseudorhodoplanes 8.38 MP4 Control 

 
Proteobacteria IS-44 3.83 MP4 Control 

 
Bacteroidota Chryseolinea 4.89 MP4 Control 

 
Proteobacteria Polycyclovorans 7.12 MP4 Control 

 
Bacteroidota Terrimonas 2.41 MP4 Control 

 
Acidobacteriota Luteitalea 8.17 MP4 Control 

 
Verrucomicrobiota ADurb.Bin063-1 -1.71 MP4 Lime 

 
Actinobacteriota Streptacidiphilus -7.33 MP4 Lime 

 
Bacteroidota Ohtaekwangia 7.34 MP4 Control 

 
Proteobacteria Dyella -7.62 MP4 Lime 

 
Acidobacteriota Terracidiphilus -6.85 MP4 Lime 
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Myxococcota Sandaracinus 7.00 MP4 Control 

 
Proteobacteria Acidisoma -6.83 MP4 Lime 
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Table S22: Deseq2 analysis of 16S MP4 Organic vs MP4 Chemical. 

MP4 
Organic vs 
MP4 
Chemical Phylum Genus log2FoldChange Enriched 

 
Actinobacteriota Acidothermus -1.19 

MP4 
Chemical 

 
Actinobacteriota Nocardioides 1.16 MP4 Organic 

 
Acidobacteriota Candidatus Solibacter -1.16 

MP4 
Chemical 

 
Verrucomicrobiota Ellin516 -1.85 

MP4 
Chemical 

 
Verrucomicrobiota ADurb.Bin063-1 -1.27 

MP4 
Chemical 

 
Bacteroidota Puia -2.10 

MP4 
Chemical 

 
Proteobacteria Dokdonella -1.88 

MP4 
Chemical 

 
Acidobacteriota Bryobacter -1.56 

MP4 
Chemical 

 
Bacteroidota Mucilaginibacter -1.94 

MP4 
Chemical 

 
Proteobacteria Devosia -1.43 

MP4 
Chemical 

 
Bacteroidota Ohtaekwangia 2.04 MP4 Organic 

 
Proteobacteria Microvirga 6.91 MP4 Organic 

 
Acidobacteriota Paludibaculum 7.18 MP4 Organic 

 
Actinobacteriota Streptacidiphilus -7.05 

MP4 
Chemical 

 
Chloroflexi Thermosporothrix -7.62 

MP4 
Chemical 

 
Actinobacteriota Demequina 7.08 MP4 Organic 

 
Proteobacteria Altererythrobacter 7.29 MP4 Organic 

 
Acidobacteriota Granulicella -7.10 

MP4 
Chemical 
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Bacteroidota Spirosoma -21.51 

MP4 
Chemical 

 

Table S23: Deseq2 analysis of 16S MP4 Organic vs MP4 Control 

MP4 Organic 

vs MP4 Control 

Phylum Genus log2FoldChange Enriched 

 

Planctomycetota Pir4 lineage 1.04 MP4 Organic 

 

Desulfobacterota Geobacter -1.93 MP4 Control 

 

Actinobacteriota Acidothermus -2.27 MP4 Control 

 

Proteobacteria Acidibacter 1.91 MP4 Organic 

 

Actinobacteriota Nocardioides 1.65 MP4 Organic 

 

Proteobacteria MND1 1.59 MP4 Organic 

 

Planctomycetota Aquisphaera -1.68 MP4 Control 

 

Acidobacteriota Candidatus Solibacter -1.97 MP4 Control 

 

Planctomycetota Pirellula 1.01 MP4 Organic 

 

Acidobacteriota Luteitalea 7.93 MP4 Organic 

 

Verrucomicrobiota Ellin516 -2.85 MP4 Control 

 

Proteobacteria Pseudorhodoplanes 9.18 MP4 Organic 

 

Proteobacteria Dongia 1.77 MP4 Organic 

 

Bacteroidota Puia -1.94 MP4 Control 

 

Bacteroidota Chryseolinea 6.08 MP4 Organic 

 

Acidobacteriota Candidatus Koribacter -1.89 MP4 Control 

 

Acidobacteriota Vicinamibacter 8.31 MP4 Organic 

 

Verrucomicrobiota Chthoniobacter 1.45 MP4 Organic 

 

Acidobacteriota Bryobacter -2.20 MP4 Control 

 

Acidobacteriota Occallatibacter -4.73 MP4 Control 

 

Proteobacteria Arenimonas 6.79 MP4 Organic 

 

Actinobacteriota Ilumatobacter 8.29 MP4 Organic 

 

Acidobacteriota Subgroup 10 1.93 MP4 Organic 

 

Proteobacteria Nordella 6.91 MP4 Organic 

 

Planctomycetota SH-PL14 7.74 MP4 Organic 

 

Bacteroidota Ohtaekwangia 10.83 MP4 Organic 

 

Actinobacteriota Nakamurella 2.06 MP4 Organic 

 

Actinobacteriota Marmoricola 7.14 MP4 Organic 
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Bacteroidota Terrimonas 1.84 MP4 Organic 

 

Proteobacteria Polycyclovorans 7.92 MP4 Organic 

 

Proteobacteria Microvirga 7.08 MP4 Organic 

 

Verrucomicrobiota ADurb.Bin063-1 -2.60 MP4 Control 

 

Desulfobacterota Desulfobulbus -6.65 MP4 Control 

 

Proteobacteria BD1-7 clade 7.38 MP4 Organic 

 

Acidobacteriota Paludibaculum 7.42 MP4 Organic 

 

Actinobacteriota Streptacidiphilus -7.27 MP4 Control 

 

Firmicutes Fonticella -6.52 MP4 Control 

 

Acidobacteriota Granulicella -7.45 MP4 Control 

 

Acidobacteriota Edaphobacter -6.81 MP4 Control 

 

Proteobacteria Hirschia 6.80 MP4 Organic 

 

Armatimonadota Chthonomonas -6.82 MP4 Control 

 

Chloroflexi Thermosporothrix -7.89 MP4 Control 

 

Proteobacteria Dyella -7.53 MP4 Control 

 

Actinobacteriota Lechevalieria 21.31 MP4 Organic 

 

Actinobacteriota Actinospica -8.42 MP4 Control 

 

Bacteroidota Crocinitomix 6.80 MP4 Organic 

 

Acidobacteriota Terracidiphilus -6.78 MP4 Control 

 

Proteobacteria Acidisoma -6.79 MP4 Control 

 

Proteobacteria Micropepsis -7.79 MP4 Control 

 

Actinobacteriota Demequina 7.29 MP4 Organic 

 

Spirochaetota Turneriella 6.83 MP4 Organic 

 

Proteobacteria Altererythrobacter 7.48 MP4 Organic 

 

Chloroflexi HSB OF53-F07 -6.97 MP4 Control 
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Table S24: Deseq2 analysis of ITS GR1 vs JC2. 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

Table S25: Deseq2 analysis of ITS GR1 vs MP1. 

GR1 vs 
MP1 

Phylum Genus log2FoldChange Enriched 

 
Basidiomycota Udeniozyma -5.83 MP1  
Ascomycota Pyrenochaeta 4.38 GR1  
Ascomycota unidentified_388 -6.30 MP1  
Ascomycota Leohumicola -6.22 MP1  
Ascomycota unidentified_3145 -6.70 MP1  
Glomeromycota unidentified_276 -9.45 MP1  
Ascomycota Drechslera -7.63 MP1 

GR1 vs 
JC2 

Phylum Genus log2FoldChange Enriched 

 
Basidiomycota Udeniozyma -4.98 JC2  
Basidiomycota Coprinopsis 2.60 GR1  
Ascomycota Pyrenochaeta 5.09 GR1  
Ascomycota Cadophora 5.30 GR1  
Ascomycota Drechslera -7.33 JC2  
Ascomycota unidentified_191 -5.85 JC2  
Basidiomycota unidentified_420 -24.60 JC2  
Ascomycota Mollisia -7.31 JC2  
Glomeromycota Paraglomus -4.98 JC2  
Ascomycota Clohesyomyces 21.60 GR1  
Basidiomycota unidentified_242 6.99 GR1  
Basidiomycota Solicoccozyma -1.92 JC2  
Ascomycota unidentified_9815 8.06 GR1  
Basidiomycota Apiotrichum -2.78 JC2  
Glomeromycota unidentified_5039 7.07 GR1  
Chytridiomycota unidentified_957 2.30 GR1 
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Ascomycota unidentified_191 -7.38 MP1  
Basidiomycota Auricularia -7.35 MP1  
Ascomycota Pseudaleuria 3.59 GR1  
Ascomycota Mollisia -7.95 MP1  
Basidiomycota unidentified_199 6.57 GR1  
Ascomycota Hymenoscyphus 7.08 GR1  
Basidiomycota unidentified_242 7.86 GR1  
Ascomycota Chaetomium -7.59 MP1  
Ascomycota unidentified_9815 7.61 GR1  
Ascomycota unidentified_50 -2.48 MP1  
Ascomycota Trichoderma -5.24 MP1  
Basidiomycota Minimedusa 8.03 GR1  
Basidiomycota Apiotrichum -3.42 MP1  
Glomeromycota unidentified_5039 8.09 GR1  
Chytridiomycota unidentified_957 2.12 GR1 

 

Table S26: Deseq2 analysis of ITS GR1 vs MP4. 

GR1 vs 
MP4 

Phylum Genus log2FoldChange Enriched 

 
Ascomycota unidentified 2.36 GR1  
Ascomycota Pyrenochaeta 5.34 GR1  
Ascomycota unidentified_191 -4.72 MP4  
Basidiomycota Auricularia -7.37 MP4  
Ascomycota Cladorrhinum -24.37 MP4  
Ascomycota Hymenoscyphus 23.58 GR1  
Basidiomycota unidentified_242 6.72 GR1  
Ascomycota Bimuria 2.89 GR1  
Basidiomycota Apiotrichum -2.16 MP4  
Glomeromycota unidentified_5039 7.62 GR1  
Ascomycota Cadophora 7.49 GR1 

 

Table S27: Deseq2 analysis of ITS JC2 vs MP1. 

JC2 vs 
MP1 

Phylum Genus log2FoldChange Enriched 

 
Basidiomycota Auricularia -7.78 MP1  
Basidiomycota Akenomyces 24.96 JC2  
Ascomycota unidentified_388 -7.12 MP1  
Ascomycota unidentified_3145 -5.62 MP1  
Ascomycota Pseudaleuria 5.54 JC2  
Basidiomycota unidentified_23 3.82 JC2  
Basidiomycota Solicoccozyma 2.17 JC2  
Ascomycota unidentified_50 -2.16 MP1  
Ascomycota Chaetomium -6.80 MP1 
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Glomeromycota Glomus -1.75 MP1  
Ascomycota Pseudeurotium -2.63 MP1  
Ascomycota Scedosporium -5.78 MP1 

 

Table S28: Deseq2 analysis of ITS JC2 vs MP4. 

JC2 vs 
MP4 

Phylum Genus log2FoldChange Enriched 

 
Basidiomycota Udeniozyma 6.15 JC2  
Basidiomycota Auricularia -8.39 MP4  
Basidiomycota Coprinopsis -1.68 MP4  
Ascomycota Leohumicola 4.72 JC2  
Mortierellomycota unidentified_983 -6.89 MP4  
Basidiomycota unidentified_420 22.39 JC2  
Ascomycota unidentified 1.47 JC2  
Ascomycota Clohesyomyces -23.11 MP4  
Basidiomycota Solicoccozyma 1.33 JC2  
Ascomycota unidentified_9815 -8.47 MP4  
Basidiomycota unidentified_1560 24.73 JC2  
Ascomycota Pseudeurotium -1.14 MP4 

Table S29: Deseq2 analysis of ITS MP1 vs MP4. 

MP1 vs 
MP4 

Phylum Genus log2FoldChange Enriched 

 
Basidiomycota Udeniozyma 7.64 MP1  
Basidiomycota unidentified_1560 7.72 MP1  
Glomeromycota unidentified_276 7.81 MP1  
Ascomycota Leohumicola 8.09 MP1  
Ascomycota unidentified_3145 5.55 MP1  
Basidiomycota unidentified_199 -6.62 MP4  
Glomeromycota unidentified_277 8.47 MP1  
Ascomycota unidentified_50 2.29 MP1  
Ascomycota Chaetomium 6.56 MP1  
Ascomycota Bimuria 6.62 MP1  
Ascomycota unidentified_9815 -7.60 MP4  
Ascomycota Trichoderma 4.79 MP1  
Ascomycota Pseudeurotium 1.93 MP1 

 

Table S30: Deseq2 analysis of ITS GR1 chemical vs GR1 control. 

GR1 
chemical 
vs GR1 
control 

Phylum Genus log2FoldChange Enriched 

 
Basidiomycota unidentified_3513 22.95 GR1 

chemical 
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Basidiomycota Pholiotina -11.38 GR1 

control  
Basidiomycota Parasola 27.44 GR1 

chemical  
Basidiomycota Tylospora -21.38 GR1 

control  
Basidiomycota unidentified_187 21.19 GR1 

chemical  
Basidiomycota unidentified_420 -22.86 GR1 

control  
Mortierellomycota unidentified_983 -22.37 GR1 

control  
Basidiomycota Auricularia -8.14 GR1 

control  
Glomeromycota Funneliformis 20.97 GR1 

chemica 
 

 

 

 

 

 

 

 

 

Table S31: Deseq2 analysis of ITS GR 1 control vs GR 1 lime. 

GR 1 
control vs 
GR 1 lime 

Phylum Genus log2FoldChange Enriched 

 
Basidiomycota Pholiotina 12.29 GR 1 control  
Basidiomycota unidentified_420 27.35 GR 1 control  
Basidiomycota Serendipita 8.69 GR 1 control  
Ascomycota unidentified_88 23.13 GR 1 control  
Ascomycota Mollisia -9.06 GR 1 lime  
Glomeromycota unidentified_277 -21.82 GR 1 lime  
Basidiomycota unidentified_151 -22.33 GR 1 lime  
Ascomycota Neofitzroyomyces 21.89 GR 1 control  
Ascomycota Glarea 20.29 GR 1 control  
Basidiomycota Psathyrella 21.08 GR 1 control 

 

 



 

 
194 

 

 

Table S32: Deseq2 analysis of ITS GR 1 control vs GR 1 organic. 

GR1 
control vs 
GR1 
organic 

Phylum Genus log2FoldChange Enriched 

 
Basidiomycota Pholiotina 9.81 GR1 control  
Ascomycota Gibberella 21.17 GR1 control  
Basidiomycota unidentified_12 21.64 GR1 control  
Basidiomycota Auricularia 19.48 GR1 control  
Glomeromycota unidentified_277 -22.17 GR1 organic  
Basidiomycota unidentified_151 -22.42 GR1 organic  
Basidiomycota unidentified_420 20.58 GR1 control  
Basidiomycota Coprinellus 20.88 GR1 control  
Glomeromycota unidentified_408 -21.71 GR1 control 

 

 

Table S33: Deseq2 analysis of ITS JC2 chemical vs JC2 control. 

JC2 
chemical 
vs JC2 
control 

Phylum Genus log2FoldChange Enriched 

 
Chytridiomycota Operculomyces -9.14 JC2 control  
Basidiomycota Trechispora -21.71 JC2 control  
Glomeromycota unidentified_277 11.03 JC2 chemical  
Basidiobolomycota Basidiobolus 23.55 JC2 chemical  
Basidiomycota Clavaria -23.94 JC2 control  
Ascomycota Cladophialophora -19.93 JC2 control 

 

 

 

 

 

 

 

Table S34: Deseq2 analysis of ITS JC2 control vs JC2 lime. 
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JC2 
control vs 
JC2 lime 

Phylum Genus log2FoldChange Enriched 

 
Basidiomycota Pholiotina 23.98 JC2 control  
Chytridiomycota Operculomyces 10.01 JC2 control  
Basidiomycota unidentified_3513 11.29 JC2 control  
Basidiomycota Trechispora 22.34 JC2 control  
Ascomycota Clohesyomyces 22.10 JC2 control  
Chytridiomycota Paranamyces 9.82 JC2 control  
Basidiomycota unidentified_187 -25.02 JC2 lime  
Basidiobolomycota Basidiobolus -23.44 JC2 lime  
Basidiomycota Corticium -23.50 JC2 lime 

 

Table S35: Deseq2 analysis of ITS JC2 control vs JC2 organic. 

JC2 
control vs 
JC2 
organic 

Phylum Genus log2FoldChange Enriched 

 
Chytridiomycota Operculomyces 13.16 JC2 control  
Basidiomycota Tylospora -22.03 JC2 organic  
Basidiomycota Akenomyces 22.45 JC2 control  
Glomeromycota unidentified_276 -11.50 JC2 organic  
Ascomycota Clohesyomyces 23.83 JC2 control  
Chytridiomycota Paranamyces 9.84 JC2 control  
Basidiomycota unidentified_2191 21.29 JC2 control  
Basidiomycota Pholiotina 10.38 JC2 control  
Basidiomycota unidentified_187 -23.88 JC2 organic  
Glomeromycota unidentified_4174 23.27 JC2 control  
Basidiobolomycota Basidiobolus -22.47 JC2 organic  
Basidiomycota Corticium -22.74 JC2 organic 

 

Table S36: Deseq2 analysis of ITS MP1 chemical vs MP1 control. 

MP1 
chemical 
vs MP1 
control 

Phylum Genus log2FoldChange Enriched 

 
Ascomycota unidentified_5 8.14 MP1 chemical  
Basidiomycota Parasola 11.76 MP1 chemical  
Basidiomycota unidentified_420 20.72 MP1 chemical  
Ascomycota Sarocladium 28.71 MP1 chemical  
Ascomycota unidentified_88 25.16 MP1 chemical  
Basidiomycota Atractiella -23.87 MP1 control  
Ascomycota Cistella 24.40 MP1 chemical  
Glomeromycota unidentified_6994 -23.33 MP1 control 
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Ascomycota Torula 22.38 MP1 chemical 

 

 

Table S37: Deseq2 analysis of ITS MP1 control vs MP1 lime. 

MP1 
control vs 
MP1 lime 

Phylum Genus log2FoldChange Enriched 

 
Basidiomycota Coprinopsis 8.27 MP1 control  
Basidiomycota Parasola -11.76 MP1 lime  
Ascomycota Sarocladium -29.25 MP1 lime  
Basidiomycota Akenomyces 11.65 MP1 control  
Basidiomycota unidentified_2191 25.40 MP1 control  
Basidiomycota unidentified_1560 23.51 MP1 control  
Ascomycota Cistella -25.19 MP1 lime  
Basidiomycota Kurtzmanomyces -24.67 MP1 lime  
Ascomycota Alatospora 22.62 MP1 control  
Ascomycota Torula -23.22 MP1 lime 

 

 

 

 

Table S38: Deseq2 analysis of ITS MP1 control vs MP1 organic. 

MP1 
control vs 
MP1 
organic 

Phylum Genus log2FoldChange Enriched 

 
Basidiomycota Parasola -11.61 MP1 organic  
Basidiomycota unidentified_420 -21.52 MP1 organic  
Basidiomycota Akenomyces 24.30 MP1 control  
Ascomycota unidentified_82 9.52 MP1 control  
Ascomycota Cladorrhinum 11.03 MP1 control  
Basidiomycota Marasmius 24.36 MP1 control  
Ascomycota Cistella -25.04 MP1 organic  
Ascomycota Pyrenophora 20.66 MP1 control  
Ascomycota Torula -23.07 MP1 organic  
Ascomycota Heteroconium 21.69 MP1 control 
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Table S39: Deseq2 analysis of ITS MP4 chemical vs MP4 control. 

MP4 
chemical 
vs MP4 
control 

Phylum Genus log2FoldChange Enriched 

 
Basidiomycota Pholiotina -11.84 MP4 control  
Ascomycota Hymenoscyphus -24.44 MP4 control  
Basidiomycota Minimedusa -22.35 MP4 control  
Glomeromycota Funneliformis -10.62 MP4 control  
Basidiomycota Akenomyces -22.04 MP4 control  
Ascomycota Mollisia 21.58 MP4 chemical  
Basidiomycota Clavaria -22.41 MP4 control  
Ascomycota Trichoglossum -22.33 MP4 control  
Ascomycota Chalara -21.13 MP4 control  
Calcarisporiellomycota Calcarisporiella 21.65 MP4 chemical  
Basidiomycota unidentified_420 -21.97 MP4 control  
Basidiomycota Ceratobasidium 21.50 MP4 chemical 

 

 

Table S40: Deseq2 analysis of ITS MP4 control vs MP4 lime. 

MP4 
control vs 
MP4 lime 

Phylum Genus log2FoldChange Enriched 

 
Basidiomycota unidentified_3513 -25.02 MP4 lime  
Basidiomycota Pholiotina 11.51 MP4 control  
Basidiomycota unidentified_420 26.06 MP4 control  
Glomeromycota Funneliformis 10.45 MP4 control  
Ascomycota Mollisia -21.61 MP4 lime  
Calcarisporiellomycota Calcarisporiella -21.69 MP4 lime  
Basidiomycota Ceratobasidium -21.52 MP4 lime 

 

 

 

Table S41: Deseq2 analysis of ITS MP4 control vs MP4 organic. 

MP4 
control vs 
MP4 
organic 

Phylum Genus log2FoldChange Enriched 

 
Basidiomycota Pholiotina 11.17 MP4 control  
Ascomycota Hymenoscyphus 13.21 MP4 control  
Ascomycota unidentified_5 -3.83 MP4 organic 
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Ascomycota Slopeiomyces 8.93 MP4 control  
Basidiomycota Minimedusa 22.40 MP4 control  
Ascomycota Tolypocladium 25.21 MP4 control  
Glomeromycota Funneliformis 12.23 MP4 control  
Basidiomycota Cotylidia -10.03 MP4 organic  
Basidiomycota Serendipita 9.11 MP4 control  
Ascomycota Leohumicola -6.20 MP4 organic  
Basidiomycota Akenomyces 19.20 MP4 control  
Glomeromycota unidentified_276 -4.00 MP4 organic  
Ascomycota Paraphoma 8.87 MP4 control  
Glomeromycota unidentified_5039 7.90 MP4 control  
Ascomycota Clonostachys 7.34 MP4 control  
Ascomycota Fusicolla 6.95 MP4 control  
Ascomycota Mollisia -23.02 MP4 organic  
Glomeromycota unidentified_277 -10.46 MP4 organic  
Ascomycota Fusarium 6.86 MP4 control  
Basidiomycota unidentified_3899 22.12 MP4 control  
Calcarisporiellomycota Calcarisporiella -23.09 MP4 organic  
Basidiomycota Ceratobasidium -22.87 MP4 organic 
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Chapter 4 Supplementary materials 
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Figure S3: Realtive abundance of top 20 dominant genera of the 16S community in the glucose soils with treatment 
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Figure S4: Realtive abundance of top 20 dominant genera of 16S community in the control soils with treatment 
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Figure S5: Realtive abundance of top 20 dominant genera of the ITS community in the glucose soils with treatment 



 

 
203 

 

 

Figure 6: Realtive abundance of top 20 dominant genera of the ITS community in the control soils with treatment 
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Table S47: Deseq2 analysis of P0 cut 13C vs P30 cut 13C. 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

P0 cut 
13C vs 
P30 cut 
13C 

Phylum Genus log2fold change Enriched  

 
Proteobacteria Rhodanobacter -0.81 P30 cut 13C  
Proteobacteria Acidibacter 0.69 P0 cut 13C  
Acidobacteriota Vicinamibacter -0.66 P30 cut 13C  
Bacteroidota Ferruginibacter 1.32 P0 cut 13C  
Bacteroidota Chryseolinea -0.83 P30 cut 13C  
Acidobacteriota Holophaga -4.59 P30 cut 13C  
Fibrobacterota possible genus 04 0.84 P0 cut 13C  
Bacteroidota Terrimonas 0.5 P0 cut 13C  
Proteobacteria Paludibacterium -23.31 P30 cut 13C 
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Table S48: Deseq2 analysis of P0 cut 13C vs P0 Grazed 13C. 

P0 cut 
13C vs P0 
Grazed 
13C 

Phylum Genus log2FoldChange Enriched 

 
Proteobacteria Pseudolabrys -0.47 P0 Grazed 

13C  
Verrucomicrobiota Candidatus 

Xiphinematobacter 
-0.47 P0 Grazed 

13C  
Planctomycetota Pir4 lineage -0.82 P0 Grazed 

13C  
Actinobacteriota Mycobacterium 0.56 P0 Cut 13C  
Actinobacteriota Gaiella -0.65 P0 Grazed 

13C  
Bacteroidota Puia 1.02 P0 Cut 13C  
Nitrospirota Nitrospira -3.34 P0 Grazed 

13C  
Crenarchaeota Candidatus 

Nitrocosmicus 
-1.19 P0 Grazed 

13C  
Proteobacteria Rhodomicrobium 0.52 P0 Cut 13C  
Proteobacteria GOUTA6 -1.47 P0 Grazed 

13C  
Proteobacteria Ellin6067 -0.73 P0 Grazed 

13C  
Actinobacteriota Nocardioides -0.68 P0 Grazed 

13C 
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Planctomycetota Aquisphaera 1.73 P0 Cut 13C  
Proteobacteria Rhodanobacter 2.33 P0 Cut 13C  
Bacteroidota OLB12 1.41 P0 Cut 13C  
Proteobacteria MND1 -2.88 P0 Grazed 

13C  
Proteobacteria Roseiarcus 2.32 P0 Cut 13C  
Proteobacteria Pedomicrobium -1.97 P0 Grazed 

13C  
Acidobacteriota Luteitalea -2.05 P0 Grazed 

13C  
Spirochaetota Spirochaeta 2 0.84 P0 Cut 13C  
Acidobacteriota Occallatibacter 2.65 P0 Cut 13C  
Proteobacteria Rhodoblastus 0.51 P0 Cut 13C  
Acidobacteriota RB41 -1.08 P0 Grazed 

13C  
Proteobacteria Acidibacter -0.89 P0 Grazed 

13C  
Bacteroidota Flavobacterium -1.41 P0 Grazed 

13C  
Acidobacteriota Candidatus Solibacter 0.78 P0 Cut 13C  
Proteobacteria Sphingomonas 1.40 P0 Cut 13C  
Proteobacteria Dongia -1.57 P0 Grazed 

13C  
Actinobacteriota Nakamurella 0.48 P0 Cut 13C  
Verrucomicrobiota Chthoniobacter -1.07 P0 Grazed 

13C  
Actinobacteriota Acidothermus 1.81 P0 Cut 13C  
Bacteroidota Parafilimonas 0.96 P0 Cut 13C  
Proteobacteria Rhodoplanes -0.52 P0 Grazed 

13C 
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Chloroflexi UTCFX1 -7.47 P0 Grazed 

13C  
Actinobacteriota Streptomyces -0.89 P0 Grazed 

13C  
Proteobacteria mle1-7 -2.38 P0 Grazed 

13C  
Desulfobacterota Geobacter -1.60 P0 Grazed 

13C  
Proteobacteria Candidatus 

Alysiosphaera 
-2.15 P0 Grazed 

13C  
Proteobacteria Pseudorhodoplanes -9.54 P0 Grazed 

13C  
Actinobacteriota Solirubrobacter -1.63 P0 Grazed 

13C  
Actinobacteriota Conexibacter 1.28 P0 Cut 13C  
Actinobacteriota Actinocorallia -2.24 P0 Grazed 

13C  
Proteobacteria Arenimonas -0.69 P0 Grazed 

13C  
Bacteroidota Edaphobaculum 0.72 P0 Cut 13C  
Verrucomicrobiota Lacunisphaera 1.05 P0 Cut 13C  
Proteobacteria Bauldia -1.00 P0 Grazed 

13C  
Crenarchaeota Candidatus 

Nitrososphaera 
-9.05 P0 Grazed 

13C  
Actinobacteriota Ilumatobacter -3.00 P0 Grazed 

13C  
Proteobacteria Devosia 0.76 P0 Cut 13C  
Actinobacteriota Rhodococcus 10.48 P0 Cut 13C  
Bacteroidota Mucilaginibacter 2.29 P0 Cut 13C  
Actinobacteriota Microlunatus -2.20 P0 Grazed 

13C 
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Verrucomicrobiota Ellin517 -2.14 P0 Grazed 

13C  
Verrucomicrobiota Ellin516 0.77 P0 Cut 13C  
Fibrobacterota possible genus 04 1.93 P0 Cut 13C  
Bacteroidota Ferruginibacter 0.64 P0 Cut 13C  
Acidobacteriota Holophaga 3.40 P0 Cut 13C  
Acidobacteriota Geothrix 7.27 P0 Cut 13C  
Bacteroidota Sediminibacterium 1.65 P0 Cut 13C  
Proteobacteria Dokdonella 1.39 P0 Cut 13C  
Planctomycetota Pirellula -1.47 P0 Grazed 

13C  
Gemmatimonadota Gemmatimonas 0.65 P0 Cut 13C  
Bacteroidota Heliimonas 1.96 P0 Cut 13C  
Acidobacteriota Acidipila 1.64 P0 Cut 13C  
Proteobacteria Ellin6055 -3.87 P0 Grazed 

13C  
Verrucomicrobiota Terrimicrobium 0.99 P0 Cut 13C  
Crenarchaeota Candidatus 

Nitrosotalea 
9.32 P0 Cut 13C 

 
Bacteroidota Terrimonas -1.46 P0 Grazed 

13C  
Proteobacteria alphaI cluster -1.28 P0 Grazed 

13C  
Bacteroidota Chryseolinea -10.06 P0 Grazed 

13C  
Planctomycetota Schlesneria 1.42 P0 Cut 13C  
Actinobacteriota Dactylosporangium -1.85 P0 Grazed 

13C  
Acidobacteriota Candidatus Koribacter 3.20 P0 Cut 13C  
Acidobacteriota Bryobacter 1.24 P0 Cut 13C 
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Proteobacteria Microvirga -4.09 P0 Grazed 

13C  
Proteobacteria Pseudomonas 1.66 P0 Cut 13C  
Proteobacteria Nordella -8.18 P0 Grazed 

13C  
Acidobacteriota Granulicella 3.09 P0 Cut 13C  
Proteobacteria Burkholderia-

Caballeronia-
Paraburkholderia 

7.18 P0 Cut 13C 

 
Acidobacteriota Vicinamibacter -1.43 P0 Grazed 

13C  
Verrucomicrobiota Luteolibacter -2.20 P0 Grazed 

13C  
Proteobacteria SWB02 -1.24 P0 Grazed 

13C  
Bacteroidota Aurantisolimonas -1.36 P0 Grazed 

13C  
Proteobacteria 966-1 -1.50 P0 Grazed 

13C  
Actinobacteriota Rhizocola -7.69 P0 Grazed 

13C  
Proteobacteria Phenylobacterium 1.34 P0 Cut 13C  
Firmicutes Lysinibacillus 7.93 P0 Cut 13C  
Planctomycetota Gemmata 0.54 P0 Cut 13C  
Proteobacteria Parablastomonas -2.57 P0 Grazed 

13C  
Proteobacteria Duganella 2.76 P0 Cut 13C  
Proteobacteria Asticcacaulis 2.05 P0 Cut 13C  
Actinobacteriota Lysinimonas 2.04 P0 Cut 13C  
Planctomycetota Singulisphaera 1.57 P0 Cut 13C  
Bdellovibrionota Bdellovibrio 1.00 P0 Cut 13C 
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Bacteroidota Cytophaga 1.95 P0 Cut 13C  
Acidobacteriota Terracidiphilus 8.06 P0 Cut 13C  
Verrucomicrobiota Roseimicrobium -1.69 P0 Grazed 

13C  
Proteobacteria Acidicaldus 2.61 P0 Cut 13C  
Proteobacteria Nitrosospira 6.80 P0 Cut 13C  
Proteobacteria Polaromonas -7.34 P0 Grazed 

13C  
Firmicutes Turicibacter 6.82 P0 Cut 13C  
Proteobacteria Uliginosibacterium 3.52 P0 Cut 13C  
Planctomycetota Tundrisphaera 7.94 P0 Cut 13C  
Myxococcota KD3-10 1.30 P0 Cut 13C  
Proteobacteria Phyllobacterium -7.25 P0 Grazed 

13C  
Actinobacteriota Virgisporangium -6.40 P0 Grazed 

13C  
Firmicutes Sporosarcina 6.39 P0 Cut 13C  
Proteobacteria Polycyclovorans -6.46 P0 Grazed 

13C  
Desulfobacterota Citrifermentans 7.77 P0 Cut 13C  
Chloroflexi Litorilinea -4.59 P0 Grazed 

13C  
Firmicutes Romboutsia 6.28 P0 Cut 13C  
Firmicutes Ammoniphilus 6.45 P0 Cut 13C  
Proteobacteria Rhizomicrobium 7.61 P0 Cut 13C  
Bacteroidota Ohtaekwangia -6.11 P0 Grazed 

13C  
Planctomycetota SH-PL14 -1.83 P0 Grazed 

13C  
Proteobacteria Plot4-2H12 6.43 P0 Cut 13C 
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Proteobacteria Mesorhizobium 1.77 P0 Cut 13C  
Proteobacteria Rudaea 3.55 P0 Cut 13C  
Actinobacteriota Rugosimonospora 6.23 P0 Cut 13C  
Actinobacteriota Kineosporia 6.72 P0 Cut 13C  
Acidobacteriota Subgroup 10 -1.45 P0 Grazed 

13C  
Proteobacteria Amaricoccus -7.33 P0 Grazed 

13C  
Proteobacteria Paludibacterium -23.32 P0 Grazed 

13C  
Firmicutes Clostridium sensu 

stricto 9 
6.76 P0 Cut 13C 

 
Actinobacteriota Kibdelosporangium -6.62 P0 Grazed 

13C  
Verrucomicrobiota FukuN18 freshwater 

group 
3.67 P0 Cut 13C 

 
Abditibacteriota Abditibacterium 2.46 P0 Cut 13C  
Bacteroidota Fluviicola -5.81 P0 Grazed 

13C  
Firmicutes Pelosinus 7.39 P0 Cut 13C  
Proteobacteria Micropepsis 6.92 P0 Cut 13C  
Proteobacteria Afipia 7.35 P0 Cut 13C  
Chloroflexi Thermosporothrix 6.02 P0 Cut 13C  
Bacteroidota Taibaiella 6.72 P0 Cut 13C  
Actinobacteriota Phycicoccus 6.56 P0 Cut 13C  
Bdellovibrionota Bacteriovorax 20.14 P0 Cut 13C  
Proteobacteria Sulfuritalea 6.35 P0 Cut 13C  
Actinobacteriota Longivirga 3.68 P0 Cut 13C  
Proteobacteria Pseudorhodobacter -5.60 P0 Grazed 

13C 
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Planctomycetota Paludisphaera 6.74 P0 Cut 13C  
Verrucomicrobiota Prosthecobacter 5.17 P0 Cut 13C  
Firmicutes Tumebacillus 5.77 P0 Cut 13C  
Proteobacteria Inquilinus 3.85 P0 Cut 13C  
Firmicutes Fonticella 6.69 P0 Cut 13C  
Proteobacteria [Aquaspirillum] 

arcticum group 
5.54 P0 Cut 13C 

 
Actinobacteriota Blastococcus 5.39 P0 Cut 13C  
Actinobacteriota Streptacidiphilus 6.01 P0 Cut 13C  
Actinobacteriota Arthrobacter 5.47 P0 Cut 13C  
Patescibacteria TM7a 6.22 P0 Cut 13C  
Proteobacteria Nevskia 5.31 P0 Cut 13C  
Chloroflexi Ktedonobacter 3.70 P0 Cut 13C  
Myxococcota Vulgatibacter 5.16 P0 Cut 13C  
Proteobacteria Rhodobacter 5.28 P0 Cut 13C  
Proteobacteria Rhodovastum 6.04 P0 Cut 13C  
Planctomycetota Pir2 lineage 6.48 P0 Cut 13C  
Bacteroidota Paludibacter 5.43 P0 Cut 13C  
Bdellovibrionota OM27 clade -4.12 P0 Grazed 

13C 

 

 

 

 

Table S49: Deseq2 analysis of P0 cut 13C vs P0 Slurry 13C. 



 

 
213 

P0 cut 13C vs P0 Slurry 
13C 

Phylum Genus log2FoldChange Enriched 

 
Proteobacteria GOUTA6 -0.92 P0 Slurry 13C  
Proteobacteria Rhodanobacter -1.35 P0 Slurry 13C  
Verrucomicrobiota Chthoniobacter 0.45 P0 Cut 13C  
Acidobacteriota Vicinamibacter -0.98 P0 Slurry 13C  
Acidobacteriota Holophaga -4.33 P0 Slurry 13C  
Proteobacteria Paludibacterium -22.92 P0 Slurry 13C 

 

Table S50: Deseq2 analysis of P0 Cut Control vs P0 Grazed Control. 

P0 Cut Control vs P0 
Grazed Control 

Phylum Genus log2FoldChange Enriched 

 
Proteobacteria Pseudolabrys -0.36 P0 Grazed Control  
Verrucomicrobiota Candidatus 

Xiphinematobacter 
-0.36 P0 Grazed Control 

 
Planctomycetota Pir4 lineage -0.86 P0 Grazed Control  
Actinobacteriota Mycobacterium 0.36 P0 Cut Control  
Actinobacteriota Gaiella -0.81 P0 Grazed Control  
Bacteroidota Puia 1.16 P0 Cut Control  
Nitrospirota Nitrospira -2.81 P0 Grazed Control  
Crenarchaeota Candidatus 

Nitrocosmicus 
-1.10 P0 Grazed Control 

 
Proteobacteria Reyranella -0.29 P0 Grazed Control  
Proteobacteria Rhodomicrobium 0.89 P0 Cut Control  
Proteobacteria GOUTA6 -1.64 P0 Grazed Control  
Proteobacteria Bradyrhizobium -0.49 P0 Grazed Control  
Proteobacteria Ellin6067 -0.50 P0 Grazed Control  
Actinobacteriota Kribbella -0.63 P0 Grazed Control 



 

 
214 

 
Actinobacteriota Nocardioides -0.94 P0 Grazed Control  
Planctomycetota Aquisphaera 1.50 P0 Cut Control  
Proteobacteria Rhodanobacter 2.04 P0 Cut Control  
Proteobacteria MND1 -3.13 P0 Grazed Control  
Proteobacteria Roseiarcus 1.92 P0 Cut Control  
Bacteroidota OLB12 0.90 P0 Cut Control  
Proteobacteria Pedomicrobium -1.94 P0 Grazed Control  
Acidobacteriota Luteitalea -2.07 P0 Grazed Control  
Spirochaetota Spirochaeta 2 0.67 P0 Cut Control  
Acidobacteriota Occallatibacter 2.15 P0 Cut Control  
Proteobacteria Rhodoblastus 1.15 P0 Cut Control  
Acidobacteriota RB41 -0.76 P0 Cut Control  
Proteobacteria Acidibacter -1.15 P0 Grazed Control  
Bacteroidota Flavobacterium -1.71 P0 Grazed Control  
Acidobacteriota Candidatus 

Solibacter 
0.77 P0 Cut Control 

 
Proteobacteria Sphingomonas 1.43 P0 Cut Control  
Proteobacteria Dongia -1.97 P0 Grazed Control  
Verrucomicrobiota Chthoniobacter -1.28 P0 Grazed Control  
Actinobacteriota Acidothermus 1.97 P0 Cut Control  
Bacteroidota Parafilimonas 0.70 P0 Cut Control  
Proteobacteria Rhodoplanes -0.96 P0 Grazed Control  
Chloroflexi UTCFX1 -6.38 P0 Grazed Control  
Desulfobacterota Geobacter -2.40 P0 Grazed Control  
Actinobacteriota Streptomyces -1.22 P0 Grazed Control  
Proteobacteria mle1-7 -2.03 P0 Grazed Control  
Proteobacteria Candidatus 

Alysiosphaera 
-2.77 P0 Grazed Control 

 
Proteobacteria Pseudorhodoplanes -8.89 P0 Grazed Control 
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Actinobacteriota Conexibacter 1.12 P0 Cut Control  
Actinobacteriota Actinocorallia -1.79 P0 Grazed Control  
Myxococcota Phaselicystis -0.89 P0 Grazed Control  
Proteobacteria Arenimonas -1.01 P0 Grazed Control  
Bacteroidota Edaphobaculum 1.06 P0 Grazed Control  
Bacteroidota Mucilaginibacter 1.76 P0 Cut Control  
Planctomycetota Pirellula -1.65 P0 Grazed Control  
Proteobacteria Bauldia -1.25 P0 Grazed Control  
Crenarchaeota Candidatus 

Nitrososphaera 
-6.20 P0 Grazed Control 

 
Actinobacteriota Ilumatobacter -3.22 P0 Grazed Control  
Proteobacteria Devosia 0.42 P0 Cut Control  
Actinobacteriota Rhodococcus 8.11 P0 Cut Control  
Myxococcota Anaeromyxobacter -0.88 P0 Grazed Control  
Actinobacteriota Microlunatus -2.93 P0 Grazed Control  
Acidobacteriota Vicinamibacter -1.38 P0 Grazed Control  
Verrucomicrobiota Ellin517 -3.21 P0 Grazed Control  
Verrucomicrobiota Ellin516 0.54 P0 Cut Control  
Fibrobacterota possible genus 04 1.44 P0 Cut Control  
Bacteroidota Chryseolinea -9.09 P0 Grazed Control  
Acidobacteriota Holophaga 3.18 P0 Cut Control  
Acidobacteriota Geothrix 3.14 P0 Cut Control  
Bacteroidota Sediminibacterium 1.44 P0 Cut Control  
Proteobacteria Dokdonella 1.04 P0 Cut Control  
Bacteroidota Heliimonas 0.98 P0 Cut Control  
Acidobacteriota Acidipila 1.25 P0 Cut Control  
Proteobacteria Leptothrix 1.09 P0 Cut Control  
Crenarchaeota Candidatus 

Nitrosotalea 
11.24 P0 Cut Control 
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Planctomycetota Schlesneria 1.08 P0 Cut Control  
Actinobacteriota Dactylosporangium -2.00 P0 Grazed Control  
Acidobacteriota Candidatus 

Koribacter 
2.95 P0 Cut Control 

 
Bacteroidota Terrimonas -2.43 P0 Grazed Control  
Planctomycetota Gemmata -0.37 P0 Grazed Control  
Proteobacteria Sideroxydans 1.61 P0 Cut Control  
Proteobacteria Microvirga -3.99 P0 Grazed Control  
Proteobacteria Nordella -7.85 P0 Grazed Control  
Acidobacteriota Granulicella 4.47 P0 Cut Control  
Proteobacteria Burkholderia-

Caballeronia-
Paraburkholderia 

4.94 P0 Cut Control 

 
Proteobacteria Defluviicoccus -2.47 P0 Grazed Control  
Proteobacteria Pseudomonas 1.42 P0 Cut Control  
Proteobacteria SWB02 -1.74 P0 Grazed Control  
Bacteroidota Aurantisolimonas -0.93 P0 Grazed Control  
Planctomycetota Singulisphaera 1.27 P0 Cut Control  
Actinobacteriota Rhizocola -7.59 P0 Grazed Control  
Acidobacteriota Bryobacter 1.08 P0 Cut Control  
Proteobacteria Phenylobacterium 0.98 P0 Cut Control  
Firmicutes Lysinibacillus 3.42 P0 Cut Control  
Actinobacteriota CL500-29 marine 

group 
-2.51 P0 Grazed Control 

 
Proteobacteria Parablastomonas -6.65 P0 Grazed Control  
Verrucomicrobiota Roseimicrobium -1.50 P0 Grazed Control  
Planctomycetota SH-PL14 -3.71 P0 Grazed Control  
Bdellovibrionota Bdellovibrio 0.70 P0 Cut Control  
Bacteroidota Cytophaga 1.15 P0 Cut Control 
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Acidobacteriota Terracidiphilus 8.73 P0 Cut Control  
Planctomycetota SM1A02 -1.14 P0 Grazed Control  
Proteobacteria Tahibacter -6.73 P0 Grazed Control  
Proteobacteria Acidicaldus 1.87 P0 Cut Control  
Acidobacteriota Subgroup 10 -2.24 P0 Grazed Control  
Proteobacteria Polaromonas -5.55 P0 Grazed Control  
Firmicutes Turicibacter 7.71 P0 Cut Control  
Proteobacteria Uliginosibacterium 6.90 P0 Cut Control  
Myxococcota KD3-10 0.96 P0 Cut Control  
Proteobacteria Altererythrobacter 1.12 P0 Cut Control  
Actinobacteriota Lechevalieria -8.42 P0 Grazed Control  
Actinobacteriota Virgisporangium -7.14 P0 Grazed Control  
Firmicutes Sporosarcina 7.56 P0 Cut Control  
Proteobacteria Polycyclovorans -6.08 P0 Grazed Control  
Chloroflexi Litorilinea -6.00 P0 Grazed Control  
Firmicutes Romboutsia 7.22 P0 Cut Control  
Firmicutes Ammoniphilus 7.25 P0 Cut Control  
Proteobacteria Rhizomicrobium 8.73 P0 Cut Control  
Bacteroidota Ohtaekwangia -6.94 P0 Grazed Control  
Proteobacteria Rudaea 3.55 P0 Cut Control  
Actinobacteriota Rugosimonospora 7.48 P0 Cut Control  
Proteobacteria Pseudoduganella -6.64 P0 Grazed Control  
Proteobacteria Amaricoccus -6.82 P0 Grazed Control  
Verrucomicrobiota FukuN18 freshwater 

group 
3.90 P0 Cut Control 

 
Proteobacteria Asticcacaulis 4.16 P0 Cut Control  
Abditibacteriota Abditibacterium 2.72 P0 Cut Control  
Bacteroidota Fluviicola -4.82 P0 Grazed Control  
Proteobacteria Micropepsis 5.89 P0 Cut Control 
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Bacteroidota Sporocytophaga 6.80 P0 Cut Control  
Proteobacteria Undibacterium 5.75 P0 Cut Control  
Planctomycetota Paludisphaera 7.39 P0 Cut Control  
Firmicutes Tumebacillus 6.23 P0 Cut Control  
Proteobacteria Inquilinus 6.93 P0 Cut Control  
Firmicutes Fonticella 5.97 P0 Cut Control  
Proteobacteria Afipia 6.65 P0 Cut Control  
Proteobacteria Alkanibacter 5.38 P0 Cut Control  
Proteobacteria Acidisoma 7.21 P0 Cut Control  
Proteobacteria Sulfurifustis -5.53 P0 Grazed Control  
Chloroflexi Ktedonobacter 5.94 P0 Cut Control  
Actinobacteriota Kibdelosporangium -6.93 P0 Grazed Control  
Firmicutes Clostridium sensu 

stricto 12 
5.53 P0 Cut Control 

 
Myxococcota Vulgatibacter 6.32 P0 Cut Control  
Actinobacteriota Longivirga 7.08 P0 Cut Control  
Proteobacteria Alkanindiges 5.24 P0 Cut Control  
Proteobacteria Nevskia 6.22 P0 Cut Control 

 

Table S51: Deseq2 analysis of P0 cut control vs P0 Slurry control. 

P0 cut control vs P0 
Slurry control 

Phylum Genus log2FoldChange Enriched 

 Verrucomicrobiota Candidatus 
Udaeobacter 

0.40 P0 Cut Control 

 Proteobacteria GOUTA6 -0.58 P0 Slurry Control 

 Proteobacteria Rhodanobacter -1.54 P0 Slurry Control 

 Acidobacteriota Occallatibacter -1.50 P0 Slurry Control 

 Acidobacteriota RB41 0.49 P0 Cut Control 
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 Verrucomicrobiota Chthoniobacter 0.37 P0 Cut Control 

 Proteobacteria Candidatus 
Alysiosphaera 

-0.71 P0 Slurry Control 

 Proteobacteria Bauldia -0.47 P0 Slurry Control 

 Crenarchaeota Candidatus 
Nitrososphaera 

-0.78 P0 Slurry Control 

 Acidobacteriota Vicinamibacter -0.64 P0 Slurry Control 

 Bacteroidota Chryseolinea 0.61 P0 Cut Control 

 Acidobacteriota Holophaga -8.04 P0 Slurry Control 

 Bacteroidota Terrimonas 0.47 P0 Cut Control 

 Proteobacteria Parablastomonas -6.57 P0 Slurry Control 

 Proteobacteria Sideroxydans -6.58 P0 Slurry Control 

 

Table S52: Deseq2 analysis of P0 Cut Control vs P30 Cut Control. 

P0 Cut Control vs P30 Cut 
Control 

Phylum Genus log2FoldChange Enriched 

 
Verrucomicrobiota Candidatus 

Udaeobacter 
0.30 P0 Cut Control 

 
Crenarchaeota Candidatus 

Nitrocosmicus 
-0.66 P30 Cut Control 

 
Proteobacteria Rhodanobacter -1.11 P30 Cut Control  
Acidobacteriota RB41 0.49 P0 Cut Control  
Verrucomicrobiota Chthoniobacter 0.36 P0 Cut Control  
Actinobacteriota Streptomyces -0.53 P30 Cut Control  
Acidobacteriota Holophaga -8.62 P30 Cut Control  
Bacteroidota Ferruginibacter 0.78 P0 Cut Control  
Verrucomicrobiota Terrimicrobium 1.41 P0 Cut Control  
Bacteroidota Sporocytophaga 6.70 P0 Cut Control 
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Table S53: Deseq2 analysis of P0 Grazed 13C vs P30 Grazed 13C. 

P0 Grazed 13C vs P30 
Grazed 13C 

Phylum Genus log2FoldChange Enriched 

 
Verrucomicrobiota Candidatus 

Udaeobacter 
0.44 P0 Grazed 13C 

 
Proteobacteria Pseudolabrys 0.39 P30 Grazed 13C  
Verrucomicrobiota Candidatus 

Xiphinematobacter 
-0.74 P30 Grazed 13C 

 
Planctomycetota Pir4 lineage 0.87 P0 Grazed 13C  
Actinobacteriota Mycobacterium -0.49 P30 Grazed 13C  
Nitrospirota Nitrospira 2.96 P0 Grazed 13C  
Proteobacteria GOUTA6 1.46 P0 Grazed 13C  
Proteobacteria Ellin6067 0.78 P0 Grazed 13C  
Planctomycetota Aquisphaera -0.40 P30 Grazed 13C  
Proteobacteria Rhodanobacter -2.85 P30 Grazed 13C  
Bacteroidota OLB12 -0.51 P30 Grazed 13C  
Proteobacteria Roseiarcus -1.21 P30 Grazed 13C  
Proteobacteria Pedomicrobium 1.16 P0 Grazed 13C  
Acidobacteriota Occallatibacter -0.53 P30 Grazed 13C  
Proteobacteria Acidibacter 0.86 P0 Grazed 13C  
Proteobacteria Sphingomonas -1.06 P30 Grazed 13C  
Chloroflexi UTCFX1 4.76 P0 Grazed 13C  
Actinobacteriota Streptomyces 1.12 P0 Grazed 13C  
Proteobacteria mle1-7 1.65 P0 Grazed 13C  
Actinobacteriota Conexibacter -0.66 P30 Grazed 13C  
Planctomycetota Zavarzinella 1.17 P0 Grazed 13C  
Actinobacteriota Actinocorallia 1.49 P0 Grazed 13C  
Proteobacteria Arenimonas 0.92 P0 Grazed 13C  
Bacteroidota Edaphobaculum -0.53 P30 Grazed 13C 
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Bacteroidota Flavobacterium 0.96 P0 Grazed 13C  
Crenarchaeota Streptomyces 7.17 P0 Grazed 13C  
Bdellovibrionota Bdellovibrio -0.67 P30 Grazed 13C  
Actinobacteriota Nakamurella 0.62 P0 Grazed 13C  
Proteobacteria Devosia -1.19 P30 Grazed 13C  
Proteobacteria Cellvibrio 4.01 P0 Grazed 13C  
Verrucomicrobiota ADurb.Bin063-1 0.63 P0 Grazed 13C  
Bacteroidota Mucilaginibacter -1.80 P30 Grazed 13C  
Acidobacteriota RB41 1.20 P0 Grazed 13C  
Actinobacteriota Microlunatus 1.34 P0 Grazed 13C  
Verrucomicrobiota Ellin517 1.60 P0 Grazed 13C  
Fibrobacterota possible genus 04 -0.99 P30 Grazed 13C  
Acidobacteriota Holophaga -8.09 P30 Grazed 13C  
Acidobacteriota Luteitalea 1.24 P0 Grazed 13C  
Bacteroidota Sediminibacterium -0.81 P30 Grazed 13C  
Proteobacteria Dokdonella -0.86 P30 Grazed 13C  
Planctomycetota Pirellula 0.81 P0 Grazed 13C  
Gemmatimonadota Gemmatimonas -0.96 P30 Grazed 13C  
Bacteroidota Heliimonas -1.23 P30 Grazed 13C  
Crenarchaeota Candidatus 

Nitrosotalea 
-1.09 P30 Grazed 13C 

 
Planctomycetota Schlesneria -0.93 P30 Grazed 13C  
Acidobacteriota Granulicella -4.44 P30 Grazed 13C  
Proteobacteria Burkholderia-

Caballeronia-
Paraburkholderia 

-1.85 P30 Grazed 13C 

 
Proteobacteria MND1 1.89 P0 Grazed 13C  
Proteobacteria 966-1 1.16 P0 Grazed 13C  
Acidobacteriota Bryobacter 0.30 P0 Grazed 13C 
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Proteobacteria Phenylobacterium -0.84 P30 Grazed 13C  
Firmicutes Lysinibacillus -1.05 P30 Grazed 13C  
Proteobacteria Parablastomonas 3.51 P0 Grazed 13C  
Actinobacteriota Lysinimonas -1.35 P30 Grazed 13C  
Bacteroidota Cytophaga -1.53 P30 Grazed 13C  
Acidobacteriota Terracidiphilus -1.62 P30 Grazed 13C  
Actinobacteriota Cellulomonas -1.26 P30 Grazed 13C  
Bacteroidota Terrimonas 1.64 P0 Grazed 13C  
Actinobacteriota Terrabacter -7.52 P30 Grazed 13C  
Proteobacteria Uliginosibacterium -2.11 P30 Grazed 13C  
Myxococcota KD3-10 -0.88 P30 Grazed 13C  
Proteobacteria Altererythrobacter -2.54 P30 Grazed 13C  
Acidobacteriota JGI 0001001-H03 1.42 P0 Grazed 13C  
Proteobacteria Mesorhizobium -7.53 P30 Grazed 13C  
Proteobacteria Rudaea -2.14 P30 Grazed 13C  
Myxococcota Pajaroellobacter -0.88 P30 Grazed 13C  
Verrucomicrobiota FukuN18 freshwater 

group 
-3.70 P30 Grazed 13C 

 
Abditibacteriota Abditibacterium -2.56 P30 Grazed 13C  
Bacteroidota UTBCD1 7.93 P0 Grazed 13C  
Proteobacteria Micropepsis -7.23 P30 Grazed 13C  
Proteobacteria Aquicella -1.25 P30 Grazed 13C  
Chloroflexi Thermosporothrix -6.33 P30 Grazed 13C  
Proteobacteria Hirschia -5.60 P30 Grazed 13C  
Bacteroidota Taibaiella -7.01 P30 Grazed 13C  
Actinobacteriota Phycicoccus -6.86 P30 Grazed 13C  
Planctomycetota Paludisphaera -7.06 P30 Grazed 13C  
Proteobacteria Inquilinus -7.07 P30 Grazed 13C  
Spirochaetota Spirochaeta 5.66 P0 Grazed 13C 
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Actinobacteriota Blastococcus -5.71 P30 Grazed 13C  
Actinobacteriota Streptacidiphilus -6.32 P30 Grazed 13C  
Myxococcota Vulgatibacter -5.47 P30 Grazed 13C  
Bacteroidota Paludibacter -5.74 P30 Grazed 13C  
Verrucomicrobiota Candidatus 

Omnitrophus 
-6.44 P30 Grazed 13C 

 

Table S54: Deseq2 analysis of P0 Grazed Control vs P0 Slurry Control. 

P0 Grazed Control vs P0 
Slurry Control 

Phylum Genus log2FoldChange Enriched 

 
Planctomycetota Pir4 lineage 0.81 P0 Grazed Control  
Actinobacteriota Mycobacterium -0.69 P0 Slurry Control  
Actinobacteriota Gaiella 0.36 P0 Grazed Control  
Bacteroidota Puia -1.40 P0 Slurry Control  
Nitrospirota Nitrospira 3.24 P0 Grazed Control  
Crenarchaeota Candidatus 

Nitrocosmicus 
0.48 P0 Grazed Control 

 
Proteobacteria Rhodomicrobium -1.02 P0 Slurry Control  
Proteobacteria GOUTA6 0.86 P0 Grazed Control  
Proteobacteria Bradyrhizobium 0.52 P0 Grazed Control  
Actinobacteriota Nocardioides 0.88 P0 Grazed Control  
Planctomycetota Aquisphaera -1.64 P0 Slurry Control  
Proteobacteria Rhodanobacter -3.80 P0 Slurry Control  
Proteobacteria MND1 2.78 P0 Grazed Control  
Proteobacteria Roseiarcus -2.10 P0 Slurry Control  
Bacteroidota OLB12 -1.23 P0 Slurry Control  
Proteobacteria Pedomicrobium 1.63 P0 Grazed Control  
Acidobacteriota Luteitalea 1.82 P0 Grazed Control 
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Spirochaetota Spirochaeta 2 -0.68 P0 Slurry Control  
Acidobacteriota Occallatibacter -3.87 P0 Slurry Control  
Proteobacteria Rhodoblastus -1.25 P0 Slurry Control  
Acidobacteriota RB41 1.04 P0 Grazed Control  
Proteobacteria Acidibacter 1.19 P0 Grazed Control  
Bacteroidota Flavobacterium 1.25 P0 Grazed Control  
Acidobacteriota Candidatus 

Solibacter 
-0.90 P0 Slurry Control 

 
Proteobacteria Sphingomonas -1.30 P0 Slurry Control  
Proteobacteria Dongia 1.79 P0 Grazed Control  
Verrucomicrobiota Chthoniobacter 1.45 P0 Grazed Control  
Actinobacteriota Acidothermus -2.47 P0 Slurry Control  
Bacteroidota Parafilimonas -0.73 P0 Slurry Control  
Proteobacteria Rhodoplanes 0.53 P0 Grazed Control  
Chloroflexi UTCFX1 5.94 P0 Grazed Control  
Desulfobacterota Geobacter 1.87 P0 Grazed Control  
Verrucomicrobiota Lacunisphaera -0.86 P0 Slurry Control  
Proteobacteria Hyphomicrobium -0.55 P0 Slurry Control  
Proteobacteria mle1-7 1.77 P0 Grazed Control  
Proteobacteria Candidatus 

Alysiosphaera 
1.83 P0 Grazed Control 

 
Proteobacteria Pseudorhodoplanes 9.22 P0 Grazed Control  
Actinobacteriota Conexibacter -1.41 P0 Slurry Control  
Actinobacteriota Actinocorallia 2.02 P0 Grazed Control  
Actinobacteriota Ilumatobacter 2.96 P0 Grazed Control  
Bacteroidota Edaphobaculum -1.02 P0 Slurry Control  
Bacteroidota Mucilaginibacter -2.10 P0 Slurry Control  
Planctomycetota Pirellula 1.60 P0 Grazed Control  
Proteobacteria Bauldia 0.56 P0 Grazed Control 
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Crenarchaeota Candidatus 

Nitrososphaera 
5.19 P0 Grazed Control 

 
Proteobacteria Devosia -0.78 P0 Slurry Control  
Verrucomicrobiota ADurb.Bin063-1 -0.40 P0 Slurry Control  
Actinobacteriota Rhodococcus -4.66 P0 Slurry Control  
Verrucomicrobiota Ellin517 3.52 P0 Grazed Control  
Verrucomicrobiota Ellin516 -0.92 P0 Slurry Control  
Fibrobacterota possible genus 04 -1.59 P0 Slurry Control  
Bacteroidota Chryseolinea 9.50 P0 Grazed Control  
Acidobacteriota Holophaga -11.42 P0 Slurry Control  
Acidobacteriota Geothrix -5.85 P0 Slurry Control  
Bacteroidota Sediminibacterium -1.72 P0 Slurry Control  
Proteobacteria Dokdonella -1.55 P0 Slurry Control  
Gemmatimonadota Gemmatimonas -0.70 P0 Slurry Control  
Actinobacteriota Microlunatus 2.79 P0 Grazed Control  
Acidobacteriota Bryobacter -1.19 P0 Slurry Control  
Acidobacteriota Acidipila -2.53 P0 Slurry Control  
Proteobacteria Leptothrix -2.89 P0 Slurry Control  
Proteobacteria Ellin6055 3.40 P0 Grazed Control  
Crenarchaeota Candidatus 

Nitrosotalea 
-11.04 P0 Slurry Control 

 
Planctomycetota Schlesneria -1.28 P0 Slurry Control  
Acidobacteriota Candidatus 

Koribacter 
-3.19 P0 Slurry Control 

 
Bacteroidota Terrimonas 2.69 P0 Grazed Control  
Proteobacteria Sideroxydans -8.39 P0 Slurry Control  
Proteobacteria Microvirga 3.76 P0 Grazed Control  
Proteobacteria Nordella 7.62 P0 Grazed Control  
Acidobacteriota Granulicella -4.22 P0 Slurry Control 
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Proteobacteria Burkholderia-

Caballeronia-
Paraburkholderia 

-8.41 P0 Slurry Control 

 
Proteobacteria SWB02 1.40 P0 Grazed Control  
Bacteroidota Aurantisolimonas 1.20 P0 Grazed Control  
Planctomycetota Singulisphaera -1.52 P0 Slurry Control  
Proteobacteria Allorhizobium-

Neorhizobium-
Pararhizobium-
Rhizobium 

1.97 P0 Grazed Control 

 
Actinobacteriota Rhizocola 6.88 P0 Grazed Control  
Proteobacteria Phenylobacterium -0.93 P0 Slurry Control  
Firmicutes Lysinibacillus -3.23 P0 Slurry Control  
Actinobacteriota CL500-29 marine 

group 
2.72 P0 Grazed Control 

 
Proteobacteria Duganella -1.81 P0 Slurry Control  
Proteobacteria Asticcacaulis -2.99 P0 Slurry Control  
Planctomycetota SH-PL14 3.52 P0 Grazed Control  
Bdellovibrionota Bdellovibrio -1.20 P0 Slurry Control  
Bacteroidota Cytophaga -1.84 P0 Slurry Control  
Acidobacteriota Terracidiphilus -8.53 P0 Slurry Control  
Proteobacteria Tahibacter 6.85 P0 Grazed Control  
Proteobacteria Acidicaldus -3.75 P0 Slurry Control  
Actinobacteriota Nocardia 2.50 P0 Grazed Control  
Proteobacteria Polaromonas 6.44 P0 Grazed Control  
Firmicutes Turicibacter -1.81 P0 Slurry Control  
Acidobacteriota Stenotrophobacter 6.64 P0 Grazed Control  
Proteobacteria Uliginosibacterium -6.70 P0 Slurry Control  
Planctomycetota Tundrisphaera -6.41 P0 Slurry Control  
Myxococcota KD3-10 -1.87 P0 Slurry Control 
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Acidobacteriota Subgroup 10 2.09 P0 Grazed Control  
Bacteroidota Heliimonas -2.03 P0 Slurry Control  
Actinobacteriota Virgisporangium 5.90 P0 Grazed Control  
Firmicutes Sporosarcina -7.37 P0 Slurry Control  
Proteobacteria Polycyclovorans 5.11 P0 Grazed Control  
Firmicutes Ammoniphilus -2.90 P0 Slurry Control  
Desulfobacterota Citrifermentans -6.75 P0 Slurry Control  
Proteobacteria Rhizomicrobium -8.53 P0 Slurry Control  
Proteobacteria Plot4-2H12 -5.96 P0 Slurry Control  
Bacteroidota Ohtaekwangia 7.44 P0 Grazed Control  
Proteobacteria Rudaea -7.42 P0 Slurry Control  
Actinobacteriota Rugosimonospora -7.28 P0 Slurry Control  
Proteobacteria Amaricoccus 5.90 P0 Grazed Control  
Proteobacteria BD1-7 clade 5.52 P0 Grazed Control  
Planctomycetota Phycisphaera -2.09 P0 Slurry Control  
Verrucomicrobiota FukuN18 freshwater 

group 
-7.14 P0 Slurry Control 

 
Abditibacteriota Abditibacterium -2.58 P0 Slurry Control  
Bacteroidota Fluviicola 6.59 P0 Grazed Control  
Firmicutes Pelosinus -5.33 P0 Slurry Control  
Proteobacteria Micropepsis -5.69 P0 Slurry Control  
Chloroflexi Thermosporothrix -6.36 P0 Slurry Control  
Planctomycetota Paludisphaera -7.19 P0 Slurry Control  
Proteobacteria Inquilinus -6.73 P0 Slurry Control  
Verrucomicrobiota Oikopleura 5.47 P0 Grazed Control  
Firmicutes Fonticella -5.77 P0 Slurry Control  
Proteobacteria Afipia -6.45 P0 Slurry Control  
Proteobacteria Acidisoma -7.01 P0 Slurry Control  
Chloroflexi Ktedonobacter -5.74 P0 Slurry Control 
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Firmicutes Clostridium sensu 

stricto 12 
-5.33 P0 Slurry Control 

 
Myxococcota Vulgatibacter -6.13 P0 Slurry Control  
Actinobacteriota Longivirga -6.88 P0 Slurry Control  
Proteobacteria Nevskia -6.02 P0 Slurry Control 

 

Table S55: Deseq2 analysis of P0 Grazed 13C vs P0 Slurry 13C. 

P0 Grazed 13C vs P0 
Slurry 13C 

Phylum Genus log2FoldChange Enriched 

 Verrucomicrobiota Candidatus 
Xiphinematobacter 

0.41 P0 Grazed 13C 

 Planctomycetota Pir4 lineage 0.82 P0 Grazed 13C 

 Actinobacteriota Mycobacterium -0.67 P0 Slurry 13C 

 Bacteroidota Puia -1.19 P0 Slurry 13C 

 Nitrospirota Nitrospira 3.47 P0 Grazed 13C 

 Crenarchaeota Candidatus 
Nitrocosmicus 

0.67 P0 Grazed 13C 

 Proteobacteria Ellin6067 0.66 P0 Grazed 13C 

 Actinobacteriota Nocardioides 0.60 P0 Grazed 13C 

 Planctomycetota Aquisphaera -1.60 P0 Slurry 13C 

 Proteobacteria Rhodanobacter -3.79 P0 Slurry 13C 

 Bacteroidota OLB12 -1.71 P0 Slurry 13C 

 Proteobacteria MND1 2.68 P0 Grazed 13C 

 Proteobacteria Roseiarcus -2.51 P0 Slurry 13C 

 Proteobacteria Pedomicrobium 1.97 P0 Grazed 13C 

 Acidobacteriota Luteitalea 1.90 P0 Grazed 13C 

 Spirochaetota Spirochaeta 2 -0.85 P0 Slurry 13C 

 Acidobacteriota Occallatibacter -3.40 P0 Slurry 13C 
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 Proteobacteria Rhodoblastus -0.47 P0 Slurry 13C 

 Acidobacteriota RB41 1.08 P0 Grazed 13C 

 Proteobacteria Acidibacter 1.02 P0 Grazed 13C 

 Bacteroidota Flavobacterium 1.26 P0 Grazed 13C 

 Proteobacteria Sphingomonas -1.61 P0 Slurry 13C 

 Proteobacteria Dongia 1.36 P0 Grazed 13C 

 Verrucomicrobiota Chthoniobacter 1.40 P0 Grazed 13C 

 Actinobacteriota Acidothermus -2.18 P0 Slurry 13C 

 Bacteroidota Parafilimonas -0.71 P0 Slurry 13C 

 Proteobacteria Rhodoplanes 0.65 P0 Grazed 13C 

 Chloroflexi UTCFX1 6.84 P0 Grazed 13C 

 Verrucomicrobiota Lacunisphaera -1.36 P0 Slurry 13C 

 Proteobacteria Hyphomicrobium -0.59 P0 Slurry 13C 

 Actinobacteriota Streptomyces 0.92 P0 Grazed 13C 

 Proteobacteria mle1-7 1.83 P0 Grazed 13C 

 Desulfobacterota Geobacter 1.27 P0 Grazed 13C 

 Proteobacteria Candidatus 
Alysiosphaera 

1.84 P0 Grazed 13C 

 Acidobacteriota Candidatus 
Solibacter 

-0.93 P0 Slurry 13C 

 Proteobacteria Pseudorhodoplanes 9.58 P0 Grazed 13C 

 Actinobacteriota Solirubrobacter 1.48 P0 Grazed 13C 

 Actinobacteriota Conexibacter -1.68 P0 Slurry 13C 

 Actinobacteriota Actinocorallia 1.87 P0 Grazed 13C 

 Actinobacteriota Ilumatobacter 2.92 P0 Grazed 13C 

 Bacteroidota Edaphobaculum -1.19 P0 Slurry 13C 

 Crenarchaeota Candidatus 
Nitrososphaera 

8.05 P0 Grazed 13C 

 Proteobacteria Devosia -1.10 P0 Slurry 13C 
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 Actinobacteriota Rhodococcus -6.86 P0 Slurry 13C 

 Bacteroidota Mucilaginibacter -2.74 P0 Slurry 13C 

 Verrucomicrobiota Ellin517 2.12 P0 Grazed 13C 

 Verrucomicrobiota Ellin516 -1.10 P0 Slurry 13C 

 Fibrobacterota possible genus 04 -1.53 P0 Slurry 13C 

 Bacteroidota Chryseolinea 9.94 P0 Grazed 13C 

 Acidobacteriota Holophaga -7.84 P0 Slurry 13C 

 Acidobacteriota Geothrix -7.78 P0 Slurry 13C 

 Bacteroidota Sediminibacterium -1.65 P0 Slurry 13C 

 Proteobacteria Dokdonella -1.96 P0 Slurry 13C 

 Planctomycetota Pirellula 1.40 P0 Grazed 13C 

 Gemmatimonadota Gemmatimonas -0.82 P0 Slurry 13C 

 Bacteroidota Heliimonas -2.31 P0 Slurry 13C 

 Actinobacteriota Microlunatus 2.19 P0 Grazed 13C 

 Acidobacteriota Acidipila -2.50 P0 Slurry 13C 

 Proteobacteria Ellin6055 3.79 P0 Grazed 13C 

 Crenarchaeota Candidatus 
Nitrosotalea 

-9.58 P0 Slurry 13C 

 Bacteroidota Terrimonas 1.61 P0 Grazed 13C 

 Firmicutes Clostridium sensu 
stricto 1 

-9.48 P0 Slurry 13C 

 Proteobacteria alphaI cluster 1.52 P0 Grazed 13C 

 Planctomycetota Schlesneria -1.55 P0 Slurry 13C 

 Acidobacteriota Candidatus 
Koribacter 

-3.41 P0 Slurry 13C 

 Proteobacteria Sideroxydans -9.26 P0 Slurry 13C 

 Proteobacteria Microvirga 4.08 P0 Grazed 13C 

 Proteobacteria Nordella 7.93 P0 Grazed 13C 

 Acidobacteriota Granulicella -6.39 P0 Slurry 13C 
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 Proteobacteria Burkholderia-
Caballeronia-
Paraburkholderia 

-8.00 P0 Slurry 13C 

 Verrucomicrobiota Luteolibacter 2.57 P0 Grazed 13C 

 Bacteroidota Aurantisolimonas 1.79 P0 Grazed 13C 

 Actinobacteriota Rhizocola 7.30 P0 Grazed 13C 

 Acidobacteriota Bryobacter -1.30 P0 Slurry 13C 

 Proteobacteria Phenylobacterium -1.23 P0 Slurry 13C 

 Firmicutes Lysinibacillus -2.82 P0 Slurry 13C 

 Planctomycetota Gemmata -0.34 P0 Slurry 13C 

 Proteobacteria Allorhizobium-
Neorhizobium-
Pararhizobium-
Rhizobium 

0.87 P0 Grazed 13C 

 Verrucomicrobiota Roseimicrobium 1.38 P0 Grazed 13C 

 Proteobacteria Duganella -4.09 P0 Slurry 13C 

 Proteobacteria Asticcacaulis -2.47 P0 Slurry 13C 

 Planctomycetota SH-PL14 1.91 P0 Grazed 13C 

 Actinobacteriota Lysinimonas -2.94 P0 Slurry 13C 

 Planctomycetota Singulisphaera -2.08 P0 Slurry 13C 

 Firmicutes Clostridium sensu 
stricto 13 

-3.37 P0 Slurry 13C 

 Bdellovibrionota Bdellovibrio -1.30 P0 Slurry 13C 

 Bacteroidota Cytophaga -2.64 P0 Slurry 13C 

 Acidobacteriota Terracidiphilus -8.31 P0 Slurry 13C 

 Proteobacteria Acidicaldus -4.54 P0 Slurry 13C 

 Planctomycetota Candidatus 
Nostocoida 

-9.22 P0 Slurry 13C 

 Proteobacteria Polaromonas 6.43 P0 Grazed 13C 

 Firmicutes Turicibacter -7.06 P0 Slurry 13C 
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 Acidobacteriota Stenotrophobacter 7.40 P0 Grazed 13C 

 Proteobacteria Uliginosibacterium -1.62 P0 Slurry 13C 

 Planctomycetota Tundrisphaera -3.36 P0 Slurry 13C 

 Myxococcota KD3-10 -2.85 P0 Slurry 13C 

 Proteobacteria Phyllobacterium 7.27 P0 Grazed 13C 

 Actinobacteriota Luedemannella -6.59 P0 Slurry 13C 

 Firmicutes Sporosarcina -6.62 P0 Slurry 13C 

 Proteobacteria Polycyclovorans 6.19 P0 Grazed 13C 

 Desulfobacterota Citrifermentans -8.03 P0 Slurry 13C 

 Chloroflexi Litorilinea 4.56 P0 Grazed 13C 

 Firmicutes Ammoniphilus -4.16 P0 Slurry 13C 

 Proteobacteria Rhizomicrobium -7.86 P0 Slurry 13C 

 Bacteroidota Ohtaekwangia 6.73 P0 Grazed 13C 

 Proteobacteria Plot4-2H12 -6.68 P0 Slurry 13C 

 Proteobacteria Mesorhizobium -3.16 P0 Slurry 13C 

 Proteobacteria Rudaea -8.02 P0 Slurry 13C 

 Actinobacteriota Rugosimonospora -6.47 P0 Slurry 13C 

 Actinobacteriota Kineosporia -6.97 P0 Slurry 13C 

 Acidobacteriota Subgroup 10 1.28 P0 Grazed 13C 

 Proteobacteria BD1-7 clade 5.77 P0 Grazed 13C 

 Firmicutes Clostridium sensu 
stricto 9 

-7.02 P0 Slurry 13C 

 Bdellovibrionota OM27 clade 5.03 P0 Grazed 13C 

 Actinobacteriota Catenulispora -6.73 P0 Slurry 13C 

 Verrucomicrobiota FukuN18 freshwater 
group 

-7.06 P0 Slurry 13C 

 Proteobacteria Amaricoccus 7.25 P0 Grazed 13C 

 Abditibacteriota Abditibacterium -4.95 P0 Slurry 13C 

 Verrucomicrobiota Oikopleura 6.80 P0 Grazed 13C 
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 Proteobacteria Bosea 6.09 P0 Grazed 13C 

 Proteobacteria Micropepsis -7.16 P0 Slurry 13C 

 Verrucomicrobiota SH3-11 2.56 P0 Grazed 13C 

 Proteobacteria Afipia -7.60 P0 Slurry 13C 

 Bacteroidota Sporocytophaga -4.27 P0 Slurry 13C 

 Planctomycetota AKYG587 5.89 P0 Grazed 13C 

 Chloroflexi Thermosporothrix -6.27 P0 Slurry 13C 

 Bacteroidota Taibaiella -6.98 P0 Slurry 13C 

 Actinobacteriota Phycicoccus -6.80 P0 Slurry 13C 

 Proteobacteria Sulfuritalea -6.62 P0 Slurry 13C 

 Actinobacteriota Longivirga -3.66 P0 Slurry 13C 

 Planctomycetota Paludisphaera -6.98 P0 Slurry 13C 

 Verrucomicrobiota Prosthecobacter -5.42 P0 Slurry 13C 

 Firmicutes Tumebacillus -6.02 P0 Slurry 13C 

 Proteobacteria Inquilinus -7.01 P0 Slurry 13C 

 Firmicutes Fonticella -6.96 P0 Slurry 13C 

 Actinobacteriota Blastococcus -5.63 P0 Slurry 13C 

 Actinobacteriota Streptacidiphilus -6.26 P0 Slurry 13C 

 Actinobacteriota Arthrobacter -5.70 P0 Slurry 13C 

 Patescibacteria TM7a -6.46 P0 Slurry 13C 

 Proteobacteria Nevskia -5.55 P0 Slurry 13C 

 Chloroflexi Ktedonobacter -5.74 P0 Slurry 13C 

 Myxococcota Vulgatibacter -5.39 P0 Slurry 13C 

 Proteobacteria Rhodobacter -5.53 P0 Slurry 13C 

 Planctomycetota Pir2 lineage -6.73 P0 Slurry 13C 

 Bacteroidota Paludibacter -5.67 P0 Slurry 13C 
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Table S56: Deseq2 analysis of P0 Slurry 13C vs P30 Slurry 13C. 

P0 Slurry 13C vs P30 
Slurry 13C  

Phylum Genus log2FoldChange Enriched 

 Proteobacteria Pedomicrobium 0.64 P0 Slurry 13C 

 Spirochaetota Spirochaeta 2 -0.70 P30 Slurry 13C 

 Planctomycetota Candidatus 
Nostocoida 

8.59 P0 Slurry 13C 

 Bacteroidota Mucilaginibacter -0.89 P30 Slurry 13C 

 Acidobacteriota Vicinamibacter 1.33 P0 Slurry 13C 

 Proteobacteria Ellin6055 1.09 P0 Slurry 13C 

 Proteobacteria Pseudomonas 1.17 P0 Slurry 13C 

 

Table S57: Deseq2 analysis of P30 Slurry Control vs P0 Slurry Control. 

P30 Slurry Control vs P0 
Slurry Control 

Phylum Genus log2FoldChange Enriched 

 
Verrucomicrobiota Candidatus 

Udaeobacter 
-0.52 P0 Slurry Control 

 
Proteobacteria Pseudolabrys -0.25 P0 Slurry Control  
Proteobacteria Rhodomicrobium -0.53 P0 Slurry Control  
Proteobacteria GOUTA6 0.43 P30 Slurry Control  
Proteobacteria Bradyrhizobium -0.39 P0 Slurry Control  
Bacteroidota Puia -0.55 P0 Slurry Control  
Actinobacteriota Nocardioides 0.29 P30 Slurry Control 
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Proteobacteria MND1 0.46 P30 Slurry Control  
Proteobacteria Pedomicrobium 0.90 P30 Slurry Control  
Acidobacteriota Luteitalea 0.70 P30 Slurry Control  
Spirochaetota Spirochaeta 2 -0.78 P0 Slurry Control  
Proteobacteria Devosia -0.36 P0 Slurry Control  
Proteobacteria Rhodoplanes 0.51 P30 Slurry Control  
Chloroflexi UTCFX1 0.49 P30 Slurry Control  
Proteobacteria Candidatus 

Alysiosphaera 
0.50 P30 Slurry Control 

 
Bacteroidota Parafilimonas -0.76 P0 Slurry Control  
Actinobacteriota Ilumatobacter 0.70 P30 Slurry Control  
Proteobacteria Arenimonas 0.50 P30 Slurry Control  
Verrucomicrobiota Ellin516 -0.59 P0 Slurry Control  
Verrucomicrobiota Opitutus -0.47 P0 Slurry Control  
Bacteroidota Mucilaginibacter -0.94 P0 Slurry Control  
Acidobacteriota Vicinamibacter 1.09 P30 Slurry Control  
Proteobacteria Ellin6055 1.45 P30 Slurry Control  
Proteobacteria Allorhizobium-

Neorhizobium-
Pararhizobium-
Rhizobium 

-1.42 P0 Slurry Control 

 
Myxococcota Pajaroellobacter -0.68 P0 Slurry Control  
Actinobacteriota Rhizocola 0.92 P30 Slurry Control  
Bacteroidota Chitinophaga -3.55 P0 Slurry Control  
Planctomycetota SM1A02 0.84 P30 Slurry Control  
Proteobacteria IS-44 5.34 P30 Slurry Control  
Sumerlaeota Sumerlaea 5.34 P30 Slurry Control 

 

Table S58: Deseq2 analysis of P0 Grazed Control vs P30 Grazed Control. 
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P0 Grazed Control vs 
P30 Grazed Control 

Phylum Genus log2FoldChange Enriched 

 
Proteobacteria Pseudolabrys 0.44 P0 Grazed Control  
Verrucomicrobiota Candidatus 

Xiphinematobacter 
-0.87 P30 Grazed 

Control  
Planctomycetota Pir4 lineage 0.94 P0 Grazed Control  
Bacteroidota Puia -0.94 P30 Grazed 

Control  
Nitrospirota Nitrospira 2.47 P0 Grazed Control  
Crenarchaeota Candidatus 

Nitrocosmicus 
0.40 P0 Grazed Control 

 
Proteobacteria GOUTA6 1.63 P0 Grazed Control  
Proteobacteria Bradyrhizobium 0.66 P0 Grazed Control  
Proteobacteria Rhodanobacter -3.31 P30 Grazed 

Control  
Proteobacteria Roseiarcus -0.94 P30 Grazed 

Control  
Proteobacteria Pedomicrobium 1.18 P0 Grazed Control  
Spirochaetota Spirochaeta 2 -0.89 P30 Grazed 

Control  
Acidobacteriota Occallatibacter -1.13 P30 Grazed 

Control  
Proteobacteria Acidibacter 0.68 P0 Grazed Control  
Proteobacteria Sphingomonas -1.32 P30 Grazed 

Control  
Proteobacteria Rhodoplanes 0.66 P0 Grazed Control  
Chloroflexi UTCFX1 3.77 P0 Grazed Control  
Desulfobacterota Geobacter 1.86 P0 Grazed Control  
Verrucomicrobiota Lacunisphaera -0.97 P30 Grazed 

Control  
Proteobacteria mle1-7 1.49 P0 Grazed Control 
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Proteobacteria Candidatus 

Alysiosphaera 
1.23 P0 Grazed Control 

 
Planctomycetota Zavarzinella 0.94 P0 Grazed Control  
Actinobacteriota Actinocorallia 0.99 P0 Grazed Control  
Actinobacteriota Ilumatobacter 1.47 P0 Grazed Control  
Proteobacteria Arenimonas 0.85 P0 Grazed Control  
Bacteroidota Mucilaginibacter -1.71 P30 Grazed 

Control  
Bacteroidota Flavobacterium 0.72 P0 Grazed Control  
Proteobacteria Bauldia 1.21 P0 Grazed Control  
Crenarchaeota Candidatus 

Nitrososphaera 
4.17 P0 Grazed Control 

 
Actinobacteriota Nakamurella 0.91 P0 Grazed Control  
Proteobacteria Devosia -1.09 P30 Grazed 

Control  
Acidobacteriota RB41 0.83 P0 Grazed Control  
Myxococcota Anaeromyxobacter 0.99 P0 Grazed Control  
Actinobacteriota Microlunatus 1.68 P0 Grazed Control  
Planctomycetota Pirellula 1.08 P0 Grazed Control  
Fibrobacterota possible genus 04 -1.35 P30 Grazed 

Control  
Acidobacteriota Holophaga -11.78 P30 Grazed 

Control  
Acidobacteriota Luteitalea 0.66 P0 Grazed Control  
Bacteroidota Sediminibacterium -1.30 P30 Grazed 

Control  
Gemmatimonadota Gemmatimonas -0.84 P30 Grazed 

Control  
Bacteroidota Heliimonas -1.26 P30 Grazed 

Control  
Actinobacteriota Pseudonocardia 0.93 P0 Grazed Control 
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Planctomycetota Gemmata 0.55 P0 Grazed Control  
Crenarchaeota Candidatus 

Nitrosotalea 
-1.19 P30 Grazed 

Control  
Planctomycetota Schlesneria -0.70 P30 Grazed 

Control  
Bacteroidota Terrimonas 2.27 P0 Grazed Control  
Acidobacteriota Granulicella -4.64 P30 Grazed 

Control  
Proteobacteria Burkholderia-

Caballeronia-
Paraburkholderia 

-2.17 P30 Grazed 
Control 

 
Verrucomicrobiota Ellin517 2.08 P0 Grazed Control  
Proteobacteria MND1 1.99 P0 Grazed Control  
Planctomycetota Fimbriiglobus 0.85 P0 Grazed Control  
Proteobacteria Phenylobacterium -1.01 P30 Grazed 

Control  
Firmicutes Lysinibacillus -1.30 P30 Grazed 

Control  
Proteobacteria Parablastomonas 5.86 P0 Grazed Control  
Acidobacteriota Candidatus 

Koribacter 
-0.50 P30 Grazed 

Control  
Proteobacteria Asticcacaulis -1.68 P30 Grazed 

Control  
Bdellovibrionota Bdellovibrio -1.12 P30 Grazed 

Control  
Bacteroidota Cytophaga -1.77 P30 Grazed 

Control  
Acidobacteriota Terracidiphilus -2.43 P30 Grazed 

Control  
Bacteroidota Niastella -0.93 P30 Grazed 

Control 
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Proteobacteria Uliginosibacterium -3.01 P30 Grazed 

Control  
Myxococcota KD3-10 -1.01 P30 Grazed 

Control  
Actinobacteriota Luedemannella 6.77 P0 Grazed Control  
Proteobacteria Altererythrobacter -2.18 P30 Grazed 

Control  
Actinobacteriota Nocardia 2.73 P0 Grazed Control  
Proteobacteria Rudaea -3.63 P30 Grazed 

Control  
Chloroflexi Anaerolinea 2.63 P0 Grazed Control  
Planctomycetota Phycisphaera -1.63 P30 Grazed 

Control  
Verrucomicrobiota FukuN18 freshwater 

group 
-3.24 P30 Grazed 

Control  
Abditibacteriota Abditibacterium -1.50 P30 Grazed 

Control  
Bacteroidota UTBCD1 7.37 P0 Grazed Control  
Actinobacteriota CL500-29 marine 

group 
2.95 P0 Grazed Control 

 
Proteobacteria Micropepsis -6.03 P30 Grazed 

Control  
Actinobacteriota Hamadaea 6.30 P0 Grazed Control  
Chloroflexi Thermosporothrix -3.75 P30 Grazed 

Control  
Proteobacteria Inquilinus -7.10 P30 Grazed 

Control  
Proteobacteria Tahibacter 5.55 P0 Grazed Control  
Proteobacteria Acidisoma -7.39 P30 Grazed 

Control  
Firmicutes Solibacillus -6.19 P30 Grazed 

Control 
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Bacteroidota Fluviicola 5.55 P0 Grazed Control 

 

Table S59: Deseq2 analysis of P30 Cut Control vs P30 Slurry Control. 

P30 Cut Control vs P30 
Slurry Control 

Phylum Genus log2FoldChange Enriched 

 
Verrucomicrobiota Candidatus 

Udaeobacter 
-0.40 P30 Slurry Control 

 
Planctomycetota Pir4 lineage 0.25 P30 Cut Control  
Crenarchaeota Candidatus 

Nitrocosmicus 
0.59 P30 Cut Control 

 
Proteobacteria Rhodomicrobium -0.49 P30 Slurry Control  
Bacteroidota Puia -0.58 P30 Slurry Control  
Actinobacteriota Nocardioides 0.39 P30 Cut Control  
Proteobacteria Rhodanobacter -1.07 P30 Slurry Control  
Proteobacteria MND1 0.45 P30 Cut Control  
Proteobacteria Pedomicrobium 0.53 P30 Cut Control  
Acidobacteriota Luteitalea 0.56 P30 Cut Control  
Acidobacteriota Occallatibacter -1.25 P30 Slurry Control  
Bacteroidota OLB12 -0.42 P30 Slurry Control  
Actinobacteriota Acidothermus -0.72 P30 Slurry Control  
Proteobacteria Rhodoplanes 0.35 P30 Cut Control  
Chloroflexi UTCFX1 0.57 P30 Cut Control  
Verrucomicrobiota Lacunisphaera -0.37 P30 Slurry Control  
Actinobacteriota Streptomyces 0.42 P30 Cut Control  
Verrucomicrobiota ADurb.Bin063-1 -0.57 P30 Slurry Control  
Bacteroidota Parafilimonas -0.69 P30 Slurry Control  
Proteobacteria Pseudorhodoplanes 0.79 P30 Cut Control  
Actinobacteriota Ilumatobacter 0.80 P30 Cut Control 
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Verrucomicrobiota Ellin516 -0.78 P30 Slurry Control  
Planctomycetota Pirellula 0.27 P30 Cut Control  
Bacteroidota Mucilaginibacter -0.90 P30 Slurry Control  
Acidobacteriota Vicinamibacter 0.79 P30 Cut Control  
Bacteroidota Chryseolinea 0.83 P30 Cut Control  
Myxococcota Sandaracinus -0.59 P30 Slurry Control  
Bacteroidota Ferruginibacter -0.46 P30 Slurry Control  
Bacteroidota Heliimonas -1.86 P30 Slurry Control  
Acidobacteriota Bryobacter -0.51 P30 Slurry Control  
Acidobacteriota Acidipila -1.20 P30 Slurry Control  
Proteobacteria Ellin6055 1.37 P30 Cut Control  
Proteobacteria Microvirga 0.67 P30 Cut Control  
Proteobacteria Nordella 0.90 P30 Cut Control  
Actinobacteriota Rhizocola 0.99 P30 Cut Control  
Actinobacteriota Lysinimonas -2.90 P30 Slurry Control  
Bacteroidota Cytophaga -1.08 P30 Slurry Control  
Bacteroidota Ohtaekwangia 1.15 P30 Cut Control  
Proteobacteria Amaricoccus 2.86 P30 Cut Control  
Proteobacteria Rudaea -5.86 P30 Slurry Control  
Proteobacteria IS-44 5.93 P30 Cut Control 

 

 

 

 

 

Table S60: Deseq2 analysis of P30 Cut 13C vs P30 Slurry 13C. 
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P30 Cut 13C vs P30 
Slurry 13C 

Phylum Genus log2FoldChange Enriched 

 
Nitrospirota Nitrospira 0.52 P30 Cut 13C  
Proteobacteria Rhodanobacter -0.63 P30 Slurry 13C  
Proteobacteria Pedomicrobium 0.89 P30 Cut 13C  
Spirochaetota Spirochaeta 2 -0.81 P30 Slurry 13C  
Acidobacteriota Occallatibacter -1.83 P30 Slurry 13C  
Verrucomicrobiota Lacunisphaera -0.77 P30 Slurry 13C  
Planctomycetota Zavarzinella -0.76 P30 Slurry 13C  
Actinobacteriota Ilumatobacter 0.79 P30 Cut 13C  
Verrucomicrobiota Ellin516 -0.64 P30 Slurry 13C  
Bacteroidota Mucilaginibacter -1.60 P30 Slurry 13C  
Acidobacteriota Vicinamibacter 1.06 P30 Cut 13C  
Bacteroidota Chryseolinea 0.93 P30 Cut 13C  
Fibrobacterota possible genus 04 -0.87 P30 Slurry 13C  
Bacteroidota Sediminibacterium -1.13 P30 Slurry 13C  
Bacteroidota Heliimonas -2.26 P30 Slurry 13C  
Proteobacteria Ellin6055 1.35 P30 Cut 13C  
Acidobacteriota Candidatus 

Koribacter 
-1.55 P30 Slurry 13C 

 
Actinobacteriota Lysinimonas -7.15 P30 Slurry 13C  
Proteobacteria Sideroxydans -7.02 P30 Slurry 13C  
Bacteroidota Cytophaga -2.68 P30 Slurry 13C  
Acidobacteriota Paludibaculum 1.29 P30 Cut 13C  
Proteobacteria Legionella -6.90 P30 Slurry 13C 

 

Table S61: Deseq2 analysis of P30 Cut Control vs P30 Grazed Control. 
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P30 Cut Control vs P30 
Grazed Control 

Phylum Genus log2FoldChange Enriched 

 
Verrucomicrobiota Candidatus 

Udaeobacter 
0.25 P30 Cut Control 

 
Proteobacteria Pseudolabrys 0.28 P30 Cut Control  
Verrucomicrobiota Candidatus 

Xiphinematobacter 
-0.99 P30 Grazed 

Control  
Planctomycetota Pir4 lineage 0.46 P30 Cut Control  
Actinobacteriota Gaiella -0.41 P30 Grazed 

Control  
Bacteroidota Puia 0.37 P30 Cut Control  
Proteobacteria Rhodomicrobium 0.68 P30 Cut Control  
Proteobacteria Bradyrhizobium 0.47 P30 Cut Control  
Planctomycetota Aquisphaera 1.19 P30 Cut Control  
Proteobacteria MND1 -0.85 P30 Grazed 

Control  
Proteobacteria Roseiarcus 1.09 P30 Cut Control  
Bacteroidota OLB12 0.94 P30 Cut Control  
Proteobacteria Pedomicrobium -0.85 P30 Grazed 

Control  
Acidobacteriota Luteitalea -1.36 P30 Grazed 

Control  
Acidobacteriota Occallatibacter 1.48 P30 Cut Control  
Proteobacteria Rhodoblastus 0.99 P30 Cut Control  
Bacteroidota Flavobacterium -0.85 P30 Grazed 

Control  
Acidobacteriota Candidatus 

Solibacter 
1.11 P30 Cut Control 

 
Proteobacteria Dongia -1.29 P30 Grazed 

Control  
Actinobacteriota Nakamurella 0.66 P30 Cut Control 
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Verrucomicrobiota Chthoniobacter -1.23 P30 Grazed 

Control  
Actinobacteriota Acidothermus 1.87 P30 Cut Control  
Bacteroidota Parafilimonas 0.68 P30 Cut Control  
Proteobacteria Acidibacter -0.51 P30 Grazed 

Control  
Chloroflexi UTCFX1 -2.17 P30 Grazed 

Control  
Desulfobacterota Geobacter -0.45 P30 Grazed 

Control  
Verrucomicrobiota Lacunisphaera -0.44 P30 Grazed 

Control  
Proteobacteria Candidatus 

Alysiosphaera 
-0.97 P30 Grazed 

Control  
Proteobacteria Pseudorhodoplanes -4.62 P30 Grazed 

Control  
Actinobacteriota Conexibacter 0.88 P30 Cut Control  
Actinobacteriota Actinocorallia -1.07 P30 Grazed 

Control  
Actinobacteriota Ilumatobacter -1.44 P30 Grazed 

Control  
Verrucomicrobiota Opitutus -0.64 P30 Grazed 

Control  
Bacteroidota Edaphobaculum 0.88 P30 Cut Control  
Crenarchaeota Candidatus 

Nitrososphaera 
-1.70 P30 Grazed 

Control  
Actinobacteriota Microlunatus -1.01 P30 Grazed 

Control  
Planctomycetota Pirellula -0.34 P30 Grazed 

Control  
Verrucomicrobiota Ellin517 -1.19 P30 Grazed 

Control 
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Bacteroidota Ferruginibacter -0.73 P30 Grazed 

Control  
Bacteroidota Chryseolinea -5.88 P30 Grazed 

Control  
Proteobacteria Dokdonella 0.98 P30 Cut Control  
Acidobacteriota Bryobacter 1.03 P30 Cut Control  
Acidobacteriota Acidipila 1.29 P30 Cut Control  
Actinobacteriota Pseudonocardia 0.93 P30 Cut Control  
Proteobacteria Ellin6055 -4.29 P30 Grazed 

Control  
Crenarchaeota Candidatus 

Nitrosotalea 
7.71 P30 Cut Control 

 
Planctomycetota Schlesneria 0.93 P30 Cut Control  
Proteobacteria Microvirga -1.42 P30 Grazed 

Control  
Proteobacteria Nordella -7.43 P30 Grazed 

Control  
Proteobacteria Burkholderia-

Caballeronia-
Paraburkholderia 

6.81 P30 Cut Control 

 
Acidobacteriota Vicinamibacter -1.13 P30 Grazed 

Control  
Proteobacteria Defluviicoccus -0.78 P30 Grazed 

Control  
Planctomycetota Singulisphaera 1.42 P30 Cut Control  
Actinobacteriota Rhizocola -7.37 P30 Grazed 

Control  
Firmicutes Lysinibacillus 2.94 P30 Cut Control  
Acidobacteriota Geothrix 3.05 P30 Cut Control  
Acidobacteriota Candidatus 

Koribacter 
2.38 P30 Cut Control 
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Actinobacteriota Rhodococcus 3.08 P30 Cut Control  
Firmicutes Clostridium sensu 

stricto 13 
1.78 P30 Cut Control 

 
Acidobacteriota Terracidiphilus 6.68 P30 Cut Control  
Proteobacteria Acidicaldus 1.88 P30 Cut Control  
Actinobacteriota Terrabacter -6.15 P30 Grazed 

Control  
Proteobacteria Polaromonas -6.17 P30 Grazed 

Control  
Firmicutes Turicibacter 7.48 P30 Cut Control  
Acidobacteriota Stenotrophobacter -6.45 P30 Grazed 

Control  
Planctomycetota SH-PL14 -1.58 P30 Grazed 

Control  
Proteobacteria Rhizomicrobium 9.22 P30 Cut Control  
Actinobacteriota Lechevalieria -7.45 P30 Grazed 

Control  
Firmicutes Sporosarcina 7.43 P30 Cut Control  
Proteobacteria Polycyclovorans -6.95 P30 Grazed 

Control  
Firmicutes Romboutsia 6.61 P30 Cut Control  
Firmicutes Ammoniphilus 6.87 P30 Cut Control  
Bacteroidota Ohtaekwangia -2.80 P30 Grazed 

Control  
Actinobacteriota Rugosimonospora 6.61 P30 Cut Control  
Actinobacteriota Kineosporia 6.59 P30 Cut Control  
Proteobacteria Pseudoduganella -6.38 P30 Grazed 

Control  
Chloroflexi Anaerolinea 3.09 P30 Cut Control  
Bdellovibrionota OM27 clade -7.46 P30 Grazed 

Control 



 

 
247 

 
Actinobacteriota Arthrobacter 7.40 P30 Cut Control  
Bacteroidota UTBCD1 8.05 P30 Cut Control  
Proteobacteria Nevskia 4.83 P30 Cut Control  
Euryarchaeota Methanobacterium 6.88 P30 Cut Control  
Proteobacteria Afipia 6.15 P30 Cut Control  
Verrucomicrobiota Oikopleura -6.49 P30 Grazed 

Control  
Proteobacteria Novosphingobium -5.79 P30 Grazed 

Control  
Armatimonadota Chthonomonas 6.03 P30 Cut Control  
Proteobacteria Candidatus 

Ovatusbacter 
-5.91 P30 Grazed 

Control 

 

 

 

 

Table S62: Deseq2 analysis of P30 Cut 13C vs P30 Grazed 13C. 

P30 Cut 13C vs P30 
Grazed 13C 

Phylum Genus log2FoldChange Enriched 

 
Verrucomicrobiota Candidatus 

Udaeobacter 
0.31 P30 Cut 13C 

 
Proteobacteria Pseudolabrys 0.28 P30 Cut 13C  
Verrucomicrobiota Candidatus 

Xiphinematobacter 
-1.27 P30 Grazed 13C 

 
Actinobacteriota Mycobacterium 0.44 P30 Cut 13C  
Bacteroidota Puia 0.49 P30 Cut 13C 
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Crenarchaeota Candidatus 

Nitrocosmicus 
-0.89 P30 Grazed 13C 

 
Proteobacteria Rhodomicrobium 0.53 P30 Cut 13C  
Proteobacteria GOUTA6 0.59 P30 Cut 13C  
Actinobacteriota Nocardioides -0.77 P30 Grazed 13C  
Planctomycetota Aquisphaera 0.99 P30 Cut 13C  
Proteobacteria MND1 -0.70 P30 Grazed 13C  
Proteobacteria Roseiarcus 1.04 P30 Cut 13C  
Acidobacteriota Luteitalea -0.72 P30 Grazed 13C  
Acidobacteriota Occallatibacter 1.96 P30 Cut 13C  
Proteobacteria Rhodoblastus 0.97 P30 Cut 13C  
Bacteroidota Flavobacterium -0.87 P30 Grazed 13C  
Acidobacteriota Candidatus 

Solibacter 
1.24 P30 Cut 13C 

 
Proteobacteria Dongia -1.73 P30 Grazed 13C  
Verrucomicrobiota Chthoniobacter -0.99 P30 Grazed 13C  
Actinobacteriota Acidothermus 1.45 P30 Cut 13C  
Bacteroidota Parafilimonas 0.57 P30 Cut 13C  
Proteobacteria Acidibacter -0.71 P30 Grazed 13C  
Proteobacteria Rhodoplanes -0.56 P30 Grazed 13C  
Chloroflexi UTCFX1 -2.38 P30 Grazed 13C  
Actinobacteriota Iamia -0.55 P30 Grazed 13C  
Actinobacteriota Nakamurella 0.99 P30 Cut 13C  
Verrucomicrobiota ADurb.Bin063-1 0.66 P30 Cut 13C  
Proteobacteria Candidatus 

Alysiosphaera 
-1.43 P30 Grazed 13C 

 
Proteobacteria Pseudorhodoplanes -4.24 P30 Grazed 13C  
Actinobacteriota Solirubrobacter -0.59 P30 Grazed 13C  
Actinobacteriota Ilumatobacter -2.57 P30 Grazed 13C 
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Verrucomicrobiota Opitutus -0.79 P30 Grazed 13C  
Bacteroidota Edaphobaculum 0.58 P30 Cut 13C  
Planctomycetota Pirellula -0.46 P30 Grazed 13C  
Crenarchaeota Candidatus 

Nitrososphaera 
-1.71 P30 Grazed 13C 

 
Actinobacteriota Conexibacter 0.60 P30 Cut 13C  
Bdellovibrionota Bdellovibrio 0.62 P30 Cut 13C  
Proteobacteria Cellvibrio 2.78 P30 Cut 13C  
Actinobacteriota Rhodococcus 5.14 P30 Cut 13C  
Actinobacteriota Microlunatus -0.71 P30 Grazed 13C  
Bacteroidota Chryseolinea -8.89 P30 Grazed 13C  
Acidobacteriota Bryobacter 1.35 P30 Cut 13C  
Acidobacteriota Acidipila 1.06 P30 Cut 13C  
Proteobacteria Ellin6055 -7.58 P30 Grazed 13C  
Crenarchaeota Candidatus 

Nitrosotalea 
8.91 P30 Cut 13C 

 
Proteobacteria Steroidobacter -0.74 P30 Grazed 13C  
Proteobacteria Sideroxydans 2.14 P30 Cut 13C  
Proteobacteria Microvirga -1.07 P30 Grazed 13C  
Proteobacteria Pseudomonas 1.24 P30 Cut 13C  
Proteobacteria Nordella -4.48 P30 Grazed 13C  
Proteobacteria Altererythrobacter -2.53 P30 Grazed 13C  
Bacteroidota Aurantisolimonas -0.90 P30 Grazed 13C  
Planctomycetota Singulisphaera 1.24 P30 Cut 13C  
Myxococcota Pajaroellobacter -1.20 P30 Grazed 13C  
Actinobacteriota Rhizocola -7.14 P30 Grazed 13C  
Acidobacteriota Geothrix 1.81 P30 Cut 13C  
Proteobacteria Parablastomonas 0.88 P30 Cut 13C 
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Acidobacteriota Candidatus 

Koribacter 
2.45 P30 Cut 13C 

 
Proteobacteria Duganella 6.90 P30 Cut 13C  
Actinobacteriota Microbacterium -1.12 P30 Grazed 13C  
Proteobacteria Asticcacaulis 1.72 P30 Cut 13C  
Actinobacteriota Demequina -1.32 P30 Grazed 13C  
Planctomycetota SH-PL14 -1.69 P30 Grazed 13C  
Acidobacteriota Terracidiphilus 7.10 P30 Cut 13C  
Proteobacteria Acidicaldus 2.15 P30 Cut 13C  
Proteobacteria Tahibacter -6.90 P30 Grazed 13C  
Verrucomicrobiota Roseimicrobium -1.05 P30 Grazed 13C  
Actinobacteriota Terrabacter -7.56 P30 Grazed 13C  
Acidobacteriota JGI 0001001-H03 1.32 P30 Cut 13C  
Proteobacteria Polaromonas -6.37 P30 Grazed 13C  
Firmicutes Turicibacter 7.15 P30 Cut 13C  
Acidobacteriota Stenotrophobacter -6.50 P30 Grazed 13C  
Proteobacteria Rhizomicrobium 8.82 P30 Cut 13C  
Proteobacteria Phyllobacterium -6.09 P30 Grazed 13C  
Proteobacteria Burkholderia-

Caballeronia-
Paraburkholderia 

5.52 P30 Cut 13C 

 
Actinobacteriota Lechevalieria -5.41 P30 Grazed 13C  
Actinobacteriota Agromyces -5.73 P30 Grazed 13C  
Proteobacteria Polycyclovorans -6.34 P30 Grazed 13C  
Desulfobacterota Citrifermentans 3.74 P30 Cut 13C  
Firmicutes Ammoniphilus 6.20 P30 Cut 13C  
Bacteroidota Ohtaekwangia -3.78 P30 Grazed 13C  
Actinobacteriota Rugosimonospora 6.46 P30 Cut 13C  
Actinobacteriota Kineosporia 6.78 P30 Cut 13C 
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Proteobacteria Amaricoccus -6.85 P30 Grazed 13C  
Firmicutes Clostridium sensu 

stricto 9 
5.93 P30 Cut 13C 

 
Actinobacteriota Arthrobacter 6.87 P30 Cut 13C  
Actinobacteriota Angustibacter 5.86 P30 Cut 13C  
Bacteroidota UTBCD1 7.96 P30 Cut 13C  
Proteobacteria Nevskia 6.97 P30 Cut 13C  
Patescibacteria TM7a 7.23 P30 Cut 13C  
Planctomycetota Pir2 lineage 7.31 P30 Cut 13C  
Spirochaetota Spirochaeta 2.71 P30 Cut 13C  
Verrucomicrobiota Oikopleura -6.51 P30 Grazed 13C  
Bdellovibrionota OM27 clade -6.76 P30 Grazed 13C 

 

 

Table S63: Deseq2 analysis of P30 Grazed 13C vs P30 Slurry 13C. 

P30 Grazed 13C vs P30 
Slurry 13C 

Phylum Genus log2FoldChange Enriched 

 
Verrucomicrobiota Candidatus 

Udaeobacter 
-0.53 P30 Slurry 13C 

 
Verrucomicrobiota Candidatus 

Xiphinematobacter 
1.33 P30 Grazed 13C 

 
Actinobacteriota Gaiella 0.38 P30 Grazed 13C  
Bacteroidota Puia -0.86 P30 Slurry 13C  
Nitrospirota Nitrospira 0.95 P30 Grazed 13C  
Crenarchaeota Candidatus 

Nitrocosmicus 
1.03 P30 Grazed 13C 

 
Actinobacteriota Nocardioides 0.81 P30 Grazed 13C  
Planctomycetota Aquisphaera -1.16 P30 Slurry 13C 
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Proteobacteria Rhodanobacter -0.93 P30 Slurry 13C  
Bacteroidota OLB12 -1.39 P30 Slurry 13C  
Proteobacteria MND1 1.02 P30 Grazed 13C  
Proteobacteria Roseiarcus -1.29 P30 Slurry 13C  
Proteobacteria Pedomicrobium 1.61 P30 Grazed 13C  
Spirochaetota Spirochaeta 2 -1.56 P30 Slurry 13C  
Acidobacteriota Occallatibacter -3.78 P30 Slurry 13C  
Proteobacteria Acidibacter 0.45 P30 Grazed 13C  
Acidobacteriota Candidatus 

Solibacter 
-1.27 P30 Slurry 13C 

 
Proteobacteria Sphingomonas -0.62 P30 Slurry 13C  
Proteobacteria Dongia 1.40 P30 Grazed 13C  
Verrucomicrobiota Chthoniobacter 1.01 P30 Grazed 13C  
Actinobacteriota Acidothermus -2.04 P30 Slurry 13C  
Proteobacteria Rhodoplanes 0.90 P30 Grazed 13C  
Chloroflexi UTCFX1 2.74 P30 Grazed 13C  
Desulfobacterota Geobacter 0.60 P30 Grazed 13C  
Verrucomicrobiota Lacunisphaera -0.76 P30 Slurry 13C  
Actinobacteriota Iamia 0.47 P30 Grazed 13C  
Actinobacteriota Nakamurella -0.84 P30 Slurry 13C  
Acidobacteriota Luteitalea 1.12 P30 Grazed 13C  
Verrucomicrobiota ADurb.Bin063-1 -0.91 P30 Slurry 13C  
Proteobacteria Candidatus 

Alysiosphaera 
1.83 P30 Grazed 13C 

 
Bacteroidota Parafilimonas -1.03 P30 Slurry 13C  
Proteobacteria Pseudorhodoplanes 4.60 P30 Grazed 13C  
Planctomycetota Zavarzinella -0.80 P30 Slurry 13C  
Actinobacteriota Ilumatobacter 3.37 P30 Grazed 13C  
Verrucomicrobiota Ellin516 -1.14 P30 Slurry 13C 
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Verrucomicrobiota Opitutus 0.50 P30 Grazed 13C  
Bacteroidota Flavobacterium 0.95 P30 Grazed 13C  
Planctomycetota Pirellula 0.75 P30 Grazed 13C  
Crenarchaeota Candidatus 

Nitrososphaera 
1.50 P30 Grazed 13C 

 
Actinobacteriota Conexibacter -1.31 P30 Slurry 13C  
Bdellovibrionota Bdellovibrio -0.98 P30 Slurry 13C  
Proteobacteria Cellvibrio -3.37 P30 Slurry 13C  
Actinobacteriota Rhodococcus -6.21 P30 Slurry 13C  
Bacteroidota Mucilaginibacter -1.69 P30 Slurry 13C  
Myxococcota Anaeromyxobacter -0.96 P30 Slurry 13C  
Actinobacteriota Microlunatus 0.97 P30 Grazed 13C  
Acidobacteriota Vicinamibacter 1.53 P30 Grazed 13C  
Bacteroidota Chryseolinea 9.83 P30 Grazed 13C  
Bacteroidota Sediminibacterium -1.14 P30 Slurry 13C  
Bacteroidota Heliimonas -2.59 P30 Slurry 13C  
Acidobacteriota Bryobacter -1.22 P30 Slurry 13C  
Acidobacteriota Acidipila -3.36 P30 Slurry 13C  
Proteobacteria Leptothrix -1.87 P30 Slurry 13C  
Proteobacteria Ellin6055 8.93 P30 Grazed 13C  
Crenarchaeota Candidatus 

Nitrosotalea 
-8.61 P30 Slurry 13C 

 
Fibrobacterota possible genus 04 -0.99 P30 Slurry 13C  
Planctomycetota Gemmata -0.46 P30 Slurry 13C  
Proteobacteria Sideroxydans -9.17 P30 Slurry 13C  
Proteobacteria Microvirga 1.66 P30 Grazed 13C  
Proteobacteria Nordella 5.25 P30 Grazed 13C  
Proteobacteria Altererythrobacter 3.38 P30 Grazed 13C  
Verrucomicrobiota Luteolibacter 2.24 P30 Grazed 13C 
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Planctomycetota Singulisphaera -1.35 P30 Slurry 13C  
Proteobacteria Defluviicoccus 1.49 P30 Grazed 13C  
Myxococcota Pajaroellobacter 1.01 P30 Grazed 13C  
Actinobacteriota Rhizocola 7.32 P30 Grazed 13C  
Bacteroidota Aurantisolimonas 1.18 P30 Grazed 13C  
Acidobacteriota Geothrix -3.81 P30 Slurry 13C  
Verrucomicrobiota Roseimicrobium 1.48 P30 Grazed 13C  
Acidobacteriota Candidatus 

Koribacter 
-3.97 P30 Slurry 13C 

 
Actinobacteriota Microbacterium 1.36 P30 Grazed 13C  
Proteobacteria Asticcacaulis -2.89 P30 Slurry 13C  
Planctomycetota SH-PL14 1.78 P30 Grazed 13C  
Actinobacteriota Lysinimonas -6.57 P30 Slurry 13C  
Acidobacteriota Terracidiphilus -6.80 P30 Slurry 13C  
Proteobacteria Tahibacter 6.71 P30 Grazed 13C  
Proteobacteria Acidicaldus -3.47 P30 Slurry 13C  
Bacteroidota Cytophaga -2.63 P30 Slurry 13C  
Proteobacteria Polaromonas 6.67 P30 Grazed 13C  
Acidobacteriota Paludibaculum 1.90 P30 Grazed 13C  
Acidobacteriota Stenotrophobacter 7.01 P30 Grazed 13C  
Proteobacteria Rhizomicrobium -8.53 P30 Slurry 13C  
Proteobacteria Phyllobacterium 7.51 P30 Grazed 13C  
Proteobacteria Burkholderia-

Caballeronia-
Paraburkholderia 

-5.09 P30 Slurry 13C 

 
Actinobacteriota Lechevalieria 6.47 P30 Grazed 13C  
Actinobacteriota Agromyces 7.40 P30 Grazed 13C  
Proteobacteria Polycyclovorans 5.74 P30 Grazed 13C  
Desulfobacterota Citrifermentans -7.78 P30 Slurry 13C 
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Acidobacteriota JGI 0001001-H03 -4.03 P30 Slurry 13C  
Bacteroidota Ohtaekwangia 4.20 P30 Grazed 13C  
Actinobacteriota Rugosimonospora -6.16 P30 Slurry 13C  
Actinobacteriota Kineosporia -6.49 P30 Slurry 13C  
Proteobacteria Hirschia 6.47 P30 Grazed 13C  
Proteobacteria Rudaea -6.00 P30 Slurry 13C  
Proteobacteria BD1-7 clade 5.79 P30 Grazed 13C  
Firmicutes Clostridium sensu 

stricto 9 
-5.65 P30 Slurry 13C 

 
Actinobacteriota Arthrobacter -6.58 P30 Slurry 13C  
Proteobacteria Amaricoccus 7.82 P30 Grazed 13C  
Verrucomicrobiota Oikopleura 6.64 P30 Grazed 13C  
Bacteroidota UTBCD1 -7.68 P30 Slurry 13C  
Proteobacteria Noviherbaspirillum 6.18 P30 Grazed 13C  
Bacteroidota Solitalea 5.48 P30 Grazed 13C  
Proteobacteria Nevskia -6.68 P30 Slurry 13C  
Firmicutes Clostridium sensu 

stricto 12 
8.15 P30 Grazed 13C 

 
Proteobacteria Bosea 6.66 P30 Grazed 13C  
Bacteroidota Fluviicola 4.25 P30 Grazed 13C  
Abditibacteriota Abditibacterium -2.71 P30 Slurry 13C  
Patescibacteria TM7a -2.08 P30 Slurry 13C  
Planctomycetota Pir2 lineage -2.62 P30 Slurry 13C  
Proteobacteria Niveibacterium 6.25 P30 Grazed 13C  
Spirochaetota Spirochaeta -5.43 P30 Slurry 13C  
Myxococcota Nannocystis 5.59 P30 Grazed 13C  
Bdellovibrionota OM27 clade 7.32 P30 Grazed 13C  
Verrucomicrobiota Candidatus 

Omnitrophus 
5.60 P30 Grazed 13C 
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Proteobacteria Legionella -6.77 P30 Slurry 13C  
Actinobacteriota Catenulispora -6.68 P30 Slurry 13C  
Proteobacteria Dechloromonas 5.40 P30 Grazed 13C 

 

Table S64: Deseq2 analysis of P30 Grazed Control vs P30 Slurry Control. 

P30 Grazed Control vs 
P30 Slurry Control 

Phylum Genus log2FoldChange Enriched 

 
Verrucomicrobiota Candidatus 

Udaeobacter 
-0.60 P30 Slurry Control 

 
Proteobacteria Pseudolabrys -0.39 P30 Slurry Control  
Verrucomicrobiota Candidatus 

Xiphinematobacter 
1.09 P30 Grazed 

Control  
Actinobacteriota Gaiella 0.49 P30 Grazed 

Control  
Bacteroidota Puia -0.91 P30 Slurry Control  
Nitrospirota Nitrospira 1.04 P30 Grazed 

Control  
Crenarchaeota Candidatus 

Nitrocosmicus 
0.49 P30 Grazed 

Control  
Proteobacteria Rhodomicrobium -1.12 P30 Slurry Control  
Proteobacteria Bradyrhizobium -0.44 P30 Slurry Control  
Actinobacteriota Nocardioides 0.75 P30 Grazed 

Control  
Planctomycetota Aquisphaera -1.34 P30 Slurry Control  
Proteobacteria Rhodanobacter -1.04 P30 Slurry Control  
Proteobacteria MND1 1.35 P30 Grazed 

Control  
Proteobacteria Roseiarcus -1.34 P30 Slurry Control  
Bacteroidota OLB12 -1.33 P30 Slurry Control 
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Proteobacteria Pedomicrobium 1.44 P30 Grazed 

Control  
Spirochaetota Spirochaeta 2 -0.48 P30 Slurry Control  
Acidobacteriota Occallatibacter -2.70 P30 Slurry Control  
Proteobacteria Rhodoblastus -1.41 P30 Slurry Control  
Acidobacteriota RB41 0.51 P30 Grazed 

Control  
Proteobacteria Acidibacter 0.49 P30 Grazed 

Control  
Acidobacteriota Candidatus 

Solibacter 
-1.29 P30 Slurry Control 

 
Proteobacteria Dongia 1.48 P30 Grazed 

Control  
Actinobacteriota Nakamurella -0.82 P30 Slurry Control  
Verrucomicrobiota Chthoniobacter 1.30 P30 Grazed 

Control  
Actinobacteriota Acidothermus -2.55 P30 Slurry Control  
Bacteroidota Parafilimonas -1.33 P30 Slurry Control  
Proteobacteria Rhodoplanes 0.48 P30 Grazed 

Control  
Chloroflexi UTCFX1 2.80 P30 Grazed 

Control  
Proteobacteria Hyphomicrobium -0.39 P30 Slurry Control  
Proteobacteria mle1-7 0.53 P30 Grazed 

Control  
Acidobacteriota Luteitalea 1.97 P30 Grazed 

Control  
Verrucomicrobiota ADurb.Bin063-1 -0.73 P30 Slurry Control  
Proteobacteria Candidatus 

Alysiosphaera 
1.20 P30 Grazed 

Control 
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Proteobacteria Pseudorhodoplanes 5.52 P30 Grazed 

Control  
Actinobacteriota Conexibacter -1.18 P30 Slurry Control  
Planctomycetota Zavarzinella -0.92 P30 Slurry Control  
Actinobacteriota Actinocorallia 1.13 P30 Grazed 

Control  
Actinobacteriota Ilumatobacter 2.29 P30 Grazed 

Control  
Verrucomicrobiota Ellin516 -1.07 P30 Slurry Control  
Bacteroidota Mucilaginibacter -1.23 P30 Slurry Control  
Bacteroidota Flavobacterium 0.44 P30 Grazed 

Control  
Bacteroidota Edaphobaculum -0.79 P30 Slurry Control  
Crenarchaeota Candidatus 

Nitrososphaera 
1.64 P30 Grazed 

Control  
Myxococcota Anaeromyxobacter -0.61 P30 Slurry Control  
Actinobacteriota Microlunatus 1.14 P30 Grazed 

Control  
Acidobacteriota Vicinamibacter 1.98 P30 Grazed 

Control  
Planctomycetota Pirellula 0.66 P30 Grazed 

Control  
Verrucomicrobiota Ellin517 1.35 P30 Grazed 

Control  
Bacteroidota Chryseolinea 6.77 P30 Grazed 

Control  
Myxococcota Sandaracinus -0.91 P30 Slurry Control  
Bacteroidota Sediminibacterium -0.83 P30 Slurry Control  
Proteobacteria Dokdonella -1.03 P30 Slurry Control  
Bacteroidota Heliimonas -2.07 P30 Slurry Control  
Acidobacteriota Bryobacter -1.49 P30 Slurry Control 
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Acidobacteriota Acidipila -2.45 P30 Slurry Control  
Actinobacteriota Pseudonocardia -1.00 P30 Slurry Control  
Planctomycetota Gemmata -0.45 P30 Slurry Control  
Proteobacteria Ellin6055 5.89 P30 Grazed 

Control  
Crenarchaeota Candidatus 

Nitrosotalea 
-10.33 P30 Slurry Control 

 
Actinobacteriota Dactylosporangium 0.98 P30 Grazed 

Control  
Proteobacteria Microvirga 2.13 P30 Grazed 

Control  
Proteobacteria Nordella 8.38 P30 Grazed 

Control  
Proteobacteria Burkholderia-

Caballeronia-
Paraburkholderia 

-6.73 P30 Slurry Control 

 
Proteobacteria Altererythrobacter 2.10 P30 Grazed 

Control  
Verrucomicrobiota Luteolibacter 2.02 P30 Grazed 

Control  
Planctomycetota Schlesneria -0.72 P30 Slurry Control  
Planctomycetota Singulisphaera -1.37 P30 Slurry Control  
Actinobacteriota Rhizocola 8.40 P30 Grazed 

Control  
Firmicutes Lysinibacillus -2.99 P30 Slurry Control  
Acidobacteriota Geothrix -4.96 P30 Slurry Control  
Verrucomicrobiota Roseimicrobium 0.99 P30 Grazed 

Control  
Acidobacteriota Candidatus 

Koribacter 
-2.88 P30 Slurry Control 

 
Actinobacteriota Microbacterium 2.27 P30 Grazed 

Control 
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Proteobacteria Asticcacaulis -2.85 P30 Slurry Control  
Actinobacteriota Rhodococcus -5.64 P30 Slurry Control  
Planctomycetota SH-PL14 1.97 P30 Grazed 

Control  
Acidobacteriota Terracidiphilus -6.60 P30 Slurry Control  
Proteobacteria Acidicaldus -2.60 P30 Slurry Control  
Proteobacteria Sideroxydans -4.83 P30 Slurry Control  
Proteobacteria Polaromonas 7.10 P30 Grazed 

Control  
Firmicutes Turicibacter -1.78 P30 Slurry Control  
Acidobacteriota Stenotrophobacter 7.33 P30 Grazed 

Control  
Planctomycetota Tundrisphaera -2.75 P30 Slurry Control  
Proteobacteria Rhizomicrobium -9.14 P30 Slurry Control  
Proteobacteria Phyllobacterium 6.37 P30 Grazed 

Control  
Actinobacteriota Agromyces 2.54 P30 Grazed 

Control  
Actinobacteriota Lechevalieria 7.98 P30 Grazed 

Control  
Actinobacteriota Virgisporangium 5.04 P30 Grazed 

Control  
Firmicutes Sporosarcina -7.33 P30 Slurry Control  
Proteobacteria Polycyclovorans 7.20 P30 Grazed 

Control  
Chloroflexi Litorilinea 2.96 P30 Grazed 

Control  
Firmicutes Ammoniphilus -2.63 P30 Slurry Control  
Desulfobacterota Citrifermentans -4.15 P30 Slurry Control  
Bacteroidota Ohtaekwangia 4.08 P30 Grazed 

Control 
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Verrucomicrobiota Pedosphaera 2.07 P30 Grazed 

Control  
Firmicutes Bacillus -6.93 P30 Slurry Control  
Proteobacteria Plot4-2H12 -3.52 P30 Slurry Control  
Actinobacteriota Rugosimonospora -6.54 P30 Slurry Control  
Actinobacteriota Kineosporia -6.51 P30 Slurry Control  
Proteobacteria Hirschia 2.84 P30 Grazed 

Control  
Proteobacteria Amaricoccus 7.54 P30 Grazed 

Control  
Proteobacteria BD1-7 clade 6.56 P30 Grazed 

Control  
Chloroflexi Anaerolinea -3.87 P30 Slurry Control  
Firmicutes Clostridium sensu 

stricto 9 
-6.66 P30 Slurry Control 

 
Bdellovibrionota OM27 clade 7.92 P30 Grazed 

Control  
Actinobacteriota Arthrobacter -7.32 P30 Slurry Control  
Verrucomicrobiota Oikopleura 6.38 P30 Grazed 

Control  
Bacteroidota UTBCD1 -7.96 P30 Slurry Control  
Proteobacteria Noviherbaspirillum 6.08 P30 Grazed 

Control  
Proteobacteria Nevskia -7.43 P30 Slurry Control  
Planctomycetota CL500-3 5.66 P30 Grazed 

Control  
Planctomycetota Pir2 lineage -7.12 P30 Slurry Control  
Euryarchaeota Methanobacterium -6.80 P30 Slurry Control  
Proteobacteria Afipia -6.07 P30 Slurry Control  
Proteobacteria Novosphingobium 5.29 P30 Grazed 

Control 
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Proteobacteria OM60(NOR5) clade 6.16 P30 Grazed 

Control  
Proteobacteria Candidatus 

Accumulibacter 
-5.85 P30 Slurry Control 

 
Bacteroidota Taibaiella -5.77 P30 Slurry Control  
Proteobacteria IS-44 5.81 P30 Grazed 

Control 

 

 

Table S65: Deseq2 analysis of P0 cut control vs P0 slurry control. 
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P0 cut 
control vs 
P0 slurry 
control 

Phylum Genus log2FoldChange Enriched 

 
Ascomycota Ascobolus 6.65 P0 cut control  
Ascomycota Preussia 4.33 P0 cut control  
Ascomycota unidentified_385 3.72 P0 cut control  
Ascomycota Trichoglossum -11.32 P0 slurry control  
Basidiomycota Cotylidia 8.26 P0 cut control  
Ascomycota Hypomyces -6.96 P0 slurry control  
Ascomycota Auxarthron 3.12 P0 cut control  
Ascomycota Talaromyces -6.75 P0 slurry control  
Basidiomycota unidentified_144 8.38 P0 cut control  
Basidiomycota Pholiotina 9.67 P0 cut control  
Ascomycota Pseudogymnoascus 7.50 P0 cut control  
Ascomycota Pseudorobillarda 8.63 P0 cut control  
Glomeromycota Funneliformis 19.80 P0 cut control  
Ascomycota Apodus 8.08 P0 cut control 
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Table S66: Deseq2 analysis of P0 cut control vs P0 slurry control. 

P0 cut 
control vs 
P30 cut 
control 

Phylum Genus log2FoldChange Enriched 

 
Ascomycota Cladosporium 0.75 P0 cut control  
Basidiomycota Apiotrichum -2.28 P30 cut control  
Ascomycota Striaticonidium -2.94 P30 cut control  
Basidiomycota Clavaria -5.29 P30 cut control  
Basidiomycota Delicatula 11.40 P0 cut control  
Ascomycota unidentified_3145 1.65 P0 cut control  
Ascomycota Trichoglossum -7.76 P30 cut control  
Ascomycota unidentified_385 2.15 P0 cut control  
Ascomycota Acremonium 0.82 P0 cut control  
Basidiomycota Tylospora 22.85 P0 cut control  
Basidiomycota Parasola 4.05 P0 cut control  
Basidiomycota Entoloma -1.87 P30 cut control  
Ascomycota Lachnum 6.43 P0 cut control  
Ascomycota unidentified_4125 -10.10 P30 cut control  
Ascomycota unidentified_63 -8.26 P30 cut control  
Ascomycota unidentified_191 -4.06 P30 cut control  
Ascomycota Schizothecium 8.35 P0 cut control  
Ascomycota Oidiodendron -1.51 P30 cut control  
Basidiomycota unidentified_144 7.03 P0 cut control  
Ascomycota Phaeosphaeria 8.43 P0 cut control  
Ascomycota Lecythophora -7.79 P30 cut control  
Basidiomycota Auricularia -22.83 P30 cut control 
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Ascomycota unidentified_3723 4.59 P0 cut control  
Basidiomycota Cotylidia 10.13 P0 cut control  
Ascomycota Petrakia 9.19 P0 cut control  
Ascomycota unidentified_344 21.46 P0 cut control  
Olpidiomycota unidentified_7719 4.63 P0 cut control  
Glomeromycota unidentified_4690 -7.17 P30 cut control 

 

 

 

 

 

 

 

 

Table S67: Deseq2 analysis of P0 grazed 13C vs P0 cut 13C. 

P0 grazed 
13C vs P0 
cut 13C 

Phylum Genus log2FoldChange Enriched 

 
Ascomycota Cladosporium 1.36 P0 grazed 13C    
Basidiomycota Apiotrichum -2.22 P0 cut 13C  
Ascomycota Dactylonectria -1.83 P0 cut 13C  
Basidiomycota Solicoccozyma -1.27 P0 cut 13C  
Ascomycota Preussia 5.42 P0 grazed 13C   
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Ascomycota Exophiala -2.64 P0 cut 13C  
Basidiomycota Clavaria -6.18 P0 cut 13C  
Ascomycota unidentified_5 2.74 P0 grazed 13C    
Basidiomycota Delicatula 8.01 P0 grazed 13C    
Ascomycota Leohumicola 4.06 P0 grazed 13C    
Ascomycota unidentified_832 -10.65 P0 cut 13C  
Ascomycota unidentified_3145 2.70 P0 grazed 13C    
Ascomycota Pyrenochaeta -4.47 P0 cut 13C  
Ascomycota Trichoglossum -13.37 P0 cut 13C  
Chytridiomycota unidentified_957 -3.17 P0 cut 13C  
Ascomycota Gremmenia 2.25 P0 grazed 13C    
Ascomycota Acremonium 3.06 P0 grazed 13C    
Ascomycota unidentified_20 5.22 P0 grazed 13C    
Ascomycota Chrysosporium 3.98 P0 grazed 13C    
Basidiomycota Tylospora 10.95 P0 grazed 13C    
Ascomycota Belonium 12.56 P0 grazed 13C    
Basidiomycota unidentified_2460 -8.00 P0 cut 13C  
Ascomycota Microdochium 2.02 P0 grazed 13C    
Ascomycota unidentified_388 7.25 P0 grazed 13C    
Chytridiomycota Rhizophydium 3.69 P0 grazed 13C    
Basidiomycota Serendipita -2.26 P0 cut 13C  
Ascomycota unidentified_51 -9.22 P0 cut 13C  
Ascomycota unidentified_4125 -5.31 P0 cut 13C  
Ascomycota unidentified_6793 8.44 P0 grazed 13C    
Ascomycota Sagenomella -9.24 P0 cut 13C  
Ascomycota Neoascochyta 6.35 P0 grazed 13C    
Basidiomycota Rhodotorula -7.41 P0 cut 13C  
Ascomycota Clohesyomyces -9.55 P0 cut 13C  
Ascomycota Gibberella 9.35 P0 grazed 13C   
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Ascomycota Podospora 1.71 P0 grazed 13C    
Ascomycota Ilyonectria 2.29 P0 grazed 13C    
Rozellomycota unidentified_73 8.96 P0 grazed 13C    
Ascomycota unidentified_385 -3.78 P0 cut 13C  
Ascomycota unidentified_3176 -8.85 P0 cut 13C  
Basidiomycota unidentified_199 -8.14 P0 cut 13C  
Basidiomycota Agaricus 22.61 P0 grazed 13C    
Ascomycota Collembolispora -2.78 P0 cut 13C  
Ascomycota Chalara 8.31 P0 grazed 13C    
Ascomycota Phialocephala 8.62 P0 grazed 13C    
Basidiomycota Akenomyces 8.73 P0 grazed 13C    
Ascomycota unidentified_457 6.92 P0 grazed 13C    
Ascomycota Bimuria 6.14 P0 grazed 13C    
Ascomycota Plectosphaerella 6.85 P0 grazed 13C    
Chytridiomycota unidentified_40 -4.23 P0 cut 13C  
Basidiobolomycota Basidiobolus 8.11 P0 grazed 13C    
Ascomycota Thelebolus 5.02 P0 grazed 13C    
Basidiomycota Hemimycena -8.37 P0 cut 13C  
Basidiomycota Atractiella -10.31 P0 cut 13C  
Ascomycota Fusidium 7.21 P0 grazed 13C    
Glomeromycota unidentified_277 7.13 P0 grazed 13C    
Ascomycota Myrmecridium 3.94 P0 grazed 13C    
Ascomycota Alternaria 20.55 P0 grazed 13C    
Ascomycota Talaromyces -8.00 P0 cut 13C  
Ascomycota Schizothecium -7.18 P0 cut 13C  
Glomeromycota Archaeospora 5.62 P0 grazed 13C   
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Table S68: Deseq2 analysis of P0 grazed control vs P0 cut control. 

P0 grazed 
control vs 
P0 cut 
control 

Phylum Genus log2FoldChange Enriched 

 
Basidiomycota Apiotrichum -3.01 P0 cut control  
Ascomycota Dactylonectria -2.08 P0 cut control  
Ascomycota Preussia 5.28 P0 grazed 

control  
Basidiomycota unidentified_16 -3.49 P0 cut control  
Basidiomycota Clavaria -3.87 P0 cut control  
Ascomycota unidentified_5 2.43 P0 grazed 

control  
Basidiomycota Delicatula 11.52 P0 grazed 

control  
Ascomycota Leohumicola 3.82 P0 grazed 

control  
Ascomycota unidentified_3138 -5.28 P0 cut control  
Ascomycota unidentified_832 -10.06 P0 cut control  
Ascomycota unidentified_3145 3.15 P0 grazed 

control  
Ascomycota Pyrenochaeta -4.70 P0 cut control  
Ascomycota Trichoglossum -12.04 P0 cut control  
Chytridiomycota unidentified_957 -2.42 P0 cut control  
Ascomycota Gremmenia 3.37 P0 grazed 

control  
Ascomycota Acremonium 2.02 P0 grazed 

control  
Ascomycota Chrysosporium 4.62 P0 grazed 

control 
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Basidiomycota Tylospora 10.05 P0 grazed 

control  
Ascomycota Belonium 7.48 P0 grazed 

control  
Basidiomycota unidentified_2460 -4.43 P0 cut control  
Basidiomycota Slooffia -2.11 P0 cut control  
Ascomycota unidentified_388 -8.06 P0 cut control  
Chytridiomycota Rhizophydium 10.03 P0 grazed 

control  
Ascomycota unidentified_51 -9.22 P0 cut control  
Ascomycota unidentified_1321 8.44 P0 grazed 

control  
Ascomycota unidentified_4125 -9.43 P0 cut control  
Ascomycota Chaetomium 8.57 P0 grazed 

control  
Ascomycota Sagenomella -7.96 P0 cut control  
Ascomycota Neoascochyta 4.56 P0 grazed 

control  
Basidiomycota unidentified_199 -8.12 P0 cut control  
Ascomycota Auxarthron -6.46 P0 cut control  
Ascomycota Talaromyces -7.47 P0 cut control  
Basidiomycota Rhodotorula -7.00 P0 cut control  
Ascomycota Clohesyomyces -8.48 P0 cut control  
Basidiomycota Claudopus -4.15 P0 cut control  
Rozellomycota unidentified_73 7.24 P0 grazed 

control  
Ascomycota unidentified_3176 -7.55 P0 cut control  
Ascomycota Mariannaea -7.60 P0 cut control  
Basidiomycota unidentified_39 -6.75 P0 cut control 
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Glomeromycota unidentified_276 4.28 P0 grazed 

control  
Basidiomycota Agaricus 21.62 P0 grazed 

control  
Ascomycota Phialocephala 4.75 P0 grazed 

control  
Ascomycota Plectosphaerella 7.47 P0 grazed 

control  
Basidiomycota unidentified_242 3.74 P0 grazed 

control  
Basidiobolomycota Basidiobolus 8.17 P0 grazed 

control  
Ascomycota Fusidium 7.51 P0 grazed 

control  
Basidiomycota unidentified_21 22.66 P0 grazed 

control  
Glomeromycota unidentified_277 7.92 P0 grazed 

control  
Ascomycota Sarocladium 8.13 P0 grazed 

control  
Glomeromycota Ambispora 8.58 P0 grazed 

control  
Ascomycota Toxicocladosporium 6.76 P0 grazed 

control 

 

 

Table S69: Deseq2 analysis of P0 grazed control vs P0 slurry control. 

P0 grazed 
control vs 

Phylum Genus log2FoldChange Enriched 
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P0 slurry 
control  

Ascomycota Dactylonectria 1.76 P0 grazed 
control  

Ascomycota Ascobolus 3.49 P0 grazed 
control  

Ascomycota Striaticonidium -1.97 P0 slurry 
control  

Ascomycota Preussia -1.21 P0 slurry 
control  

Basidiomycota unidentified_16 5.27 P0 grazed 
control  

Ascomycota Exophiala 4.20 P0 grazed 
control  

Ascomycota unidentified_5 -2.76 P0 slurry 
control  

Basidiomycota Delicatula -10.25 P0 slurry 
control  

Ascomycota unidentified_3138 5.35 P0 grazed 
control  

Ascomycota unidentified_832 9.55 P0 grazed 
control  

Ascomycota unidentified_385 2.88 P0 grazed 
control  

Ascomycota Pleurophragmium 1.23 P0 grazed 
control  

Ascomycota unidentified_3145 -2.47 P0 slurry 
control  

Ascomycota Pyrenochaeta 4.43 P0 grazed 
control  

Chytridiomycota unidentified_957 1.57 P0 grazed 
control 
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Ascomycota Acremonium -1.76 P0 slurry 

control  
Ascomycota Leohumicola -8.90 P0 slurry 

control  
Basidiomycota Tylospora -8.81 P0 slurry 

control  
Ascomycota Belonium -6.18 P0 slurry 

control  
Basidiomycota unidentified_2460 4.92 P0 grazed 

control  
Basidiomycota Slooffia 1.75 P0 grazed 

control  
Basidiomycota Cotylidia 6.98 P0 grazed 

control  
Ascomycota unidentified -2.12 P0 slurry 

control  
Chytridiomycota Rhizophydium -5.77 P0 slurry 

control  
Ascomycota Ilyonectria -7.67 P0 slurry 

control  
Ascomycota unidentified_9815 21.18 P0 grazed 

control  
Ascomycota unidentified_51 8.90 P0 grazed 

control  
Ascomycota unidentified_1321 -7.05 P0 slurry 

control  
Ascomycota unidentified_88 9.86 P0 grazed 

control  
Ascomycota Sagenomella 7.59 P0 grazed 

control  
Ascomycota Neoascochyta -3.10 P0 slurry 

control 
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Mucoromycota Mucor -3.99 P0 slurry 

control  
Basidiomycota unidentified_199 8.09 P0 grazed 

control  
Ascomycota Auxarthron 9.30 P0 grazed 

control  
Basidiomycota Mycena -7.26 P0 slurry 

control  
Rozellomycota unidentified_73 -7.81 P0 slurry 

control  
Glomeromycota unidentified_276 -9.71 P0 slurry 

control  
Basidiomycota Agaricus -21.95 P0 slurry 

control  
Ascomycota Phialocephala -8.05 P0 slurry 

control  
Ascomycota unidentified_3176 7.38 P0 grazed 

control  
Basidiomycota Pholiotina 8.53 P0 grazed 

control  
Chytridiomycota unidentified_40 7.14 P0 grazed 

control  
Basidiomycota unidentified_242 -3.36 P0 slurry 

control  
Ascomycota unidentified_4125 22.09 P0 grazed 

control  
Basidiomycota unidentified_21 -23.00 P0 slurry 

control  
Glomeromycota Ambispora -7.22 P0 slurry 

control  
Glomeromycota Funneliformis 20.34 P0 grazed 

control 
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Table S70: Deseq2 analysis of P0 grazed control vs P30 grazed control 

P0 grazed 
control vs 
P30 grazed 
control 

Phylum Genus log2FoldChange Enriched 

 
Ascomycota Pseudeurotium 1.31 P0 grazed 

control  
Basidiomycota unidentified_16 5.82 P0 grazed 

control  
Ascomycota Dactylonectria 1.54 P0 grazed 

control  
Ascomycota Pseudaleuria 13.50 P0 grazed 

control  
Ascomycota Preussia 1.04 P0 grazed 

control  
Ascomycota Pyrenochaetopsis -1.70 P30 grazed 

control  
Basidiomycota Delicatula -11.62 P30 grazed 

control  
Ascomycota unidentified_3138 6.67 P0 grazed 

control  
Ascomycota unidentified_832 8.60 P0 grazed 

control  
Ascomycota Penicillium 1.64 P0 grazed 

control  
Ascomycota unidentified_59 2.15 P0 grazed 

control  
Ascomycota unidentified_20 2.00 P0 grazed 

control 
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Ascomycota Leohumicola -3.70 P30 grazed 

control  
Basidiomycota Parasola 7.81 P0 grazed 

control  
Ascomycota unidentified_388 9.34 P0 grazed 

control  
Glomeromycota Claroideoglomus 3.52 P0 grazed 

control  
Ascomycota unidentified_6793 6.66 P0 grazed 

control  
Ascomycota Lasiosphaeria 23.59 P0 grazed 

control  
Basidiomycota unidentified_199 6.44 P0 grazed 

control  
Ascomycota unidentified_63 -9.70 P30 grazed 

control  
Basidiomycota unidentified_682 8.52 P0 grazed 

control  
Basidiomycota Rhodotorula 6.17 P0 grazed 

control  
Basidiomycota Mycena -8.62 P30 grazed 

control  
Ascomycota unidentified_191 -1.33 P30 grazed 

control  
Rozellomycota unidentified_73 -9.21 P30 grazed 

control  
Ascomycota Valsonectria 3.86 P0 grazed 

control  
Basidiomycota unidentified_39 7.50 P0 grazed 

control  
Ascomycota Periconia 5.49 P0 grazed 

control 
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Ascomycota Trichophyton 7.26 P0 grazed 

control  
Basidiomycota Clavaria -3.66 P30 grazed 

control  
Ascomycota unidentified_385 -4.84 P30 grazed 

control  
Basidiomycota Filobasidiella 8.13 P0 grazed 

control  
Ascomycota Phialocephala -9.45 P30 grazed 

control  
Ascomycota Tolypocladium 7.89 P0 grazed 

control  
Glomeromycota Paraglomus 7.38 P0 grazed 

control  
Basidiomycota unidentified_144 7.59 P0 grazed 

control  
Ascomycota Fusidium -7.59 P30 grazed 

control  
Chytridiomycota Coralloidiomyces 5.18 P0 grazed 

control  
Glomeromycota Funneliformis 18.28 P0 grazed 

control  
Glomeromycota Ambispora -8.59 P30 grazed 

control  
Ascomycota Nadsonia -5.88 P30 grazed 

control  
Ascomycota Toxicocladosporium -6.82 P30 grazed 

control 

 

Table S71: Deseq2 analysis of P0 slurry 13C vs P0 cut 13C. 
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P0 slurry 
13C vs P0 
cut 13C 

Phylum Genus log2FoldChange Enriched 

 
Basidiomycota Apiotrichum -2.25 P0 cut 13C  
Ascomycota Ascobolus 4.53 P0 slurry 13C  
Ascomycota Preussia 4.87 P0 slurry 13C  
Basidiomycota Clavaria -3.12 P0 cut 13C  
Ascomycota Pleurophragmium 2.03 P0 slurry 13C  
Ascomycota Trichoglossum -13.40 P0 cut 13C  
Basidiomycota Parasola 8.27 P0 slurry 13C  
Basidiomycota unidentified_7 3.80 P0 slurry 13C  
Ascomycota unidentified_88 4.40 P0 slurry 13C  
Ascomycota Pseudotaeniolina -5.78 P0 cut 13C  
Ascomycota Auxarthron 4.47 P0 slurry 13C  
Ascomycota Clohesyomyces -9.60 P0 cut 13C  
Ascomycota unidentified_3176 -5.34 P0 cut 13C  
Ascomycota Geoglossum -23.78 P0 cut 13C  
Basidiomycota Atractiella -10.21 P0 cut 13C  
Basidiomycota Mycena -24.06 P0 cut 13C  
Ascomycota unidentified_115 19.77 P0 slurry 13C  
Basidiomycota unidentified_420 7.37 P0 slurry 13C  
Chytridiomycota Paranamyces 5.77 P0 slurry 13C  
Glomeromycota Archaeospora 6.51 P0 slurry 13C 
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Table S72: Deseq2 analysis of P0 slurry 13C vs P0 grazed 13C. 

P0 slurry 
13C vs P0 
grazed 13C 

Phylum Genus log2FoldChange Enriched 

 
Ascomycota Dactylonectria 1.87 P0 slurry 13C  
Ascomycota Ascobolus 4.36 P0 slurry 13C  
Ascomycota Pseudaleuria 7.45 P0 slurry 13C  
Ascomycota Striaticonidium -1.58 P0 grazed 

13C  
Ascomycota Exophiala 2.70 P0 slurry 13C  
Ascomycota unidentified_5 -2.59 P0 grazed 

13C  
Basidiomycota Delicatula -13.43 P0 grazed 

13C  
Ascomycota Leohumicola -7.59 P0 grazed 

13C  
Ascomycota unidentified_3138 3.66 P0 slurry 13C  
Ascomycota unidentified_832 10.35 P0 slurry 13C  
Ascomycota Pyrenochaetopsis -2.05 P0 grazed 

13C  
Ascomycota unidentified_385 6.40 P0 slurry 13C  
Ascomycota Pleurophragmium 2.35 P0 slurry 13C  
Chytridiomycota unidentified_957 3.10 P0 slurry 13C 



 

 
279 

 
Basidiomycota Clavaria 2.91 P0 slurry 13C  
Ascomycota Gremmenia -2.70 P0 grazed 

13C  
Ascomycota Acremonium -2.13 P0 grazed 

13C  
Basidiomycota Tylospora -11.51 P0 grazed 

13C  
Basidiomycota Parasola 8.76 P0 slurry 13C  
Ascomycota Belonium -27.64 P0 grazed 

13C  
Basidiomycota unidentified_2460 8.96 P0 slurry 13C  
Basidiomycota Cotylidia 6.51 P0 slurry 13C  
Ascomycota unidentified -2.51 P0 grazed 

13C  
Basidiomycota unidentified_7 6.30 P0 slurry 13C  
Ascomycota Ilyonectria -2.48 P0 grazed 

13C  
Ascomycota unidentified_9815 8.32 P0 slurry 13C  
Ascomycota unidentified_51 8.32 P0 slurry 13C  
Ascomycota unidentified_88 10.30 P0 slurry 13C  
Ascomycota Sagenomella 8.37 P0 slurry 13C  
Ascomycota Pseudotaeniolina -6.18 P0 grazed 

13C  
Basidiomycota unidentified_199 8.95 P0 slurry 13C  
Ascomycota Auxarthron 9.80 P0 slurry 13C  
Basidiomycota Rhodotorula 8.20 P0 slurry 13C  
Basidiomycota Mycena -10.62 P0 grazed 

13C  
Ascomycota Gibberella -4.37 P0 grazed 

13C 
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Ascomycota unidentified_191 -2.52 P0 grazed 

13C  
Rozellomycota unidentified_73 -9.45 P0 grazed 

13C  
Ascomycota Schizothecium 7.95 P0 slurry 13C  
Glomeromycota unidentified_276 -3.57 P0 grazed 

13C  
Basidiomycota unidentified_144 7.63 P0 slurry 13C  
Basidiomycota Agaricus -24.16 P0 grazed 

13C  
Ascomycota Chalara -8.83 P0 grazed 

13C  
Ascomycota Phaeosphaeria 6.30 P0 slurry 13C  
Ascomycota Phialocephala -9.14 P0 grazed 

13C  
Basidiomycota Akenomyces -9.19 P0 grazed 

13C  
Basidiomycota unidentified_242 -7.51 P0 grazed 

13C  
Ascomycota unidentified_7020 -5.90 P0 grazed 

13C  
Ascomycota Thelebolus -5.52 P0 grazed 

13C  
Basidiomycota Pholiotina 7.14 P0 slurry 13C  
Ascomycota Fusidium -4.57 P0 grazed 

13C  
Glomeromycota Paraglomus 5.93 P0 slurry 13C  
Ascomycota Pseudogymnoascus 3.73 P0 slurry 13C  
Basidiomycota unidentified_1560 21.05 P0 slurry 13C  
Basidiomycota unidentified_23 7.39 P0 slurry 13C 
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Glomeromycota unidentified_277 -7.69 P0 grazed 

13C  
Ascomycota Pseudopithomyces 20.86 P0 slurry 13C  
Basidiomycota unidentified_420 7.83 P0 slurry 13C  
Ascomycota unidentified_448 -6.50 P0 grazed 

13C  
Chytridiomycota Paranamyces 6.23 P0 slurry 13C 

 

Table S73: Deseq2 analysis of P0 slurry 13C vs P30 slurry 13C. 

P0 slurry 
13C vs P30 
slurry 13C 

Phylum Genus log2FoldChange Enriched 

 
Basidiomycota Clavaria -11.33 P30 slurry 

13C  
Mucoromycota Absidia -3.33 P30 slurry 

13C  
Ascomycota Pseudogymnoascus -6.38 P30 slurry 

13C  
Ascomycota unidentified_115 -20.84 P30 slurry 

13C 
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Table S74: Deseq2 analysis of P30 cut 13C vs P0 cut 13C. 

P30 cut 
13C vs P0 
cut 13C 

Phylum Genus log2FoldChange Enriched 

 
Basidiomycota Apiotrichum -3.24 P0 cut 13C  
Ascomycota Striaticonidium -2.17 P0 cut 13C  
Ascomycota Trichoglossum -9.75 P0 cut 13C  
Ascomycota Acremonium 1.99 P30 cut 13C  
Basidiomycota Cotylidia 8.38 P30 cut 13C  
Ascomycota unidentified_388 20.70 P30 cut 13C  
Ascomycota Lachnum 10.69 P30 cut 13C  
Ascomycota unidentified_4125 -8.40 P0 cut 13C  
Ascomycota unidentified_6793 8.11 P30 cut 13C  
Ascomycota unidentified_63 -8.00 P0 cut 13C  
Basidiomycota unidentified_420 26.10 P30 cut 13C  
Ascomycota Gibberella 7.71 P30 cut 13C  
Ascomycota unidentified_3723 9.19 P30 cut 13C  
Basidiomycota Tubaria 24.74 P30 cut 13C  
Ascomycota Geoglossum -22.84 P0 cut 13C  
Basidiomycota Atractiella -9.33 P0 cut 13C  
Basidiomycota Parasola 9.50 P30 cut 13C  
Basidiomycota Mycena -23.06 P0 cut 13C 
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Basidiomycota Trechispora 20.47 P30 cut 13C 

 

 

Table S75: Deseq2 analysis of P30 cut 13C vs P30 grazed 13C. 

P30 cut 
13C vs P30 
grazed 13C 

Phylum Genus log2FoldChange Enriched 

 
Ascomycota Striaticonidium 2.57 P30 cut 13C  
Ascomycota Preussia 6.17 P30 cut 13C  
Basidiomycota Delicatula -8.40 P30 grazed 

13C  
Ascomycota unidentified_832 -2.05 P30 grazed 

13C  
Ascomycota unidentified_5 1.91 P30 cut 13C  
Ascomycota unidentified_3145 3.00 P30 cut 13C  
Basidiomycota Clavaria -7.50 P30 grazed 

13C  
Ascomycota Pyrenochaeta -4.27 P30 grazed 

13C  
Ascomycota unidentified_385 -8.38 P30 grazed 

13C  
Ascomycota Chrysosporium 4.01 P30 cut 13C  
Basidiomycota Tylospora 9.11 P30 cut 13C  
Basidiomycota unidentified_2460 -9.08 P30 grazed 

13C  
Basidiomycota Cotylidia -8.60 P30 grazed 

13C  
Basidiomycota Coprinopsis 4.10 P30 cut 13C 
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Ascomycota unidentified_51 -7.50 P30 grazed 

13C  
Ascomycota unidentified_1321 9.15 P30 cut 13C  
Ascomycota Sagenomella -5.59 P30 grazed 

13C  
Basidiomycota unidentified_420 -27.19 P30 grazed 

13C  
Ascomycota Schizothecium -22.07 P30 grazed 

13C  
Ascomycota unidentified_3176 -6.13 P30 grazed 

13C  
Glomeromycota unidentified_276 6.70 P30 cut 13C  
Ascomycota Trichophyton 8.69 P30 cut 13C  
Basidiomycota unidentified_9358 22.08 P30 cut 13C  
Rozellomycota unidentified_1345 5.87 P30 cut 13C  
Ascomycota unidentified_3723 -9.29 P30 grazed 

13C  
Ascomycota Plectosphaerella 6.46 P30 cut 13C  
Basidiomycota Tubaria -25.85 P30 grazed 

13C  
Ascomycota Thelebolus 6.37 P30 cut 13C  
Ascomycota Dactylaria 6.52 P30 cut 13C  
Ascomycota Westerdykella 6.06 P30 cut 13C  
Basidiomycota Trechispora -23.13 P30 grazed 

13C  
Ascomycota Minutisphaera 6.38 P30 cut 13C  
Ascomycota Protomyces 19.95 P30 cut 13C  
Ascomycota Fusarium 6.40 P30 cut 13C 
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Table S76: Deseq2 analysis of P30 cut 13C vs P30 slurry 13C. 

P30 cut 
13C vs P30 
slurry 13C 

Phylum Genus log2FoldChange Enriched 

 
Ascomycota Preussia 4.11 P30 cut 13C   
Basidiomycota Delicatula -7.81 P30 slurry 

13C  
Basidiomycota Clavaria -11.20 P30 slurry 

13C  
Mucoromycota Absidia -2.93 P30 slurry 

13C  
Ascomycota Lachnum -6.85 P30 slurry 

13C  
Ascomycota unidentified_4125 8.76 P30 cut 13C   
Ascomycota Gibberella -7.43 P30 slurry 

13C  
Basidiomycota Pholiotina 5.10 P30 cut 13C   
Basidiomycota Tubaria -25.78 P30 slurry 

13C  
Basidiomycota Hemimycena 20.50 P30 cut 13C  

 

 

 

Table S77: Deseq2 analysis of P30 cut control vs P30 grazed control. 
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P30 cut 
control vs 
P30 grazed 
control 

Phylum Genus log2FoldChange Enriched 

 
Ascomycota Pseudeurotium 1.16 P30 cut 

control  
Basidiomycota Solicoccozyma -1.34 P30 grazed 

control  
Ascomycota Ascobolus 2.35 P30 cut 

control  
Ascomycota Pseudaleuria 14.02 P30 cut 

control  
Ascomycota Striaticonidium 3.12 P30 cut 

control  
Ascomycota Preussia 5.86 P30 cut 

control  
Basidiomycota Delicatula -11.44 P30 grazed 

control  
Ascomycota unidentified_3138 1.59 P30 cut 

control  
Ascomycota unidentified_832 -1.54 P30 grazed 

control  
Ascomycota unidentified_52 -1.54 P30 grazed 

control  
Ascomycota unidentified_3145 1.44 P30 cut 

control  
Ascomycota unidentified_5 1.63 P30 cut 

control  
Ascomycota Pyrenochaeta -4.19 P30 grazed 

control  
Chytridiomycota unidentified_957 -1.46 P30 grazed 

control 
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Ascomycota unidentified_385 -6.43 P30 grazed 

control  
Ascomycota unidentified_20 4.66 P30 cut 

control  
Ascomycota Chrysosporium 3.59 P30 cut 

control  
Basidiomycota Parasola -2.88 P30 grazed 

control  
Ascomycota unidentified 1.06 P30 cut 

control  
Ascomycota unidentified_82 2.00 P30 cut 

control  
Basidiomycota Slooffia -2.18 P30 grazed 

control  
Ascomycota unidentified_9815 -9.29 P30 grazed 

control  
Basidiomycota Coprinopsis 3.08 P30 cut 

control  
Ascomycota unidentified_51 -9.08 P30 grazed 

control  
Ascomycota unidentified_1321 9.68 P30 cut 

control  
Mucoromycota Mucor 1.04 P30 cut 

control  
Ascomycota Sagenomella -6.15 P30 grazed 

control  
Ascomycota Pseudotaeniolina 2.91 P30 cut 

control  
Ascomycota Cadophora -4.73 P30 grazed 

control  
Ascomycota Lasiosphaeria 24.63 P30 cut 

control 
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Basidiomycota unidentified_199 -1.91 P30 grazed 

control  
Ascomycota Auxarthron -4.97 P30 grazed 

control  
Basidiomycota Cortinarius 4.04 P30 cut 

control  
Basidiomycota unidentified_682 9.09 P30 cut 

control  
Ascomycota Talaromyces -10.10 P30 grazed 

control  
Ascomycota unidentified_191 4.20 P30 cut 

control  
Ascomycota unidentified_3176 -5.01 P30 grazed 

control  
Chytridiomycota Rhizophydium 4.74 P30 cut 

control  
Ascomycota Trichophyton 7.84 P30 cut 

control  
Rozellomycota unidentified_1345 8.10 P30 cut 

control  
Basidiomycota Filobasidiella 4.83 P30 cut 

control  
Ascomycota unidentified_3723 -7.79 P30 grazed 

control  
Ascomycota Bimuria 7.67 P30 cut 

control  
Ascomycota Plectosphaerella 6.68 P30 cut 

control  
Basidiomycota Cotylidia -10.15 P30 grazed 

control  
Glomeromycota unidentified_276 5.11 P30 cut 

control 
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Basidiobolomycota Basidiobolus 8.32 P30 cut 

control  
Ascomycota Thelebolus 7.05 P30 cut 

control  
Ascomycota Dactylaria 7.38 P30 cut 

control  
Basidiomycota unidentified_242 5.70 P30 cut 

control  
Ascomycota Westerdykella 6.23 P30 cut 

control  
Ascomycota unidentified_344 -22.93 P30 grazed 

control  
Glomeromycota Funneliformis 21.06 P30 cut 

control  
Ascomycota unidentified_448 -21.81 P30 grazed 

control  
Basidiomycota unidentified_23 -7.37 P30 grazed 

control  
Ascomycota Lipomyces -7.14 P30 grazed 

control  
Ascomycota Leptodontidium -6.70 P30 grazed 

control 

 

Table S78: Deseq2 analysis of P30 cut control vs P30 slurry control. 

P30 cut 
control vs 
P30 slurry 
control 

Phylum Genus log2FoldChange Enriched 

 
Basidiomycota Apiotrichum 1.02 P30 cut 

control 
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Ascomycota Ascobolus 4.49 P30 cut 

control  
Ascomycota Striaticonidium 1.75 P30 cut 

control  
Ascomycota Preussia 4.06 P30 cut 

control  
Basidiomycota Delicatula -10.36 P30 slurry 

control  
Basidiomycota Clavaria -8.69 P30 slurry 

control  
Basidiomycota Tylospora -23.06 P30 slurry 

control  
Ascomycota Podospora -2.22 P30 slurry 

control  
Basidiomycota Entoloma 2.01 P30 cut 

control  
Ascomycota unidentified_4125 10.48 P30 cut 

control  
Ascomycota unidentified_3176 -9.03 P30 slurry 

control  
Ascomycota Phaeosphaeria -5.15 P30 slurry 

control  
Ascomycota Petrakia -8.20 P30 slurry 

control  
Ascomycota unidentified_344 -21.70 P30 slurry 

control 

 

Table S79: Deseq2 analysis of P30 grazed 13C VS P0 grazed 13C. 

P30 grazed 
13C VS P0 
grazed 13C 

Phylum Genus log2FoldChange Enriched 
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Ascomycota Pseudeurotium 1.01 P30 grazed 

13C  
Ascomycota Pseudaleuria 13.31 P30 grazed 

13C  
Basidiomycota Delicatula -13.29 P0 grazed 

13C  
Ascomycota Leohumicola -3.60 P0 grazed 

13C  
Ascomycota unidentified_3138 3.69 P30 grazed 

13C  
Ascomycota unidentified_832 8.20 P30 grazed 

13C  
Ascomycota unidentified_52 -1.56 P0 grazed 

13C  
Chytridiomycota unidentified_957 1.72 P30 grazed 

13C  
Basidiomycota Clavaria -4.66 P0 grazed 

13C  
Ascomycota Acremonium -1.27 P0 grazed 

13C  
Basidiomycota Parasola 10.58 P30 grazed 

13C  
Ascomycota unidentified_50 -2.12 P0 grazed 

13C  
Basidiomycota unidentified_7 4.59 P30 grazed 

13C  
Ascomycota unidentified_9815 22.72 P30 grazed 

13C  
Glomeromycota Claroideoglomus 2.37 P30 grazed 

13C  
Ascomycota Neoascochyta -6.88 P0 grazed 

13C 
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Basidiomycota unidentified_199 7.93 P30 grazed 

13C  
Ascomycota unidentified_63 -9.67 P0 grazed 

13C  
Basidiomycota Rhodotorula 5.23 P30 grazed 

13C  
Basidiomycota Mycena -10.41 P0 grazed 

13C  
Rozellomycota unidentified_73 -9.32 P0 grazed 

13C  
Ascomycota Valsonectria 7.80 P30 grazed 

13C  
Ascomycota Trichophyton 9.28 P30 grazed 

13C  
Basidiomycota unidentified_144 8.29 P30 grazed 

13C  
Basidiomycota Agaricus -24.06 P0 grazed 

13C  
Ascomycota Chalara -8.64 P0 grazed 

13C  
Basidiomycota Filobasidiella 8.12 P30 grazed 

13C  
Ascomycota Phialocephala -8.99 P0 grazed 

13C  
Ascomycota Tolypocladium 7.75 P30 grazed 

13C  
Ascomycota Lachnum 9.10 P30 grazed 

13C  
Ascomycota Coniochaeta 6.58 P30 grazed 

13C  
Glomeromycota unidentified_4690 -7.33 P0 grazed 

13C 
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Ascomycota Myrmecridium -7.01 P0 grazed 

13C  
Ascomycota Apodus -5.80 P0 grazed 

13C  
Ascomycota Alternaria -22.09 P0 grazed 

13C  
Ascomycota Protomyces 21.09 P30 grazed 

13C  
Basidiomycota Psathyrella -5.71 P0 grazed 

13C 

 

 

 

 

 

Table S80: Deseq2 analysis of P30 grazed vs P30 slurry 13C. 

P30 grazed 
vs P30 
slurry 13C 

Phylum Genus log2FoldChange Enriched 

 
Ascomycota Ascobolus 1.69 P30 grazed 

13C  
Ascomycota Preussia -1.97 P30 slurry 

13C  
Ascomycota unidentified_832 2.31 P30 grazed 

13C  
Ascomycota unidentified_5 -2.07 P30 slurry 

13C 
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Ascomycota unidentified_3145 -3.14 P30 slurry 

13C  
Ascomycota Pyrenochaeta 5.17 P30 grazed 

13C  
Ascomycota unidentified_385 7.63 P30 grazed 

13C  
Ascomycota Chrysosporium -5.45 P30 slurry 

13C  
Ascomycota Leohumicola -6.78 P30 slurry 

13C  
Basidiomycota Tylospora -9.06 P30 slurry 

13C  
Basidiomycota Parasola -3.85 P30 slurry 

13C  
Basidiomycota unidentified_2460 10.03 P30 grazed 

13C  
Basidiomycota Cotylidia 11.81 P30 grazed 

13C  
Chytridiomycota Rhizophydium -6.46 P30 slurry 

13C  
Mucoromycota Absidia -2.48 P30 slurry 

13C  
Ascomycota unidentified_51 7.90 P30 grazed 

13C  
Ascomycota unidentified_1321 -9.00 P30 slurry 

13C  
Ascomycota unidentified_4125 5.76 P30 grazed 

13C  
Basidiomycota unidentified_2191 -8.17 P30 slurry 

13C  
Ascomycota unidentified_88 6.94 P30 grazed 

13C 
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Ascomycota unidentified_6793 5.62 P30 grazed 

13C  
Ascomycota Cadophora 4.21 P30 grazed 

13C  
Basidiomycota Cortinarius -6.83 P30 slurry 

13C  
Basidiomycota unidentified_682 -3.84 P30 slurry 

13C  
Ascomycota Schizothecium 8.20 P30 grazed 

13C  
Glomeromycota unidentified_276 -6.68 P30 slurry 

13C  
Ascomycota Trichophyton -8.54 P30 slurry 

13C  
Basidiomycota unidentified_9358 -23.46 P30 slurry 

13C  
Basidiomycota unidentified_4317 7.04 P30 grazed 

13C  
Basidiomycota Pholiotina 8.96 P30 grazed 

13C  
Ascomycota unidentified_7020 7.98 P30 grazed 

13C  
Chytridiomycota Spizellomyces -7.79 P30 slurry 

13C  
Ascomycota Thelebolus -6.36 P30 slurry 

13C  
Basidiomycota Hemimycena 21.07 P30 grazed 

13C  
Ascomycota Lachnum -4.95 P30 slurry 

13C  
Ascomycota Petrakia -7.70 P30 slurry 

13C 
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Ascomycota Dactylaria -6.48 P30 slurry 

13C  
Ascomycota Minutisphaera -6.41 P30 slurry 

13C  
Ascomycota Protomyces -20.46 P30 slurry 

13C 

 

Table S81: Deseq2 analysis of P30 grazed control vs P30 slurry control. 

P30 grazed 
control vs 
P30 slurry 
control 

Phylum Genus log2FoldChange Enriched 

 
Basidiomycota Apiotrichum 1.91 P30 grazed 

control  
Basidiomycota Solicoccozyma 1.69 P30 grazed 

control  
Ascomycota Ascobolus 2.55 P30 grazed 

control  
Ascomycota Pseudaleuria -12.94 P30 slurry 

control  
Ascomycota Preussia -1.41 P30 slurry 

control  
Ascomycota Exophiala 4.06 P30 grazed 

control  
Ascomycota unidentified_3138 -1.36 P30 slurry 

control  
Ascomycota Ophiosphaerella 1.11 P30 grazed 

control  
Ascomycota unidentified_832 2.34 P30 grazed 

control 
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Ascomycota Pleurophragmium 1.87 P30 grazed 

control  
Ascomycota unidentified_3145 -1.73 P30 slurry 

control  
Ascomycota unidentified_5 -2.09 P30 slurry 

control  
Basidiomycota Clavaria -5.91 P30 slurry 

control  
Ascomycota Pyrenochaeta 5.00 P30 grazed 

control  
Chytridiomycota unidentified_957 1.76 P30 grazed 

control  
Ascomycota unidentified_385 7.74 P30 grazed 

control  
Ascomycota Chrysosporium -4.68 P30 slurry 

control  
Ascomycota Leohumicola -2.70 P30 slurry 

control  
Basidiomycota Tylospora -8.42 P30 slurry 

control  
Basidiomycota Parasola 3.40 P30 grazed 

control  
Ascomycota unidentified_82 -2.18 P30 slurry 

control  
Basidiomycota Slooffia 1.85 P30 grazed 

control  
Basidiomycota Cotylidia 8.78 P30 grazed 

control  
Ascomycota Microdochium -4.54 P30 slurry 

control  
Ascomycota unidentified -1.37 P30 slurry 

control 



 

 
298 

 
Ascomycota unidentified_9815 10.03 P30 grazed 

control  
Glomeromycota Claroideoglomus -1.53 P30 slurry 

control  
Ascomycota unidentified_51 9.04 P30 grazed 

control  
Ascomycota Trichoglossum 6.97 P30 grazed 

control  
Ascomycota unidentified_1321 -8.49 P30 slurry 

control  
Basidiomycota Entoloma 1.81 P30 grazed 

control  
Mucoromycota Mucor -1.25 P30 slurry 

control  
Ascomycota unidentified_4125 4.96 P30 grazed 

control  
Basidiomycota unidentified_2191 -8.42 P30 slurry 

control  
Ascomycota Lasiosphaeria -24.15 P30 slurry 

control  
Ascomycota Gremmenia -4.35 P30 slurry 

control  
Ascomycota Auxarthron 5.58 P30 grazed 

control  
Basidiomycota Cortinarius -3.82 P30 slurry 

control  
Basidiomycota unidentified_682 -5.63 P30 slurry 

control  
Basidiomycota Claudopus 7.09 P30 grazed 

control  
Chytridiomycota Rhizophydium -6.81 P30 slurry 

control 
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Ascomycota Trichophyton -6.69 P30 slurry 

control  
Rozellomycota unidentified_1345 -3.67 P30 slurry 

control  
Basidiomycota Filobasidiella -7.48 P30 slurry 

control  
Basidiomycota Auricularia 7.93 P30 grazed 

control  
Basidiomycota unidentified_4317 4.11 P30 grazed 

control  
Ascomycota unidentified_3723 7.11 P30 grazed 

control  
Ascomycota Bimuria -6.55 P30 slurry 

control  
Ascomycota Plectosphaerella -5.53 P30 slurry 

control  
Chytridiomycota unidentified_40 3.37 P30 grazed 

control  
Basidiobolomycota Basidiobolus -7.16 P30 slurry 

control  
Ascomycota Thelebolus -5.89 P30 slurry 

control  
Basidiomycota Pholiotina 8.67 P30 grazed 

control  
Ascomycota Glarea 8.81 P30 grazed 

control  
Ascomycota Dactylaria -6.20 P30 slurry 

control  
Basidiomycota unidentified_242 -7.22 P30 slurry 

control  
Chytridiomycota Coralloidiomyces -4.52 P30 slurry 

control 
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Ascomycota Coniochaeta -6.07 P30 slurry 

control  
Ascomycota Westerdykella -5.04 P30 slurry 

control  
Basidiomycota Pluteus 7.65 P30 grazed 

control  
Basidiomycota Akenomyces 8.38 P30 grazed 

control  
Glomeromycota Funneliformis -20.82 P30 slurry 

control  
Ascomycota Lipomyces 7.02 P30 grazed 

control  
Ascomycota unidentified_448 19.65 P30 grazed 

control 
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Table S82: Deseq2 analysis of P30 slurry control vs P0 slurry control. 

P30 slurry 
control vs 
P0 slurry 
control 

Phylum Genus log2FoldChange Enriched 

 
Basidiomycota Clavaria -11.55 P0 slurry 

control  
Ascomycota unidentified_6793 7.66 P30 slurry 

control  
Ascomycota Auxarthron -2.12 P0 slurry 

control  
Basidiomycota Cortinarius -3.96 P0 slurry 

control  
Ascomycota unidentified_3176 -7.36 P0 slurry 

control  
Basidiomycota Marasmius 19.80 P30 slurry 

control  
Glomeromycota Funneliformis -21.72 P0 slurry 

control 

 

 



 

 
302 

Chapter 5 supplementary materials 

Table S83: Deseq2 analysis of VH Planted vs VH Fallow. 

 

 

 

Table S84: Deseq2 analysis of H Planted vs H Fallow. 

H Planted 
vs H 
Fallow 

Phylum Genus log2FoldChange Enriched 

 
Crenarchaeota Candidatus Nitrosotalea -0.92 H Fallow  
Bacteroidota Flavobacterium 1.06 H Planted  
Proteobacteria Pseudoduganella 1.80 H Planted  
Verrucomicrobiota Diplosphaera 6.43 H Planted  
Bacteroidota Crocinitomix -7.00 H Fallow 

 

 

 

 

 

 

 

Table S85: Deseq2 analysis of L Planted vs L Fallow. 

L Planted 
vs L 
Fallow 

Phylum Genus log2FoldChange Enriched 

VH 
Planted 
vs VH 
Fallow 

Phylum Genus log2FoldChange Enriched 

 
Proteobacteria MND1 -0.39 VH Fallow  
Crenarchaeota Candidatus 

Nitrocosmicus 
0.56 VH Planted 

 
Verrucomicrobiota Lacunisphaera -0.67 VH Fallow  
Bacteroidota OLB12 -0.62 VH Fallow  
Bacteroidota Flavobacterium 0.60 VH Planted  
Verrucomicrobiota Ellin517 -0.69 VH Fallow  
Bacteroidota Crocinitomix -2.41 VH Fallow 
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Crenarchaeota Candidatus Nitrosotalea -0.93 L Fallow  
Bacteroidota Puia 0.38 L Planted  
Nitrospirota Nitrospira 0.70 L Planted  
Proteobacteria Rhodanobacter -0.67 L Fallow  
Acidobacteriota RB41 0.87 L Planted  
Acidobacteriota Luteitalea 0.85 L Planted  
Verrucomicrobiota Chthoniobacter 0.52 L Planted  
Proteobacteria Pseudoduganella 3.38 L Planted  
Bacteroidota UTBCD1 1.32 L Planted  
Proteobacteria Undibacterium 7.00 L Planted  
Proteobacteria Duganella 5.89 L Planted  
Verrucomicrobiota Diplosphaera 6.40 L Planted  
Actinobacteriota Lechevalieria -21.75 L Fallow  
Proteobacteria Massilia 6.76 L Planted  
Myxococcota Pajaroellobacter 1.35 L Planted  
Proteobacteria Methylocapsa 6.31 L Planted  
Proteobacteria AAP99 5.10 L Planted  
Bdellovibrionota Bacteriovorax 5.17 L Planted  
Planctomycetota AKYG587 5.35 L Planted 

 

 

 

 

 

 

 

 

Table S86: Deseq2 analysis of VL Planted vs VL Fallow. 

VL 
Planted 
vs VL 
Fallow 

Phylum Genus log2FoldChange Enriched 

 
Bacteroidota OLB12 0.83 VL Planted  
Fibrobacterota possible genus 04 2.05 VL Planted  
Spirochaetota Turneriella 2.93 VL Planted  
Proteobacteria Undibacterium 7.38 VL Planted  
Proteobacteria Alkanibacter 2.72 VL Planted  
Chloroflexi Thermosporothrix -1.59 VL Fallow  
Chloroflexi 1921-2 20.91 VL Planted 
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Table S87: Deseq2 analysis of H Planted vs VH Planted. 

H Planted 
vs VH 
Planted 

Phylum Genus log2FoldChange Enriched 

 
Verrucomicrobiota Candidatus Udaeobacter 0.72 H Planted  
Crenarchaeota Candidatus Nitrosotalea -4.67 VH Planted  
Bacteroidota Puia -0.54 VH Planted  
Crenarchaeota Candidatus 

Nitrocosmicus 
1.23 H Planted 

 
Proteobacteria Rhodanobacter -1.05 VH Planted  
Proteobacteria Rhodoblastus -1.27 VH Planted  
Proteobacteria Pedomicrobium 0.66 H Planted  
Verrucomicrobiota Ellin516 -1.04 VH Planted  
Acidobacteriota Candidatus Koribacter -0.83 VH Planted  
Acidobacteriota Candidatus Solibacter -0.41 VH Planted  
Chloroflexi UTCFX1 1.63 H Planted  
Acidobacteriota Bryobacter -0.78 VH Planted  
Actinobacteriota Conexibacter -0.91 VH Planted  
Bacteroidota OLB12 -0.71 VH Planted  
Myxococcota Phaselicystis -0.67 VH Planted  
Actinobacteriota Ilumatobacter 0.73 H Planted  
Acidobacteriota Acidipila -1.25 VH Planted  
Proteobacteria Ellin6055 2.15 H Planted  
Planctomycetota SH-PL14 1.14 H Planted  
Bacteroidota UTBCD1 -2.23 VH Planted  
Acidobacteriota Geothrix -2.02 VH Planted  
Bacteroidota Ohtaekwangia 1.74 H Planted  
Actinobacteriota Rhizocola 4.91 H Planted  
Acidobacteriota Stenotrophobacter 2.61 H Planted  
Planctomycetota Planctomicrobium 4.49 H Planted  
Planctomycetota AKYG587 3.34 H Planted  
Proteobacteria Bosea 5.55 H Planted  
Actinobacteriota Agromyces 5.91 H Planted  
Bacteroidota Chryseobacterium -21.57 VH Planted 

 

 

 

Table S88: Deseq2 analysis of L Planted vs VH Planted. 
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L Planted 
vs VH 
Planted 

Phylum Genus log2FoldChange Enriched 

 
Verrucomicrobiota Candidatus Udaeobacter -0.68 VH Planted  
Crenarchaeota Candidatus Nitrosotalea -7.04 VH Planted  
Bacteroidota Puia -1.03 VH Planted  
Nitrospirota Nitrospira 0.92 L Planted  
Proteobacteria MND1 0.98 L Planted  
Crenarchaeota Candidatus Nitrocosmicus 0.95 L Planted  
Planctomycetota Aquisphaera -0.70 VH Planted  
Actinobacteriota Acidothermus -1.57 VH Planted  
Proteobacteria Bradyrhizobium -0.54 VH Planted  
Actinobacteriota Conexibacter -0.75 VH Planted  
Proteobacteria Ellin6067 0.61 L Planted  
Proteobacteria Rhodanobacter -2.28 VH Planted  
Proteobacteria Rhodoblastus -1.27 VH Planted  
Proteobacteria Pedomicrobium 0.95 L Planted  
Proteobacteria Roseiarcus -1.02 VH Planted  
Acidobacteriota Holophaga -3.71 VH Planted  
Proteobacteria Acidibacter 0.47 L Planted  
Proteobacteria Sphingomonas -0.28 VH Planted  
Acidobacteriota Occallatibacter -2.62 VH Planted  
Verrucomicrobiota Ellin516 -1.54 VH Planted  
Bacteroidota OLB12 -1.74 VH Planted  
Verrucomicrobiota Lacunisphaera -0.81 VH Planted  
Bacteroidota Parafilimonas -0.85 VH Planted  
Acidobacteriota Candidatus Koribacter -1.06 VH Planted  
Acidobacteriota Candidatus Solibacter -0.68 VH Planted  
Chloroflexi UTCFX1 1.57 L Planted  
Acidobacteriota Bryobacter -1.04 VH Planted  
Proteobacteria Steroidobacter 0.89 L Planted  
Verrucomicrobiota Chthoniobacter 0.38 L Planted  
Verrucomicrobiota ADurb.Bin063-1 -0.57 VH Planted  
Actinobacteriota Ilumatobacter 1.94 L Planted  
Planctomycetota Zavarzinella -1.10 VH Planted  
Actinobacteriota Microlunatus 0.92 L Planted  
Proteobacteria Candidatus Alysiosphaera 0.81 L Planted  
Planctomycetota Gemmata -0.38 VH Planted  
Proteobacteria Rhodoplanes 1.20 L Planted  
Fibrobacterota possible genus 04 -1.17 VH Planted  
Acidobacteriota Acidipila -1.51 VH Planted  
Bacteroidota Flavobacterium 1.36 L Planted  
Proteobacteria Dongia 1.44 L Planted  
Proteobacteria Ellin6055 2.90 L Planted  
Actinobacteriota Jatrophihabitans -0.71 VH Planted 
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Bacteroidota Mucilaginibacter -3.00 VH Planted  
Proteobacteria Mesorhizobium 0.57 L Planted  
Proteobacteria Pseudorhodoplanes 2.25 L Planted  
Proteobacteria Dokdonella -1.04 VH Planted  
Spirochaetota Spirochaeta 2 -1.03 VH Planted  
Bacteroidota Aurantisolimonas 0.78 L Planted  
Myxococcota P3OB-42 1.27 L Planted  
Verrucomicrobiota Luteolibacter 1.29 L Planted  
Acidobacteriota Granulicella -3.67 VH Planted  
Bacteroidota Ferruginibacter 0.39 L Planted  
Spirochaetota Turneriella 1.17 L Planted  
Proteobacteria SWB02 0.86 L Planted  
Bacteroidota Terrimonas 1.53 L Planted  
Planctomycetota SH-PL14 3.13 L Planted  
Actinobacteriota Catenulispora -2.02 VH Planted  
Verrucomicrobiota Terrimicrobium -1.81 VH Planted  
Bacteroidota UTBCD1 -2.11 VH Planted  
Acidobacteriota Geothrix -4.11 VH Planted  
Actinobacteriota CL500-29 marine group 1.04 L Planted  
Gemmatimonadota Gemmatimonas -0.43 VH Planted  
Proteobacteria Nordella 1.84 L Planted  
Proteobacteria Altererythrobacter 2.10 L Planted  
Proteobacteria Microvirga 1.42 L Planted  
Planctomycetota Singulisphaera -0.84 VH Planted  
Bacteroidota Chryseolinea 2.39 L Planted  
Proteobacteria Leptothrix -3.28 VH Planted  
Verrucomicrobiota Oikopleura 2.99 L Planted  
Myxococcota Pajaroellobacter 1.13 L Planted  
Bacteroidota Adhaeribacter 1.37 L Planted  
Bacteroidota Ohtaekwangia 6.03 L Planted  
Firmicutes Clostridium sensu stricto 

9 
-1.32 VH Planted 

 
Bacteroidota Niastella -1.10 VH Planted  
Proteobacteria Polaromonas 4.50 L Planted  
Planctomycetota Fimbriiglobus 1.15 L Planted  
Proteobacteria Polycyclovorans 1.87 L Planted  
Verrucomicrobiota Roseimicrobium 0.58 L Planted  
Planctomycetota Schlesneria -0.98 VH Planted  
Acidobacteriota Vicinamibacter 3.91 L Planted  
Actinobacteriota Rhizocola 7.90 L Planted  
Proteobacteria Acidisoma -6.52 VH Planted  
Bacteroidota Cytophaga -1.19 VH Planted  
Actinobacteriota Microbacterium 1.29 L Planted  
Proteobacteria Tahibacter 1.35 L Planted  
Bdellovibrionota OM27 clade 3.38 L Planted 
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Acidobacteriota Paludibaculum 3.83 L Planted  
Planctomycetota Planctopirus 1.25 L Planted  
Proteobacteria Ahniella 5.32 L Planted  
Acidobacteriota Subgroup 10 1.63 L Planted  
Bacteroidota Heliimonas -3.92 VH Planted  
Proteobacteria BD1-7 clade 8.03 L Planted  
Actinobacteriota Kineosporia -6.28 VH Planted  
Proteobacteria 966-1 8.12 L Planted  
Planctomycetota Planctomicrobium 7.49 L Planted  
Myxococcota Nannocystis 8.76 L Planted  
Bacteroidota Chitinophaga -7.35 VH Planted  
Proteobacteria Parablastomonas -2.75 VH Planted  
Bacteroidota Crocinitomix 6.24 L Planted  
Proteobacteria Phyllobacterium 7.15 L Planted  
Proteobacteria Duganella -6.67 VH Planted  
Myxococcota Polyangium 7.13 L Planted  
Proteobacteria Hirschia 4.72 L Planted  
Planctomycetota AKYG587 2.05 L Planted  
Proteobacteria Amaricoccus 8.48 L Planted  
Proteobacteria Ferrovibrio 6.22 L Planted  
Proteobacteria Massilia -7.56 VH Planted  
Proteobacteria Asticcacaulis -7.76 VH Planted  
Proteobacteria Thermomonas 6.56 L Planted  
Bacteroidota Lacibacter 5.82 L Planted  
Chloroflexi Thermosporothrix -5.97 VH Planted  
Proteobacteria [Aquaspirillum] arcticum 

group 
-7.28 VH Planted 

 
Armatimonadota Chthonomonas -6.31 VH Planted  
Proteobacteria Bosea 3.68 L Planted  
Chloroflexi Herpetosiphon 6.81 L Planted  
Verrucomicrobiota ADurb.Bin118 3.91 L Planted  
Proteobacteria IS-44 5.95 L Planted  
Proteobacteria Candidatus Ovatusbacter -3.78 VH Planted  
Firmicutes Desulfosporosinus -6.00 VH Planted  
Proteobacteria Nevskia -7.12 VH Planted  
Bacteroidota Fluviicola 2.31 L Planted  
Proteobacteria Dechloromonas 5.44 L Planted  
Actinobacteriota Glycomyces 5.05 L Planted  
Proteobacteria Chitinivorax 5.84 L Planted  
Planctomycetota Rhodopirellula 6.05 L Planted  
Actinobacteriota Virgisporangium 6.73 L Planted  
Proteobacteria OM60(NOR5) clade 3.80 L Planted  
Bacteroidota Arcticibacter 5.80 L Planted 
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Table S89: Deseq2 analysis of VH Planted vs VL Planted. 

VH 
Planted 
vs VL 
Planted 

Phylum Genus log2FoldChange Enriched 

 
Crenarchaeota Candidatus Nitrosotalea 8.45 VH Planted  
Planctomycetota Pir4 lineage -1.86 VL Planted  
Bacteroidota Puia 0.42 VH Planted  
Verrucomicrobiota Candidatus 

Xiphinematobacter 
-0.93 VL Planted 

 
Nitrospirota Nitrospira -2.59 VL Planted  
Crenarchaeota Candidatus Nitrocosmicus -2.46 VL Planted  
Planctomycetota Aquisphaera 0.91 VH Planted  
Proteobacteria Reyranella -0.62 VL Planted  
Actinobacteriota Acidothermus 2.74 VH Planted  
Proteobacteria GOUTA6 -1.81 VL Planted  
Proteobacteria MND1 -4.30 VL Planted  
Verrucomicrobiota Ellin516 1.05 VH Planted  
Actinobacteriota Nocardioides -0.72 VL Planted  
Actinobacteriota Conexibacter 1.64 VH Planted  
Proteobacteria Ellin6067 -1.50 VL Planted  
Proteobacteria Rhodoblastus 1.17 VH Planted  
Acidobacteriota RB41 -2.34 VL Planted  
Proteobacteria Pedomicrobium -2.96 VL Planted  
Actinobacteriota Streptomyces -1.29 VL Planted  
Proteobacteria Roseiarcus 1.66 VH Planted  
Acidobacteriota Holophaga 6.27 VH Planted  
Acidobacteriota Occallatibacter 3.20 VH Planted  
Actinobacteriota Iamia 0.37 VH Planted  
Proteobacteria Rhodanobacter 3.32 VH Planted  
Planctomycetota Gemmata 0.66 VH Planted  
Bacteroidota Parafilimonas -1.00 VL Planted  
Acidobacteriota Luteitalea -2.83 VL Planted  
Proteobacteria mle1-7 -2.26 VL Planted  
Acidobacteriota Candidatus Koribacter 0.73 VH Planted  
Planctomycetota Pirellula -1.82 VL Planted  
Proteobacteria Arenimonas -4.25 VL Planted  
Bacteroidota OLB12 1.51 VH Planted  
Myxococcota Haliangium -0.92 VL Planted  
Chloroflexi UTCFX1 -7.72 VL Planted  
Acidobacteriota Bryobacter 0.82 VH Planted  
Proteobacteria Acidibacter -3.17 VL Planted  
Actinobacteriota Actinocorallia -2.29 VL Planted  
Acidobacteriota Candidatus Solibacter 0.40 VH Planted  
Proteobacteria Steroidobacter -2.10 VL Planted 
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Proteobacteria Bauldia -1.68 VL Planted  
Verrucomicrobiota Chthoniobacter -1.91 VL Planted  
Actinobacteriota Ilumatobacter -6.14 VL Planted  
Planctomycetota Zavarzinella 1.23 VH Planted  
Planctomycetota Candidatus Nostocoida 1.50 VH Planted  
Actinobacteriota Microlunatus -2.71 VL Planted  
Proteobacteria Candidatus Alysiosphaera -3.14 VL Planted  
Proteobacteria Rhodoplanes -4.56 VL Planted  
Acidobacteriota Granulicella 5.74 VH Planted  
Actinobacteriota Terrabacter 1.22 VH Planted  
Acidobacteriota Acidipila 1.44 VH Planted  
Proteobacteria Ellin6055 -4.96 VL Planted  
Planctomycetota Schlesneria 1.38 VH Planted  
Actinobacteriota Jatrophihabitans 0.83 VH Planted  
Actinobacteriota Solirubrobacter -2.19 VL Planted  
Proteobacteria Mesorhizobium -2.85 VL Planted  
Proteobacteria Pseudorhodoplanes -9.49 VL Planted  
Proteobacteria Pseudoduganella -4.76 VL Planted  
Actinobacteriota Pseudonocardia -0.86 VL Planted  
Proteobacteria Dokdonella 1.11 VH Planted  
Proteobacteria Dongia -2.55 VL Planted  
Verrucomicrobiota Opitutus -1.17 VL Planted  
Proteobacteria Acidicaldus 4.43 VH Planted  
Desulfobacterota Geobacter -3.87 VL Planted  
Bacteroidota Flavobacterium -3.92 VL Planted  
Verrucomicrobiota Ellin517 -5.03 VL Planted  
Firmicutes Bacillus 1.20 VH Planted  
Bacteroidota Aurantisolimonas -4.41 VL Planted  
Myxococcota P3OB-42 -2.42 VL Planted  
Verrucomicrobiota Luteolibacter -3.63 VL Planted  
Bacteroidota Mucilaginibacter 3.95 VH Planted  
Spirochaetota Turneriella -2.23 VL Planted  
Proteobacteria SWB02 -4.33 VL Planted  
Bacteroidota Terrimonas -6.38 VL Planted  
Planctomycetota SH-PL14 -5.92 VL Planted  
Myxococcota Anaeromyxobacter -1.37 VL Planted  
Firmicutes Lysinibacillus 0.87 VH Planted  
Actinobacteriota Catenulispora 3.51 VH Planted  
Proteobacteria Defluviicoccus -2.20 VL Planted  
Actinobacteriota Blastococcus 0.96 VH Planted  
Bacteroidota Ferruginibacter -2.58 VL Planted  
Proteobacteria Nordella -8.83 VL Planted  
Proteobacteria Altererythrobacter -2.84 VL Planted  
Actinobacteriota Dactylosporangium -1.82 VL Planted 
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Proteobacteria Microvirga -9.07 VL Planted  
Bacteroidota Chryseolinea -9.24 VL Planted  
Proteobacteria Aquicella 1.07 VH Planted  
Proteobacteria Burkholderia-

Caballeronia-
Paraburkholderia 

5.36 VH Planted 

 
Actinobacteriota Streptacidiphilus 8.79 VH Planted  
Verrucomicrobiota Roseimicrobium -3.43 VL Planted  
Planctomycetota Singulisphaera 1.24 VH Planted  
Firmicutes Ammoniphilus 1.89 VH Planted  
Verrucomicrobiota Oikopleura -8.64 VL Planted  
Myxococcota Pajaroellobacter -1.78 VL Planted  
Proteobacteria Labrys -2.16 VL Planted  
Bacteroidota Ohtaekwangia -10.27 VL Planted  
Planctomycetota Planctopirus -4.02 VL Planted  
Actinobacteriota CL500-29 marine group -4.56 VL Planted  
Proteobacteria Polaromonas -8.05 VL Planted  
Proteobacteria Polycyclovorans -6.28 VL Planted  
Cyanobacteria Nostoc PCC-73102 -2.01 VL Planted  
Acidobacteriota Vicinamibacter -7.75 VL Planted  
Actinobacteriota Rhizocola -7.52 VL Planted  
Proteobacteria Acidisoma 8.44 VH Planted  
Acidobacteriota JGI 0001001-H03 -1.98 VL Planted  
Acidobacteriota Stenotrophobacter -8.59 VL Planted  
Proteobacteria Tahibacter -6.99 VL Planted  
Bdellovibrionota OM27 clade -9.43 VL Planted  
Acidobacteriota Paludibaculum -7.51 VL Planted  
Planctomycetota SM1A02 -2.69 VL Planted  
Proteobacteria Ahniella -8.44 VL Planted  
Actinobacteriota Nonomuraea -6.39 VL Planted  
Proteobacteria BD1-7 clade -7.66 VL Planted  
Actinobacteriota Actinospica 7.65 VH Planted  
Acidobacteriota Subgroup 10 -3.12 VL Planted  
Actinobacteriota Kineosporia 6.66 VH Planted  
Abditibacteriota Abditibacterium 1.20 VH Planted  
Proteobacteria Alkanibacter 4.08 VH Planted  
Chloroflexi Ktedonobacter 3.29 VH Planted  
Bacteroidota Dinghuibacter -6.83 VL Planted  
Proteobacteria 966-1 -7.74 VL Planted  
Planctomycetota Fimbriiglobus -4.45 VL Planted  
Proteobacteria Pseudorhodobacter -6.20 VL Planted  
Bacteroidota Solitalea -6.60 VL Planted  
Firmicutes Psychrobacillus 7.07 VH Planted  
Bacteroidota Adhaeribacter -2.97 VL Planted  
Planctomycetota Planctomicrobium -7.11 VL Planted 
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Myxococcota Nannocystis -8.38 VL Planted  
Planctomycetota Tundrisphaera 2.08 VH Planted  
Proteobacteria Rudaea 7.78 VH Planted  
Bacteroidota Crocinitomix -5.85 VL Planted  
Proteobacteria Nevskia 6.80 VH Planted  
Bacteroidota Heliimonas 4.33 VH Planted  
Verrucomicrobiota DEV008 -4.55 VL Planted  
Proteobacteria Phyllobacterium -6.77 VL Planted  
Bdellovibrionota Oligoflexus -6.14 VL Planted  
Proteobacteria Asticcacaulis 7.94 VH Planted  
Proteobacteria Duganella 7.10 VH Planted  
Myxococcota Polyangium -6.75 VL Planted  
Proteobacteria Hirschia -5.36 VL Planted  
Planctomycetota CL500-3 -6.23 VL Planted  
Verrucomicrobiota Diplosphaera -5.56 VL Planted  
Planctomycetota AKYG587 -5.66 VL Planted  
Myxococcota Sandaracinus -2.20 VL Planted  
Proteobacteria Novosphingobium -7.34 VL Planted  
Proteobacteria JTB255 marine benthic 

group 
-6.34 VL Planted 

 
Armatimonadota Armatimonas -6.09 VL Planted  
Proteobacteria Amaricoccus -8.10 VL Planted  
Proteobacteria Ferrovibrio -5.84 VL Planted  
Sumerlaeota Sumerlaea -2.79 VL Planted  
Proteobacteria Sulfurifustis -3.16 VL Planted  
Verrucomicrobiota SH3-11 -6.59 VL Planted  
Chloroflexi 1921-2 20.56 VH Planted  
Proteobacteria Thermomonas -6.17 VL Planted  
Chloroflexi Litorilinea -5.39 VL Planted  
Bacteroidota Lacibacter -5.44 VL Planted  
Proteobacteria Candidatus 

Endoecteinascidia 
5.97 VH Planted 

 
Firmicutes Clostridium sensu stricto 

12 
6.28 VH Planted 

 
Armatimonadota Chthonomonas 5.92 VH Planted  
Proteobacteria Bosea -5.90 VL Planted  
Chloroflexi Herpetosiphon -6.44 VL Planted  
Actinobacteriota Geodermatophilus -5.51 VL Planted  
Myxococcota Vulgatibacter -6.78 VL Planted  
Verrucomicrobiota ADurb.Bin118 -5.71 VL Planted  
Proteobacteria IS-44 -5.57 VL Planted  
Actinobacteriota Agromyces -6.26 VL Planted  
Actinobacteriota Kitasatospora 6.66 VH Planted  
Bacteroidota Fluviicola -3.39 VL Planted 
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Verrucomicrobiota FukuN18 freshwater 

group 
7.38 VH Planted 

 
Proteobacteria Acidiphilium 5.63 VH Planted  
Chloroflexi Thermosporothrix 7.88 VH Planted  
Proteobacteria PMMR1 6.29 VH Planted  
Proteobacteria Candidatus Ovatusbacter 4.36 VH Planted  
Bdellovibrionota Bacteriovorax -6.14 VL Planted  
Bacteroidota Chitinophaga 6.90 VH Planted  
Proteobacteria Inquilinus 6.21 VH Planted  
Proteobacteria Chitinivorax -5.47 VL Planted  
Firmicutes Clostridium sensu stricto 

10 
5.98 VH Planted 

 
Planctomycetota Rhodopirellula -5.67 VL Planted  
Actinobacteriota Virgisporangium -6.35 VL Planted  
Proteobacteria OM60(NOR5) clade -5.61 VL Planted  
Bacteroidota Arcticibacter -5.43 VL Planted 

 

 

Table S90: Deseq2 analysis of L Planted vs H Planted. 

L Planted 
vs H 
Planted 

Phylum Genus log2FoldChange Enriched 

 
Crenarchaeota Candidatus Nitrosotalea 2.42 L Planted  
Bacteroidota Puia 0.53 L Planted  
Nitrospirota Nitrospira -0.56 H Planted  
Verrucomicrobiota Ellin516 0.55 L Planted  
Proteobacteria Rhodanobacter 1.28 L Planted  
Acidobacteriota Holophaga 9.14 L Planted  
Acidobacteriota Occallatibacter 1.77 L Planted 

      
Bacteroidota OLB12 1.08 L Planted  
Verrucomicrobiota Lacunisphaera 0.98 L Planted  
Bacteroidota Parafilimonas 0.59 L Planted  
Myxococcota Phaselicystis -0.52 H Planted  
Actinobacteriota Ilumatobacter -1.17 H Planted  
Bacteroidota Flavobacterium -1.24 H Planted  
Proteobacteria Dongia -1.15 H Planted  
Bacteroidota Mucilaginibacter 1.96 L Planted  
Proteobacteria Pseudorhodoplanes -1.54 H Planted  
Proteobacteria Dokdonella 0.95 L Planted  
Acidobacteriota Granulicella 4.05 L Planted  
Acidobacteriota Geothrix 2.15 L Planted  
Proteobacteria Altererythrobacter -1.41 H Planted 



 

 
313 

 
Proteobacteria Leptothrix 3.99 L Planted  
Proteobacteria Burkholderia-

Caballeronia-
Paraburkholderia 

5.74 L Planted 

 
Planctomycetota SH-PL14 -1.93 H Planted  
Bacteroidota Ohtaekwangia -4.33 H Planted  
Myxococcota Sandaracinus 1.03 L Planted  
Proteobacteria Acidisoma 5.70 L Planted  
Acidobacteriota Paludibaculum -2.92 H Planted  
Proteobacteria Hirschia -4.05 H Planted  
Bacteroidota Heliimonas 7.17 L Planted  
Proteobacteria Duganella 5.87 L Planted  
Myxococcota Nannocystis -7.21 H Planted  
Bdellovibrionota OM27 clade -2.14 H Planted  
Proteobacteria Massilia 6.76 L Planted  
Bacteroidota Flavisolibacter 5.49 L Planted  
Proteobacteria [Aquaspirillum] arcticum 

group 
6.48 L Planted 

 
Proteobacteria BD1-7 clade -6.90 H Planted  
Chloroflexi HSB OF53-F07 6.38 L Planted  
Proteobacteria Nevskia 6.32 L Planted  
Bacteroidota Chryseobacterium -21.86 H Planted  
Proteobacteria Chitinimonas -5.70 H Planted  
Bdellovibrionota Peredibacter -5.73 H Planted 

 

 

Table S91: Deseq2 analysis of H Planted vs VL Planted. 

H Planted 
vs VL 
Planted 

Phylum Genus log2FoldChange Enriched 

 
Verrucomicrobiota Candidatus Udaeobacter -0.35 VL Planted  
Crenarchaeota Candidatus Nitrosotalea 4.10 H Planted  
Planctomycetota Pir4 lineage -1.27 VL Planted  
Verrucomicrobiota Candidatus 

Xiphinematobacter 
-0.62 VL Planted 

 
Nitrospirota Nitrospira -1.97 VL Planted  
Proteobacteria MND1 -3.55 VL Planted  
Planctomycetota Aquisphaera 0.76 H Planted  
Actinobacteriota Acidothermus 2.20 H Planted  
Proteobacteria GOUTA6 -1.77 VL Planted  
Actinobacteriota Conexibacter 1.06 H Planted  
Proteobacteria Ellin6067 -0.80 VL Planted  
Acidobacteriota RB41 -2.33 VL Planted  
Proteobacteria Pedomicrobium -1.98 VL Planted 
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Actinobacteriota Streptomyces -1.15 VL Planted  
Proteobacteria Roseiarcus 1.19 H Planted  
Acidobacteriota Holophaga 11.95 H Planted  
Proteobacteria Acidibacter -2.50 VL Planted  
Acidobacteriota Occallatibacter 2.60 H Planted  
Proteobacteria Rhodanobacter 2.58 H Planted  
Planctomycetota Gemmata 1.18 H Planted  
Bacteroidota Parafilimonas -1.02 VL Planted  
Proteobacteria Arenimonas -4.02 VL Planted  
Acidobacteriota Luteitalea -2.97 VL Planted  
Proteobacteria mle1-7 -1.62 VL Planted  
Planctomycetota Pirellula -1.40 VL Planted  
Bacteroidota OLB12 1.09 H Planted  
Myxococcota Haliangium -0.82 VL Planted  
Chloroflexi UTCFX1 -5.71 VL Planted  
Actinobacteriota Actinocorallia -1.94 VL Planted  
Proteobacteria Bauldia -1.51 VL Planted  
Verrucomicrobiota Chthoniobacter -1.43 VL Planted  
Crenarchaeota Candidatus Nitrocosmicus -0.91 VL Planted  
Actinobacteriota Ilumatobacter -5.14 VL Planted  
Planctomycetota Candidatus Nostocoida 0.92 H Planted  
Actinobacteriota Microlunatus -2.14 VL Planted  
Proteobacteria Candidatus Alysiosphaera -2.33 VL Planted  
Proteobacteria Rhodoplanes -3.48 VL Planted  
Acidobacteriota Granulicella 6.30 H Planted  
Actinobacteriota Terrabacter 1.24 H Planted  
Proteobacteria Ellin6055 -2.59 VL Planted  
Planctomycetota Schlesneria 1.25 H Planted  
Actinobacteriota Jatrophihabitans 0.98 H Planted  
Actinobacteriota Solirubrobacter -1.66 VL Planted  
Proteobacteria Mesorhizobium -2.86 VL Planted  
Proteobacteria Pseudorhodoplanes -8.50 VL Planted  
Proteobacteria Pseudoduganella -4.30 VL Planted  
Desulfobacterota Geobacter -3.66 VL Planted  
Proteobacteria Dokdonella 1.27 H Planted  
Verrucomicrobiota Opitutus -0.77 VL Planted  
Proteobacteria Acidicaldus 4.53 H Planted  
Bacteroidota Flavobacterium -3.53 VL Planted  
Bacteroidota Aurantisolimonas -3.71 VL Planted  
Verrucomicrobiota Luteolibacter -2.86 VL Planted  
Verrucomicrobiota Ellin517 -4.78 VL Planted  
Bacteroidota Mucilaginibacter 3.15 H Planted  
Bacteroidota Ferruginibacter -2.29 VL Planted  
Spirochaetota Turneriella -1.47 VL Planted 
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Proteobacteria SWB02 -3.64 VL Planted  
Actinobacteriota Catenulispora 4.10 H Planted  
Bacteroidota UTBCD1 -4.12 VL Planted  
Proteobacteria Defluviicoccus -1.75 VL Planted  
Actinobacteriota CL500-29 marine group -3.11 VL Planted  
Proteobacteria Nordella -7.52 VL Planted  
Proteobacteria Nitrosospira -2.87 VL Planted  
Bacteroidota Terrimonas -5.32 VL Planted  
Proteobacteria Altererythrobacter -1.83 VL Planted  
Actinobacteriota Dactylosporangium -1.70 VL Planted  
Proteobacteria Microvirga -8.31 VL Planted  
Proteobacteria Dongia -2.03 VL Planted  
Proteobacteria Aquicella 1.12 H Planted  
Proteobacteria Leptothrix 4.14 H Planted  
Proteobacteria Burkholderia-

Caballeronia-
Paraburkholderia 

9.23 H Planted 

 
Proteobacteria alphaI cluster -2.92 VL Planted  
Actinobacteriota Streptacidiphilus 8.22 H Planted  
Planctomycetota Singulisphaera 1.21 H Planted  
Firmicutes Ammoniphilus 2.33 H Planted  
Verrucomicrobiota Oikopleura -7.38 VL Planted  
Planctomycetota SH-PL14 -4.52 VL Planted  
Proteobacteria Noviherbaspirillum -3.33 VL Planted  
Proteobacteria Labrys -1.70 VL Planted  
Bacteroidota Adhaeribacter -1.70 VL Planted  
Bacteroidota Ohtaekwangia -8.24 VL Planted  
Planctomycetota Planctopirus -3.18 VL Planted  
Proteobacteria Polaromonas -6.61 VL Planted  
Planctomycetota SM1A02 -2.21 VL Planted  
Planctomycetota Fimbriiglobus -3.32 VL Planted  
Bacteroidota Chryseolinea -7.27 VL Planted  
Acidobacteriota Vicinamibacter -5.43 VL Planted  
Proteobacteria Acidisoma 7.92 H Planted  
Myxococcota Pajaroellobacter -1.27 VL Planted  
Acidobacteriota Stenotrophobacter -5.68 VL Planted  
Proteobacteria Tahibacter -6.75 VL Planted  
Verrucomicrobiota Roseimicrobium -3.15 VL Planted  
Acidobacteriota Paludibaculum -6.31 VL Planted  
Proteobacteria Hirschia -4.48 VL Planted  
Chloroflexi Litorilinea -4.95 VL Planted  
Actinobacteriota Actinospica 7.10 H Planted  
Acidobacteriota Subgroup 10 -1.60 VL Planted  
Abditibacteriota Abditibacterium 1.98 H Planted  
Proteobacteria Polycyclovorans -5.19 VL Planted 
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Proteobacteria Alkanibacter 2.17 H Planted  
Bacteroidota Dinghuibacter -5.86 VL Planted  
Bacteroidota Solitalea -5.50 VL Planted  
Firmicutes Psychrobacillus 6.50 H Planted  
Proteobacteria Rudaea 7.25 H Planted  
Proteobacteria Nevskia 6.22 H Planted  
Bacteroidota Heliimonas 7.80 H Planted  
Bdellovibrionota Oligoflexus -5.81 VL Planted  
Acidobacteriota Terracidiphilus 5.86 H Planted  
Proteobacteria Duganella 6.54 H Planted  
Planctomycetota CL500-3 -5.56 VL Planted  
Verrucomicrobiota Diplosphaera -6.79 VL Planted  
Myxococcota Vulgatibacter -6.11 VL Planted  
Myxococcota Nannocystis -6.57 VL Planted  
Proteobacteria Novosphingobium -6.23 VL Planted  
Proteobacteria Sulfurifustis -3.23 VL Planted  
Chloroflexi 1921-2 20.49 H Planted  
Proteobacteria Ahniella -6.03 VL Planted  
Proteobacteria Candidatus 

Endoecteinascidia 
5.38 H Planted 

 
Proteobacteria BD1-7 clade -6.25 VL Planted  
Actinobacteriota Kitasatospora 6.08 H Planted  
Actinobacteriota Nonomuraea -6.23 VL Planted  
Bdellovibrionota OM27 clade -7.92 VL Planted  
Verrucomicrobiota FukuN18 freshwater 

group 
6.79 H Planted 

 
Chloroflexi Thermosporothrix 4.31 H Planted  
Chloroflexi HSB OF53-F07 6.37 H Planted  
Proteobacteria PMMR1 5.71 H Planted  
Verrucomicrobiota SH3-11 -5.83 VL Planted  
Proteobacteria Inquilinus 5.63 H Planted  
Firmicutes Clostridium sensu stricto 

10 
5.41 H Planted 

 

 

 

 

 

 

Table S92: Deseq2 analysis of L Planted vs VL Planted. 
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L Planted 
vs VL 
Planted 

Phylum Genus log2FoldChange Enriched 

 
Crenarchaeota Candidatus Nitrosotalea 1.74 L Planted  
Planctomycetota Pir4 lineage -1.33 VL Planted  
Nitrospirota Nitrospira -1.36 VL Planted  
Crenarchaeota Candidatus Nitrocosmicus -1.19 VL Planted  
Planctomycetota Aquisphaera 0.51 L Planted  
Actinobacteriota Acidothermus 1.49 L Planted  
Proteobacteria GOUTA6 -1.78 VL Planted  
Proteobacteria MND1 -3.01 VL Planted  
Actinobacteriota Conexibacter 1.22 L Planted  
Proteobacteria Ellin6067 -0.57 VL Planted  
Proteobacteria Rhodanobacter 1.37 L Planted  
Acidobacteriota RB41 -2.12 VL Planted  
Proteobacteria Pedomicrobium -1.67 VL Planted  
Actinobacteriota Streptomyces -0.65 VL Planted  
Proteobacteria Roseiarcus 0.96 L Planted  
Acidobacteriota Holophaga 2.90 L Planted  
Proteobacteria Acidibacter -2.38 VL Planted  
Acidobacteriota Occallatibacter 0.90 L Planted  
Planctomycetota Gemmata 0.60 L Planted  
Verrucomicrobiota Lacunisphaera -1.00 VL Planted  
Bacteroidota Parafilimonas -1.54 VL Planted  
Proteobacteria Arenimonas -3.93 VL Planted  
Acidobacteriota Luteitalea -2.53 VL Planted  
Proteobacteria mle1-7 -1.52 VL Planted  
Planctomycetota Pirellula -1.30 VL Planted  
Myxococcota Haliangium -0.66 VL Planted  
Chloroflexi UTCFX1 -5.78 VL Planted  
Actinobacteriota Actinocorallia -1.73 VL Planted  
Proteobacteria Bauldia -1.39 VL Planted  
Actinobacteriota Ilumatobacter -3.95 VL Planted  
Planctomycetota Candidatus Nostocoida 1.20 L Planted  
Actinobacteriota Microlunatus -1.49 VL Planted  
Proteobacteria Candidatus Alysiosphaera -2.07 VL Planted  
Proteobacteria Rhodoplanes -3.07 VL Planted  
Acidobacteriota Granulicella 2.42 L Planted  
Bacteroidota Flavobacterium -2.25 VL Planted  
Planctomycetota Schlesneria 0.73 L Planted  
Bacteroidota Mucilaginibacter 1.27 L Planted  
Actinobacteriota Solirubrobacter -1.69 VL Planted  
Proteobacteria Mesorhizobium -1.98 VL Planted  
Proteobacteria Pseudorhodoplanes -6.91 VL Planted  
Proteobacteria Pseudoduganella -4.98 VL Planted 
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Desulfobacterota Geobacter -3.29 VL Planted  
Verrucomicrobiota Opitutus -1.13 VL Planted  
Proteobacteria Acidicaldus 2.12 L Planted  
Verrucomicrobiota ADurb.Bin063-1 -0.60 VL Planted  
Verrucomicrobiota Luteolibacter -2.06 VL Planted  
Verrucomicrobiota Ellin517 -4.58 VL Planted  
Proteobacteria SWB02 -3.18 VL Planted  
Myxococcota Anaeromyxobacter -1.14 VL Planted  
Actinobacteriota Catenulispora 1.82 L Planted  
Bacteroidota UTBCD1 -3.98 VL Planted  
Acidobacteriota Geothrix -2.08 VL Planted  
Actinobacteriota CL500-29 marine group -3.22 VL Planted  
Proteobacteria Microvirga -7.35 VL Planted  
Bacteroidota Terrimonas -4.59 VL Planted  
Proteobacteria Dongia -0.81 VL Planted  
Planctomycetota Singulisphaera 0.72 L Planted  
Proteobacteria Aquicella 1.26 L Planted  
Proteobacteria Burkholderia-

Caballeronia-
Paraburkholderia 

3.51 L Planted 

 
Actinobacteriota Streptacidiphilus 3.53 L Planted  
Verrucomicrobiota Chthoniobacter -1.21 VL Planted  
Firmicutes Ammoniphilus 1.40 L Planted  
Proteobacteria Labrys -1.70 VL Planted  
Bacteroidota Aurantisolimonas -3.33 VL Planted  
Planctomycetota SM1A02 -1.67 VL Planted  
Planctomycetota Fimbriiglobus -2.97 VL Planted  
Verrucomicrobiota Roseimicrobium -2.57 VL Planted  
Bacteroidota Chryseolinea -6.52 VL Planted  
Myxococcota Sandaracinus -2.27 VL Planted  
Bacteroidota Ferruginibacter -1.87 VL Planted  
Bacteroidota Niastella -1.63 VL Planted  
Proteobacteria Acidisoma 2.24 L Planted  
Acidobacteriota JGI 0001001-H03 -2.54 VL Planted  
Proteobacteria Tahibacter -5.33 VL Planted  
Planctomycetota Planctopirus -2.44 VL Planted  
Chloroflexi Litorilinea -4.90 VL Planted  
Proteobacteria Nordella -6.64 VL Planted  
Actinobacteriota Actinospica 7.85 L Planted  
Abditibacteriota Abditibacterium 1.23 L Planted  
Proteobacteria Polycyclovorans -4.07 VL Planted  
Proteobacteria Alkanibacter 1.96 L Planted  
Bacteroidota Dinghuibacter -5.27 VL Planted  
Proteobacteria Candidatus 

Paracaedibacter 
4.67 L Planted 
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Proteobacteria Parablastomonas -7.10 VL Planted  
Proteobacteria Rudaea 2.94 L Planted  
Planctomycetota CL500-3 -4.93 VL Planted  
Verrucomicrobiota Diplosphaera -6.37 VL Planted  
Proteobacteria JTB255 marine benthic 

group 
-4.93 VL Planted 

 
Bdellovibrionota OM27 clade -5.72 VL Planted  
Chloroflexi 1921-2 21.26 L Planted  
Verrucomicrobiota DEV008 -3.32 VL Planted  
Proteobacteria [Aquaspirillum] arcticum 

group 
-6.46 VL Planted 

 
Proteobacteria AAP99 -5.07 VL Planted  
Verrucomicrobiota Oikopleura -5.39 VL Planted  
Actinobacteriota Kitasatospora 6.84 L Planted  
Actinobacteriota Nonomuraea -6.16 VL Planted  
Verrucomicrobiota FukuN18 freshwater group 4.04 L Planted  
Chloroflexi Thermosporothrix 2.21 L Planted  
Proteobacteria PMMR1 6.47 L Planted  
Verrucomicrobiota SH3-11 -5.11 VL Planted  
Proteobacteria Caedibacter 6.25 L Planted  
Bdellovibrionota Bacteriovorax -5.13 VL Planted 

 

 

 

 

 

 

 

 

 

 

 

Table S93: Deseq2 analysis of H Fallow vs VH Fallow. 

H Fallow 
vs VH 
Fallow 

Phylum Genus log2FoldChange Enriched 

 
Verrucomicrobiota Candidatus Udaeobacter -0.79 VH Fallow  
Crenarchaeota Candidatus Nitrosotalea -4.64 VH Fallow 
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Planctomycetota Pir4 lineage 0.37 H Fallow  
Bacteroidota Puia -1.02 VH Fallow  
Nitrospirota Nitrospira 0.51 H Fallow  
Proteobacteria MND1 0.68 H Fallow  
Crenarchaeota Candidatus Nitrocosmicus 1.06 H Fallow  
Proteobacteria Rhodomicrobium -0.58 VH Fallow  
Actinobacteriota Acidothermus -1.01 VH Fallow  
Actinobacteriota Conexibacter -0.72 VH Fallow  
Proteobacteria Rhodanobacter -1.15 VH Fallow  
Proteobacteria Rhodoblastus -1.11 VH Fallow  
Proteobacteria Pedomicrobium 0.72 H Fallow  
Proteobacteria Roseiarcus -1.06 VH Fallow  
Acidobacteriota Occallatibacter -1.27 VH Fallow  
Verrucomicrobiota Ellin516 -1.12 VH Fallow  
Bacteroidota Parafilimonas -0.57 VH Fallow  
Acidobacteriota Candidatus Solibacter -0.48 VH Fallow  
Chloroflexi UTCFX1 1.45 H Fallow  
Acidobacteriota Bryobacter -0.58 VH Fallow  
Bacteroidota OLB12 -0.63 VH Fallow  
Proteobacteria Steroidobacter 0.73 H Fallow  
Verrucomicrobiota ADurb.Bin063-1 -0.51 VH Fallow  
Bacteroidota Flavobacterium 0.50 H Fallow  
Actinobacteriota Ilumatobacter 0.80 H Fallow  
Proteobacteria Ellin6055 1.97 H Fallow  
Proteobacteria Pseudorhodoplanes 0.76 H Fallow  
Proteobacteria Pseudoduganella 1.32 H Fallow  
Proteobacteria SWB02 0.91 H Fallow  
Bacteroidota Terrimonas 1.24 H Fallow  
Planctomycetota SH-PL14 1.51 H Fallow  
Bacteroidota UTBCD1 -1.81 VH Fallow  
Myxococcota Nannocystis 3.87 H Fallow  
Acidobacteriota Geothrix -1.84 VH Fallow  
Proteobacteria Nordella 1.85 H Fallow  
Proteobacteria Altererythrobacter 1.01 H Fallow  
Proteobacteria Microvirga 0.84 H Fallow  
Bacteroidota Chryseolinea 1.99 H Fallow  
Bacteroidota Ohtaekwangia 2.11 H Fallow  
Acidobacteriota Vicinamibacter 2.41 H Fallow  
Actinobacteriota Rhizocola 7.30 H Fallow  
Acidobacteriota Stenotrophobacter 3.69 H Fallow  
Bdellovibrionota OM27 clade 1.68 H Fallow  
Proteobacteria Hirschia 2.35 H Fallow  
Proteobacteria Ahniella 2.09 H Fallow  
Actinobacteriota Kineosporia -6.81 VH Fallow 
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Acidobacteriota Subgroup 10 2.11 H Fallow  
Proteobacteria 966-1 2.67 H Fallow  
Planctomycetota Planctomicrobium 4.42 H Fallow  
Myxococcota Polyangium 5.72 H Fallow  
Actinobacteriota Lechevalieria 6.25 H Fallow  
Planctomycetota AKYG587 1.72 H Fallow  
Proteobacteria Amaricoccus 4.32 H Fallow  
Proteobacteria Ferrovibrio 5.83 H Fallow  
Bacteroidota Flavitalea 6.20 H Fallow  
Chloroflexi Herpetosiphon 2.63 H Fallow  
Proteobacteria OM60(NOR5) clade 5.09 H Fallow  
Proteobacteria Flavimaricola 4.55 H Fallow  
Planctomycetota Rhodopirellula 5.16 H Fallow 

 

 

Table S94: Deseq2 analysis of L Fallow vs VH Fallow. 

L Fallow 
vs VH 
Fallow 

Phylum Genus log2FoldChange Enriched 

 
Verrucomicrobiota Candidatus Udaeobacter -0.72 VH Fallow  
Crenarchaeota Candidatus Nitrosotalea -6.95 VH Fallow  
Proteobacteria Pseudolabrys -0.31 VH Fallow  
Actinobacteriota Gaiella -0.42 VH Fallow  
Planctomycetota Pir4 lineage 0.38 L Fallow  
Bacteroidota Puia -0.97 VH Fallow  
Verrucomicrobiota Candidatus 

Xiphinematobacter 
0.41 L Fallow 

 
Nitrospirota Nitrospira 1.59 L Fallow  
Actinobacteriota Mycobacterium -0.57 VH Fallow  
Proteobacteria MND1 1.74 L Fallow  
Planctomycetota Aquisphaera -0.82 VH Fallow  
Actinobacteriota Acidothermus -1.79 VH Fallow  
Proteobacteria Bradyrhizobium -0.57 VH Fallow  
Actinobacteriota Nocardioides -0.50 VH Fallow  
Actinobacteriota Conexibacter -1.05 VH Fallow  
Proteobacteria Ellin6067 0.73 L Fallow  
Proteobacteria Rhodanobacter -3.02 VH Fallow  
Proteobacteria Rhodoblastus -1.35 VH Fallow  
Acidobacteriota RB41 0.96 L Fallow  
Proteobacteria Pedomicrobium 1.07 L Fallow  
Proteobacteria Roseiarcus -1.48 VH Fallow  
Acidobacteriota Holophaga -6.29 VH Fallow  
Acidobacteriota Occallatibacter -3.31 VH Fallow 
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Verrucomicrobiota Ellin516 -1.33 VH Fallow  
Bacteroidota OLB12 -1.67 VH Fallow  
Bacteroidota Parafilimonas -0.88 VH Fallow  
Acidobacteriota Luteitalea 1.18 L Fallow  
Proteobacteria mle1-7 0.79 L Fallow  
Acidobacteriota Candidatus Koribacter -0.85 VH Fallow  
Chloroflexi UTCFX1 2.46 L Fallow  
Acidobacteriota Bryobacter -0.76 VH Fallow  
Proteobacteria Acidibacter 0.74 L Fallow  
Proteobacteria Steroidobacter 1.07 L Fallow  
Proteobacteria Bauldia 0.54 L Fallow  
Verrucomicrobiota Chthoniobacter 0.86 L Fallow  
Bacteroidota Flavobacterium 1.34 L Fallow  
Actinobacteriota Ilumatobacter 1.61 L Fallow  
Planctomycetota Zavarzinella -1.43 VH Fallow  
Planctomycetota Candidatus Nostocoida -1.39 VH Fallow  
Planctomycetota Gemmata -0.65 VH Fallow  
Proteobacteria Rhodoplanes 1.50 L Fallow  
Acidobacteriota Granulicella -4.48 VH Fallow  
Actinobacteriota Terrabacter -1.37 VH Fallow  
Acidobacteriota Acidipila -1.59 VH Fallow  
Proteobacteria Dongia 1.93 L Fallow  
Proteobacteria Ellin6055 2.50 L Fallow  
Actinobacteriota Jatrophihabitans -0.80 VH Fallow  
Bacteroidota Mucilaginibacter -2.15 VH Fallow  
Bdellovibrionota Bdellovibrio 0.88 L Fallow  
Proteobacteria Mesorhizobium 1.03 L Fallow  
Proteobacteria Pseudorhodoplanes 2.61 L Fallow  
Proteobacteria Pseudoduganella 2.30 L Fallow  
Desulfobacterota Geobacter 1.40 L Fallow  
Proteobacteria Dokdonella -1.18 VH Fallow  
Spirochaetota Spirochaeta 2 -0.88 VH Fallow  
Verrucomicrobiota Ellin517 1.85 L Fallow  
Myxococcota P3OB-42 0.91 L Fallow  
Verrucomicrobiota Luteolibacter 1.63 L Fallow  
Spirochaetota Turneriella 1.29 L Fallow  
Proteobacteria SWB02 1.91 L Fallow  
Bacteroidota Terrimonas 2.28 L Fallow  
Planctomycetota SH-PL14 2.96 L Fallow  
Actinobacteriota Catenulispora -5.56 VH Fallow  
Verrucomicrobiota Terrimicrobium -2.39 VH Fallow  
Proteobacteria Defluviicoccus 0.77 L Fallow  
Myxococcota Nannocystis 9.75 L Fallow  
Acidobacteriota Geothrix -2.43 VH Fallow 
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Actinobacteriota CL500-29 marine group 1.23 L Fallow  
Proteobacteria Nordella 5.53 L Fallow  
Proteobacteria Microvirga 1.95 L Fallow  
Planctomycetota Singulisphaera -1.06 VH Fallow  
Bacteroidota Chryseolinea 2.64 L Fallow  
Verrucomicrobiota Pedosphaera 3.68 L Fallow  
Proteobacteria Rhodopila -1.60 VH Fallow  
Myxococcota Pajaroellobacter 2.32 L Fallow  
Firmicutes Ammoniphilus -1.59 VH Fallow  
Verrucomicrobiota Oikopleura 5.37 L Fallow  
Bacteroidota Ohtaekwangia 5.94 L Fallow  
Planctomycetota Planctopirus 2.14 L Fallow  
Bacteroidota Niastella -0.82 VH Fallow  
Planctomycetota Schlesneria -1.16 VH Fallow  
Proteobacteria Polaromonas 8.19 L Fallow  
Planctomycetota SM1A02 0.73 L Fallow  
Proteobacteria Polycyclovorans 2.87 L Fallow  
Acidobacteriota Vicinamibacter 7.70 L Fallow  
Actinobacteriota Rhizocola 5.64 L Fallow  
Bacteroidota Sediminibacterium -1.03 VH Fallow  
Bdellovibrionota OM27 clade 3.86 L Fallow  
Acidobacteriota Paludibaculum 5.00 L Fallow  
Proteobacteria Hirschia 5.68 L Fallow  
Chloroflexi Litorilinea 1.26 L Fallow  
Proteobacteria Ahniella 4.44 L Fallow  
Bacteroidota Heliimonas -8.49 VH Fallow  
Proteobacteria BD1-7 clade 7.41 L Fallow  
Actinobacteriota Kineosporia -8.01 VH Fallow  
Proteobacteria Alkanibacter -6.91 VH Fallow  
Gemmatimonadota Roseisolibacter 5.52 L Fallow  
Acidobacteriota Subgroup 10 1.75 L Fallow  
Proteobacteria 966-1 6.99 L Fallow  
Bacteroidota Solitalea 3.98 L Fallow  
Planctomycetota Planctomicrobium 7.56 L Fallow  
Actinobacteriota Phycicoccus -4.47 VH Fallow  
Bacteroidota Chitinophaga -7.86 VH Fallow  
Verrucomicrobiota Candidatus Omnitrophus 1.24 L Fallow  
Bacteroidota Crocinitomix 8.01 L Fallow  
Proteobacteria Nevskia -5.06 VH Fallow  
Actinobacteriota Luedemannella 3.05 L Fallow  
Proteobacteria Phyllobacterium 6.06 L Fallow  
Bacteroidota Parasegetibacter 5.78 L Fallow  
Acidobacteriota Terracidiphilus -6.42 VH Fallow  
Chloroflexi Thermosporothrix -6.22 VH Fallow 
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Myxococcota Polyangium 6.12 L Fallow  
Myxococcota Vulgatibacter 3.56 L Fallow  
Planctomycetota AKYG587 7.08 L Fallow  
Proteobacteria Asticcacaulis -8.50 VH Fallow  
Proteobacteria Amaricoccus 7.61 L Fallow  
Armatimonadota Armatimonas 5.99 L Fallow  
Proteobacteria Ferrovibrio 6.25 L Fallow  
Proteobacteria Sulfurifustis 5.81 L Fallow  
Proteobacteria Thermomonas 6.12 L Fallow  
Bacteroidota Lacibacter 5.79 L Fallow  
Bacteroidota Flavitalea 6.63 L Fallow  
Proteobacteria Rhodovastum 4.85 L Fallow  
Proteobacteria Bosea 5.54 L Fallow  
Chloroflexi Herpetosiphon 6.65 L Fallow  
Actinobacteriota Geodermatophilus 4.97 L Fallow  
Verrucomicrobiota ADurb.Bin118 6.02 L Fallow  
Actinobacteriota Agromyces 5.92 L Fallow  
Actinobacteriota Aeromicrobium 5.65 L Fallow  
Proteobacteria Novosphingobium 6.22 L Fallow  
Proteobacteria OM60(NOR5) clade 5.50 L Fallow  
Actinobacteriota Micromonospora 5.60 L Fallow  
Bacteroidota Flavisolibacter 5.80 L Fallow  
Firmicutes Anaerocolumna -6.45 VH Fallow  
Proteobacteria Qipengyuania 5.16 L Fallow  
Bdellovibrionota Bacteriovorax 5.20 L Fallow  
Proteobacteria Uliginosibacterium -6.28 VH Fallow  
Bacteroidota Fluviicola 3.45 L Fallow  
Spirochaetota Leptospira 5.60 L Fallow  
Proteobacteria AAP99 5.42 L Fallow  
Bacteroidota Aureispira 5.35 L Fallow  
Proteobacteria Flavimaricola 4.97 L Fallow  
Planctomycetota Rhodopirellula 5.55 L Fallow  
Proteobacteria Permianibacter 4.46 L Fallow 

 

 

Table S95: Deseq2 analysis of L Fallow vs H Fallow. 

L Fallow 
vs H 
Fallow 

Phylum Genus log2FoldChang
e 

Enriched 

 
Crenarchaeota Candidatus Nitrosotalea 2.41 L Fallow  
Actinobacteriota Gaiella 0.52 L Fallow  
Nitrospirota Nitrospira -0.98 H Fallow  
Actinobacteriota Mycobacterium 0.56 L Fallow 
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Proteobacteria MND1 -0.97 H Fallow  
Crenarchaeota Candidatus 

Nitrocosmicus 
0.83 L Fallow 

 
Actinobacteriota Acidothermus 0.88 L Fallow  
Actinobacteriota Nocardioides 0.75 L Fallow  
Proteobacteria Ellin6067 -0.53 H Fallow  
Proteobacteria Rhodanobacter 1.98 L Fallow  
Acidobacteriota RB41 -1.06 H Fallow  
Acidobacteriota Holophaga 10.10 L Fallow  
Proteobacteria Acidibacter -0.67 H Fallow  
Acidobacteriota Occallatibacter 2.17 L Fallow  
Bacteroidota OLB12 1.16 L Fallow  
Acidobacteriota Luteitalea -1.19 H Fallow  
Myxococcota Phaselicystis -0.61 H Fallow  
Bacteroidota Flavobacterium -0.74 H Fallow  
Planctomycetota Gemmata 0.80 L Fallow  
Acidobacteriota Granulicella 4.45 L Fallow  
Fibrobacterota possible genus 04 1.08 L Fallow  
Acidobacteriota Acidipila 1.13 L Fallow  
Myxococcota Haliangium -0.34 H Fallow  
Actinobacteriota Jatrophihabitans 0.66 L Fallow  
Bacteroidota Mucilaginibacter 1.87 L Fallow  
Bdellovibrionota Bdellovibrio -0.77 H Fallow  
Desulfobacterota Geobacter -1.37 H Fallow  
Verrucomicrobiota Ellin517 -1.18 H Fallow  
Actinobacteriota Catenulispora 2.06 L Fallow  
Verrucomicrobiota Terrimicrobium 2.01 L Fallow  
Bacteroidota Terrimonas -0.92 H Fallow  
Proteobacteria Dongia -1.18 H Fallow  
Planctomycetota Schlesneria 1.11 L Fallow  
Verrucomicrobiota Oikopleura -4.54 H Fallow  
Proteobacteria Polaromonas -7.16 H Fallow  
Planctomycetota SH-PL14 -1.29 H Fallow  
Bacteroidota Sediminibacterium 1.90 L Fallow  
Bacteroidota Heliimonas 3.88 L Fallow  
Proteobacteria Polycyclovorans -1.95 H Fallow  
Proteobacteria Alkanibacter 5.61 L Fallow  
Gemmatimonadot
a 

Roseisolibacter -4.80 H Fallow 

 
Bacteroidota Ohtaekwangia -3.64 H Fallow  
Actinobacteriota Phycicoccus 6.27 L Fallow  
Proteobacteria Nevskia 6.80 L Fallow  
Bacteroidota Parasegetibacter -5.70 H Fallow  
Myxococcota Nannocystis -5.75 H Fallow  
Proteobacteria Asticcacaulis 4.40 L Fallow 
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Proteobacteria Sulfurifustis -6.27 H Fallow  
Myxococcota Pajaroellobacter -1.57 H Fallow  
Bacteroidota Crocinitomix -7.02 H Fallow  
Proteobacteria Candidatus Ovatusbacter 5.48 L Fallow  
Proteobacteria Georgfuchsia 5.70 L Fallow  
Bdellovibrionota Peredibacter -3.89 H Fallow  
Actinobacteriota Virgisporangium -7.23 H Fallow 

 

 

Table S96: Deseq2 analysis of H Fallow vs VL Fallow. 

H Fallow 
vs VL 
Fallow 

Phylum Genus log2FoldChange Enriched 

 
Crenarchaeota Candidatus Nitrosotalea 3.94 H Fallow  
Proteobacteria Pseudolabrys 0.67 H Fallow  
Planctomycetota Pir4 lineage -0.85 VL Fallow  
Bacteroidota Puia 0.67 H Fallow  
Nitrospirota Nitrospira -1.61 VL Fallow  
Actinobacteriota Mycobacterium 0.59 H Fallow  
Proteobacteria MND1 -3.37 VL Fallow  
Planctomycetota Aquisphaera 1.39 H Fallow  
Actinobacteriota Acidothermus 2.56 H Fallow  
Proteobacteria GOUTA6 -1.26 VL Fallow  
Verrucomicrobiota Ellin516 0.74 H Fallow  
Proteobacteria Bradyrhizobium 0.87 H Fallow  
Actinobacteriota Conexibacter 1.37 H Fallow  
Proteobacteria Rhodoblastus 0.53 H Fallow  
Acidobacteriota RB41 -2.62 VL Fallow  
Proteobacteria Pedomicrobium -1.21 VL Fallow  
Proteobacteria Roseiarcus 1.52 H Fallow  
Acidobacteriota Holophaga 12.05 H Fallow  
Proteobacteria Acidibacter -2.37 VL Fallow  
Acidobacteriota Occallatibacter 2.63 H Fallow  
Planctomycetota Gemmata 1.38 H Fallow  
Verrucomicrobiota Lacunisphaera -0.74 VL Fallow  
Bacteroidota Parafilimonas -0.92 VL Fallow  
Proteobacteria Arenimonas -4.57 VL Fallow  
Acidobacteriota Luteitalea -1.78 VL Fallow  
Proteobacteria Rhodanobacter 2.81 H Fallow  
Proteobacteria mle1-7 -1.61 VL Fallow  
Acidobacteriota Candidatus Koribacter 0.70 H Fallow  
Planctomycetota Pirellula -1.01 VL Fallow  
Myxococcota Haliangium -0.97 VL Fallow 
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Chloroflexi UTCFX1 -8.44 VL Fallow  
Proteobacteria Devosia 0.90 H Fallow  
Actinobacteriota Actinocorallia -2.63 VL Fallow  
Acidobacteriota Candidatus Solibacter 0.72 H Fallow  
Myxococcota Phaselicystis -1.95 VL Fallow  
Proteobacteria Steroidobacter -1.56 VL Fallow  
Proteobacteria Bauldia -1.53 VL Fallow  
Verrucomicrobiota Chthoniobacter -1.04 VL Fallow  
Bacteroidota Flavobacterium -2.15 VL Fallow  
Actinobacteriota Ilumatobacter -5.51 VL Fallow  
Proteobacteria Ellin6067 -0.47 VL Fallow  
Actinobacteriota Microlunatus -1.32 VL Fallow  
Proteobacteria Candidatus 

Alysiosphaera 
-2.61 VL Fallow 

 
Acidobacteriota Granulicella 6.48 H Fallow  
Acidobacteriota Acidipila 1.85 H Fallow  
Acidobacteriota Bryobacter 1.03 H Fallow  
Planctomycetota Schlesneria 1.87 H Fallow  
Actinobacteriota Jatrophihabitans 1.33 H Fallow  
Bacteroidota Mucilaginibacter 2.39 H Fallow  
Actinobacteriota Solirubrobacter -1.55 VL Fallow  
Proteobacteria Mesorhizobium -1.85 VL Fallow  
Proteobacteria Pseudorhodoplanes -8.30 VL Fallow  
Proteobacteria Pseudoduganella -7.05 VL Fallow  
Desulfobacterota Geobacter -4.19 VL Fallow  
Actinobacteriota Pseudonocardia -1.02 VL Fallow  
Firmicutes Clostridium sensu 

stricto 13 
1.10 H Fallow 

 
Gemmatimonadota Gemmatimonas 0.70 H Fallow  
Verrucomicrobiota Opitutus -1.12 VL Fallow  
Proteobacteria Acidicaldus 3.56 H Fallow  
Firmicutes Bacillus 2.15 H Fallow  
Actinobacteriota Marmoricola 0.86 H Fallow  
Bacteroidota Aurantisolimonas -2.72 VL Fallow  
Myxococcota P3OB-42 -1.11 VL Fallow  
Fibrobacterota possible genus 04 -1.91 VL Fallow  
Verrucomicrobiota Luteolibacter -4.39 VL Fallow  
Verrucomicrobiota Ellin517 -6.28 VL Fallow  
Spirochaetota Turneriella -4.39 VL Fallow  
Proteobacteria SWB02 -3.18 VL Fallow  
Myxococcota Anaeromyxobacter -1.73 VL Fallow  
Firmicutes Lysinibacillus 2.52 H Fallow  
Actinobacteriota Catenulispora 3.85 H Fallow  
Bacteroidota UTBCD1 -3.67 VL Fallow  
Actinobacteriota CL500-29 marine group -3.53 VL Fallow 
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Bacteroidota Ferruginibacter -2.26 VL Fallow  
Bacteroidota Terrimonas -3.65 VL Fallow  
Proteobacteria Altererythrobacter -3.10 VL Fallow  
Proteobacteria Dongia -1.70 VL Fallow  
Planctomycetota Singulisphaera 1.87 H Fallow  
Proteobacteria Rhodopila 1.66 H Fallow  
Proteobacteria Burkholderia-

Caballeronia-
Paraburkholderia 

4.28 H Fallow 

 
Proteobacteria alphaI cluster -7.14 VL Fallow  
Actinobacteriota Streptacidiphilus 8.55 H Fallow  
Verrucomicrobiota Roseimicrobium -5.50 VL Fallow  
Firmicutes Ammoniphilus 2.01 H Fallow  
Verrucomicrobiota Oikopleura -7.23 VL Fallow  
Planctomycetota SH-PL14 -3.55 VL Fallow  
Bacteroidota Adhaeribacter -1.93 VL Fallow  
Proteobacteria Aquicella 1.77 H Fallow  
Proteobacteria Phenylobacterium 1.29 H Fallow  
Firmicutes Clostridium sensu 

stricto 9 
2.58 H Fallow 

 
Proteobacteria Polaromonas -7.27 VL Fallow  
Planctomycetota SM1A02 -1.77 VL Fallow  
Proteobacteria Microvirga -5.00 VL Fallow  
Proteobacteria Polycyclovorans -7.71 VL Fallow  
Bacteroidota Chryseolinea -7.02 VL Fallow  
Myxococcota Sandaracinus -2.93 VL Fallow  
Proteobacteria Acidisoma 7.91 H Fallow  
Firmicutes Clostridium sensu 

stricto 1 
2.48 H Fallow 

 
Acidobacteriota JGI 0001001-H03 -4.30 VL Fallow  
Chloroflexi 1959-1 2.74 H Fallow  
Proteobacteria Tahibacter -6.79 VL Fallow  
Bdellovibrionota OM27 clade -7.15 VL Fallow  
Proteobacteria Hirschia -5.75 VL Fallow  
Chloroflexi Litorilinea -6.91 VL Fallow  
Proteobacteria Ahniella -6.07 VL Fallow  
Actinobacteriota Actinospica 4.80 H Fallow  
Abditibacteriota Abditibacterium 3.51 H Fallow  
Bacteroidota Dinghuibacter -5.68 VL Fallow  
Bacteroidota Ohtaekwangia -8.36 VL Fallow  
Proteobacteria Candidatus 

Paracaedibacter 
2.62 H Fallow 

 
Firmicutes Psychrobacillus 6.59 H Fallow  
Proteobacteria Plot4-2H12 2.33 H Fallow  
Actinobacteriota Phycicoccus 6.15 H Fallow  
Firmicutes Paenibacillus 2.49 H Fallow 
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Proteobacteria Rudaea 7.44 H Fallow  
Verrucomicrobiota Cerasicoccus -6.03 VL Fallow  
Proteobacteria Nevskia 6.26 H Fallow  
Bacteroidota Heliimonas 3.99 H Fallow  
Bacteroidota Parasegetibacter -5.75 VL Fallow  
Bdellovibrionota Oligoflexus -6.19 VL Fallow  
Acidobacteriota Terracidiphilus 6.34 H Fallow  
Chloroflexi Thermosporothrix 8.92 H Fallow  
Proteobacteria Asticcacaulis 3.88 H Fallow  
Acidobacteriota Edaphobacter 3.38 H Fallow  
Planctomycetota Paludisphaera 2.32 H Fallow  
Myxococcota Nannocystis -5.85 VL Fallow  
Firmicutes Clostridium sensu 

stricto 5 
3.30 H Fallow 

 
Actinobacteriota Kutzneria 6.63 H Fallow  
Verrucomicrobiota FukuN18 freshwater 

group 
6.64 H Fallow 

 
Proteobacteria Sulfurifustis -4.55 VL Fallow  
Verrucomicrobiota SH3-11 -5.26 VL Fallow  
Proteobacteria Candidatus 

Endoecteinascidia 
6.05 H Fallow 

 
Firmicutes Clostridium sensu 

stricto 12 
3.23 H Fallow 

 
Bacteroidota Crocinitomix -7.09 VL Fallow  
Proteobacteria Candidatus Berkiella 5.64 H Fallow  
Proteobacteria Acidiphilium 5.49 H Fallow  
Proteobacteria PMMR1 6.16 H Fallow  
Proteobacteria Candidatus 

Ovatusbacter 
6.68 H Fallow 

 
Bacteroidota Fluviicola -6.25 VL Fallow  
Proteobacteria Rhizomicrobium 5.88 H Fallow  
Myxococcota Vulgatibacter -6.26 VL Fallow  
Proteobacteria Inquilinus 5.96 H Fallow  
Bdellovibrionota Peredibacter -5.99 VL Fallow  
Firmicutes Clostridium sensu 

stricto 10 
5.86 H Fallow 

 
Actinobacteriota Virgisporangium -7.24 VL Fallow 

 

 

Table S97: Deseq2 analysis of L Fallow vs VL Fallow. 

L Fallow 
vs VL 
Fallow 

Phylum Genus log2FoldChange Enriched 

 
Crenarchaeota Candidatus Nitrosotalea 1.47 L Fallow 
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Planctomycetota Pir4 lineage -1.00 VL Fallow  
Bacteroidota Puia 0.56 L Fallow  
Proteobacteria Pseudolabrys 0.44 L Fallow  
Proteobacteria MND1 -2.47 VL Fallow  
Proteobacteria Rhodomicrobium 0.64 L Fallow  
Planctomycetota Aquisphaera 0.86 L Fallow  
Actinobacteriota Acidothermus 1.64 L Fallow  
Proteobacteria Bradyrhizobium 0.61 L Fallow  
Actinobacteriota Nocardioides -0.46 VL Fallow  
Actinobacteriota Conexibacter 0.90 L Fallow  
Acidobacteriota RB41 -1.62 VL Fallow  
Proteobacteria Roseiarcus 0.94 L Fallow  
Acidobacteriota Holophaga 1.93 L Fallow  
Proteobacteria Acidibacter -1.74 VL Fallow  
Proteobacteria Rhodanobacter 0.80 L Fallow  
Bacteroidota OLB12 -1.13 VL Fallow  
Proteobacteria Arenimonas -4.57 VL Fallow  
Proteobacteria mle1-7 -1.30 VL Fallow  
Planctomycetota Pirellula -1.29 VL Fallow  
Nitrospirota Nitrospira -0.70 VL Fallow  
Myxococcota Haliangium -0.67 VL Fallow  
Chloroflexi UTCFX1 -7.62 VL Fallow  
Actinobacteriota Actinocorallia -2.62 VL Fallow  
Acidobacteriota Candidatus Solibacter 0.69 L Fallow  
Myxococcota Phaselicystis -1.39 VL Fallow  
Crenarchaeota Candidatus 

Nitrocosmicus 
-0.64 VL Fallow 

 
Bacteroidota Flavobacterium -1.49 VL Fallow  
Actinobacteriota Ilumatobacter -4.89 VL Fallow  
Actinobacteriota Microlunatus -1.06 VL Fallow  
Proteobacteria Candidatus 

Alysiosphaera 
-2.85 VL Fallow 

 
Acidobacteriota Granulicella 1.96 L Fallow  
Fibrobacterota possible genus 04 -3.03 VL Fallow  
Bacteroidota Parafilimonas -1.39 VL Fallow  
Acidobacteriota Acidipila 0.69 L Fallow  
Acidobacteriota Bryobacter 0.71 L Fallow  
Planctomycetota Schlesneria 0.73 L Fallow  
Actinobacteriota Jatrophihabitans 0.64 L Fallow  
Bacteroidota Mucilaginibacter 0.50 L Fallow  
Actinobacteriota Solirubrobacter -1.47 VL Fallow  
Proteobacteria Mesorhizobium -1.00 VL Fallow  
Proteobacteria Pseudorhodoplanes -6.58 VL Fallow  
Proteobacteria Pseudoduganella -6.18 VL Fallow  
Actinobacteriota Pseudonocardia -1.06 VL Fallow 
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Firmicutes Clostridium sensu 

stricto 13 
0.94 L Fallow 

 
Verrucomicrobiota Opitutus -0.97 VL Fallow  
Proteobacteria Acidicaldus 2.45 L Fallow  
Desulfobacterota Geobacter -2.92 VL Fallow  
Spirochaetota Spirochaeta 2 -0.99 VL Fallow  
Actinobacteriota Nocardia -1.03 VL Fallow  
Firmicutes Bacillus 1.42 L Fallow  
Myxococcota P3OB-42 -0.94 VL Fallow  
Verrucomicrobiota Luteolibacter -3.53 VL Fallow  
Verrucomicrobiota Ellin517 -5.21 VL Fallow  
Spirochaetota Turneriella -3.51 VL Fallow  
Proteobacteria SWB02 -2.36 VL Fallow  
Myxococcota Anaeromyxobacter -1.29 VL Fallow  
Firmicutes Lysinibacillus 0.94 L Fallow  
Actinobacteriota Catenulispora 1.79 L Fallow  
Verrucomicrobiota Terrimicrobium -2.67 VL Fallow  
Verrucomicrobiota Lacunisphaera -1.18 VL Fallow  
Acidobacteriota Geothrix -3.83 VL Fallow  
Actinobacteriota CL500-29 marine group -3.01 VL Fallow  
Bacteroidota Ferruginibacter -1.67 VL Fallow  
Bacteroidota Terrimonas -2.82 VL Fallow  
Planctomycetota Singulisphaera 0.81 L Fallow  
Proteobacteria Burkholderia-

Caballeronia-
Paraburkholderia 

1.94 L Fallow 

 
Proteobacteria alphaI cluster -7.28 VL Fallow  
Actinobacteriota Streptacidiphilus 5.57 L Fallow  
Verrucomicrobiota Chthoniobacter -0.69 VL Fallow  
Firmicutes Ammoniphilus 1.63 L Fallow  
Proteobacteria Aquicella 1.63 L Fallow  
Planctomycetota SM1A02 -1.37 VL Fallow  
Proteobacteria Steroidobacter -1.38 VL Fallow  
Bacteroidota Chryseolinea -6.57 VL Fallow  
Bacteroidota Niastella -1.21 VL Fallow  
Proteobacteria Acidisoma 3.06 L Fallow  
Planctomycetota SH-PL14 -2.33 VL Fallow  
Myxococcota Pajaroellobacter 1.02 L Fallow  
Bacteroidota Sediminibacterium -2.32 VL Fallow  
Verrucomicrobiota Roseimicrobium -4.46 VL Fallow  
Proteobacteria Altererythrobacter -3.12 VL Fallow  
Chloroflexi Litorilinea -5.79 VL Fallow  
Actinobacteriota Actinospica 4.99 L Fallow  
Abditibacteriota Abditibacterium 1.68 L Fallow  
Proteobacteria Polycyclovorans -5.83 VL Fallow 
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Actinobacteriota Demequina -4.99 VL Fallow  
Proteobacteria Parablastomonas -5.83 VL Fallow  
Myxococcota Sandaracinus -3.93 VL Fallow  
Proteobacteria Rudaea 3.89 L Fallow  
Gemmatimonadota Roseisolibacter 5.59 L Fallow  
Chloroflexi Thermosporothrix 3.95 L Fallow  
Actinobacteriota Lechevalieria -21.10 VL Fallow  
Proteobacteria Caulobacter -6.26 VL Fallow  
Verrucomicrobiota FukuN18 freshwater 

group 
6.89 L Fallow 

 
Proteobacteria Georgfuchsia -6.13 VL Fallow  
Firmicutes Desulfosporosinus 5.98 L Fallow  
Proteobacteria Acidiphilium 5.75 L Fallow  
Proteobacteria PMMR1 6.43 L Fallow  
Proteobacteria Rhizomicrobium 6.16 L Fallow  
Bdellovibrionota OM27 clade -5.18 VL Fallow  
Proteobacteria Inquilinus 6.21 L Fallow 

 

Table S98: Deseq2 analysis of VH Planted vs VH Fallow. 

 

Table S99: Deseq2 analysis of H Planted vs H Fallow. 

H Planted 
vs H Fallow 

Phylum Genus log2FoldChange Enriched 

 
Ascomycota unidentified_385 5.06 H Planted  
Basidiomycota unidentified_420 -22.57 H Fallow  
Ascomycota Torula 21.58 H Planted  
Ascomycota unidentified_8 20.70 H Planted 

 

Table S100: Deseq2 analysis of L Planted vs L Fallow. 

L Planted 
vs L Fallow 

Phylum Genus log2FoldChange Enriched 

 
Basidiomycota Cuphophyllus 9.20 L Planted 

 

 

Table S101: Deseq2 analysis of H Planted vs VH Planted. 

H Planted 
vs VH 
Planted 

Phylum Genus log2FoldChange Enriched 

 
Ascomycota Drechslera -9.19 VH Planted  
Basidiomycota unidentified_199 1.56 H Planted 
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Basidiomycota Conocybe -2.67 VH Planted  
Ascomycota Lachnum -8.55 VH Planted  
Ascomycota Fusidium -2.23 VH Planted  
Basidiomycota Minimedusa 22.08 H Planted  
Basidiomycota unidentified_3513 21.05 H Planted  
Basidiomycota unidentified_12 20.81 H Planted  
Chytridiomycota Paranamyces 4.95 H Planted  
Ascomycota unidentified_8 -21.15 VH Planted 

 

 

Table S102: Deseq2 analysis of L Planted vs VH Planted. 

L Planted 
vs VH 
Planted 

Phylum Genus log2FoldChange Enriched 

 
Ascomycota unidentified_5 -3.27 VH Planted  
Ascomycota Drechslera -7.23 VH Planted  
Ascomycota Gremmenia -6.59 VH Planted  
Basidiomycota Minimedusa 21.28 L Planted  
Ascomycota Pyrenochaeta 4.54 L Planted  
Basidiomycota Parasola -6.36 VH Planted  
Basidiomycota Auricularia 6.42 L Planted  
Chytridiomycota unidentified_957 3.92 L Planted  
Ascomycota Pseudopithomyces 18.37 L Planted  
Basidiomycota Serendipita 4.02 L Planted  
Basidiomycota Cuphophyllus -8.50 VH Planted  
Basidiomycota unidentified_3513 20.37 L Planted  
Chytridiomycota Paranamyces 6.11 L Planted 

 

Table S103: Deseq2 analysis of L Planted vs H Planted. 

L Planted 
vs H 
Planted 

Phylum Genus log2FoldChange Enriched 

 
Ascomycota Pleurophragmium -1.31 H Planted  
Chytridiomycota Spizellomyces 2.46 L Planted  
Basidiomycota Pholiotina -7.41 H Planted  
Ascomycota unidentified_385 -5.46 H Planted  
Basidiomycota Conocybe -5.73 H Planted  
Ascomycota Fusidium -2.04 H Planted  
Chytridiomycota Rhizophydium 5.64 L Planted  
Basidiomycota Parasola 5.22 L Planted  
Ascomycota Gibberella -5.46 H Planted  
Basidiomycota Cuphophyllus 8.72 L Planted 



 

 
334 

 
Ascomycota Lipomyces 7.25 L Planted  
Ascomycota unidentified_52 8.37 L Planted  
Ascomycota unidentified_8 -20.79 H Planted 

 

Table S104: Deseq2 analysis of L Planted vs H Planted. 

H Fallow vs 
VH Fallow 

Phylum Genus log2FoldChange Enriched 

 
Basidiomycota Minimedusa 22.66 H Fallow  
Ascomycota unidentified_191 -7.45 VH Fallow  
Basidiomycota unidentified_420 -23.65 VH Fallow 

 

Table S105: Deseq2 analysis of L Fallow vs VH Fallow. 

L Fallow vs 
VH Fallow 

Phylum Genus log2FoldChange Enriched 

 
Ascomycota unidentified_191 -6.68 VH Fallow 

 

Table S106: Deseq2 analysis of VL Fallow vs VH Fallow. 

VL Fallow 
vs VH 
Fallow 

Phylum Genus log2FoldChange Enriched 

 
Ascomycota Saccharomyces 26.08 VL Fallow  
Ascomycota unidentified_832 -3.26 VH Fallow  
Basidiomycota Cryptococcus_1002 23.44 VL Fallow  
Ascomycota unidentified_5 2.42 VL Fallow  
Basidiomycota unidentified_242 -1.44 VH Fallow  
Ascomycota Dactylonectria -2.49 VH Fallow  
Ascomycota Podospora -3.69 VH Fallow  
Basidiomycota Mycena 6.12 VL Fallow  
Ascomycota Gremmenia 7.05 VL Fallow  
Ascomycota unidentified_3138 -2.44 VH Fallow  
Ascomycota Slopeiomyces -6.00 VH Fallow  
Ascomycota Ophiosphaerella -3.96 VH Fallow  
Basidiomycota unidentified_199 -9.62 VH Fallow  
Ascomycota Penicillium 1.94 VL Fallow  
Basidiomycota unidentified_2504 6.66 VL Fallow  
Ascomycota Belonium 9.96 VL Fallow  
Chytridiomycota Rhizophydium 5.05 VL Fallow  
Basidiomycota Pholiotina -9.39 VH Fallow  
Basidiomycota Conocybe -4.59 VH Fallow  
Ascomycota Preussia -6.02 VH Fallow  
Basidiomycota Minimedusa -23.53 VH Fallow 
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Ascomycota Pyrenochaeta -4.92 VH Fallow  
Ascomycota Vibrissea 23.70 VL Fallow  
Basidiomycota Auricularia -8.20 VH Fallow  
Ascomycota unidentified_191 9.33 VL Fallow  
Ascomycota unidentified_52 5.79 VL Fallow  
Basidiomycota Cortinarius 7.21 VL Fallow  
Glomeromycota Funneliformis -7.84 VH Fallow  
Basidiomycota Serendipita -8.26 VH Fallow  
Basidiomycota unidentified_2191 20.28 VL Fallow  
Basidiomycota Arrhenia 6.81 VL Fallow  
Ascomycota Scytalidium 6.18 VL Fallow 

 

 

Table S107: Deseq2 analysis of L Fallow vs H Fallow. 

L Fallow vs 
H Fallow 

Phylum Genus log2FoldChange Enriched 

 
Basidiomycota Auricularia -7.70 H Fallow  
Ascomycota Pseudopithomyces 8.20 L Fallow  
Ascomycota Pseudotaeniolina 5.53 L Fallow  
Basidiomycota unidentified_420 -24.36 H Fallow  
Basidiomycota unidentified_3513 8.78 L Fallow 

 

Table S108: Deseq2 analysis of L Fallow vs VL Fallow. 

L Fallow 
vs VL 
Fallow 

Phylum Genus log2FoldChange Enriched 

 
Ascomycota Saccharomyces 26.94 L Fallow  
Ascomycota unidentified_832 -3.17 VL Fallow  
Basidiomycota Cryptococcus_1002 25.26 L Fallow  
Basidiomycota unidentified_242 -1.99 VL Fallow  
Ascomycota Dactylonectria -1.75 VL Fallow  
Ascomycota Drechslera 3.97 L Fallow  
Basidiomycota Mycena 12.29 L Fallow  
Ascomycota Gremmenia 5.57 L Fallow  
Ascomycota unidentified_3138 -2.51 VL Fallow  
Ascomycota Slopeiomyces -4.92 VL Fallow  
Ascomycota Ophiosphaerella -3.67 VL Fallow  
Basidiomycota Trechispora 6.91 L Fallow  
Basidiomycota unidentified_199 -8.51 VL Fallow  
Ascomycota Penicillium 1.32 L Fallow  
Ascomycota Belonium 6.86 L Fallow  
Ascomycota Lachnum 4.87 L Fallow 
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Basidiomycota Pholiotina -21.49 VL Fallow  
Ascomycota Preussia -4.88 VL Fallow  
Basidiomycota unidentified_2191 22.29 L Fallow  
Basidiomycota Arrhenia 7.58 L Fallow  
Basidiomycota unidentified_3513 -8.61 VL Fallow  
Glomeromycota Funneliformis -9.47 VL Fallow  
Ascomycota Scytalidium 6.95 L Fallow  
Ascomycota Collembolispora 8.01 L Fallow  
Mortierellomycota unidentified_983 6.58 L Fallow 

 

 


