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Abstract: 

Osteogenic cells respond to mechanical changes in their environment by altering their spread 

area, morphology and gene expression profile. In particular the bulk modulus of the substrate, 

as well as its microstructure and thickness, can substantially alter the local stiffness 

experienced by the cell. Although bone tissue regeneration strategies involve culture of bone 

cells on various biomaterial scaffolds, which are often crosslinked to enhance their physical 

integrity, it is difficult to ascertain and compare the local stiffness experienced by cells 

cultured on different biomaterials. In this study, we seek to characterise the local stiffness at 

the cellular level for MC3T3-E1 cells plated on biomaterial substrates of varying modulus, 

thickness and crosslinking concentration. Cells were cultured on flat and wedge shaped gels 

made from polyacrylamide or crosslinked collagen. The crosslinking density of the collagen 

gels was varied to investigate the effect of fibre crosslinking in conjunction with substrate 

thickness. Cell spread area was used as a measure of osteogenic differentiation. Finite 

element simulations were used to examine the effects of fibre crosslinking and substrate 

thickness on the resistance of the gel to cellular forces, corresponding to the equivalent shear 

stiffness for the gel structure in the region directly surrounding the cell. The results of this 

study show that MC3T3 cells cultured on a soft fibrous substrate attain the same spread cell 

area as those cultured on a much higher modulus, but non-fibrous, substrate. FE simulations 

predict that a dramatic increase in the equivalent shear stiffness of fibrous collagen gels 

occurs as crosslinking density is increased, with equivalent stiffness also increasing as gel 

thickness is decreased. These results provide an insight into the response of osteogenic cells 

to individual substrate parameters and have the potential to inform future bone tissue 

regeneration strategies that can optimise the equivalent stiffness experienced by cell. 

 

  



Introduction 

Osteogenic cells possess a highly developed cytoskeleton (1, 2), and have been long 

regarded as efficacious mechanosensors (3, 4). There has been widespread investigation into 

the effect of various mechanical forces, including substrate stiffness (5, 6), fluid flow induced 

shear stress (7) and applied substrate strain (8) on osteogenic cell behaviour. While a general 

consensus exists that an understanding of mechanotransduction is necessary for the treatment 

of disease originating at the cellular level  and the development of tissue engineering 

strategies (2, 9, 10), the exact nature of the methods by which cells interact with their 

environment must be delineated if the mechanotransduction of osteogenic cells is to be better 

understood. Specifically the combined effects of bulk material modulus, substrate thickness 

and the microstructure of the substrate have yet to be investigated. 

One of the most common methods of investigating mechanotransduction is the culture 

of cells on substrates of controllable modulus and it has been shown that a change in substrate 

modulus can affect osteoblast behaviour, including proliferation, migration and 

differentiation (11-13). There are various approaches for altering the modulus of substrate 

materials for in vitro cell culture applications. Collagen, the primary component of the matrix 

on which bone cells develop, can be modified using a variety of crosslinking methods 

including chemical crosslinkers, such as glutaraldehyde and 1-Ethyl-3-(3-

dimethylaminopropyl)carbodiimide (EDAC),  as well as exposure to ultraviolet light to 

achieve a specific bulk substrate modulus (14, 15). Polyacrylamide is widely used in 

mechanotransduction studies due to the relative ease and reliability with which its modulus 

can be altered, specifically by varying the percentage of acrylamide and bis-acrylamide used 

in the polymerisation process (16, 17). A range of other polymers including 

polydimethylsiloxane (13), polyethylene glycol (18) and polymethyl methacrylate (19) have 

also been used as substrates of controllable modulus. 

Recently, substrate thickness has been used as a method of varying the stiffness 

experienced by the cell (20, 21). The structural stiffness experienced by the cell is affected by 

both the substrate geometry, most notably the distance to the substrate boundaries (21), and 

the substrate modulus, an intrinsic property of the substrate material. On thin substrates (< 5 

m) cell-induced contractility forces can propagate through the entirety of the substrate 

allowing the mechanical properties of the underlying material, often glass coverslips or tissue 

culture plastic, to influence cell behaviour. However, the effect of substrate thickness is also 

governed by the structure of the substrate in question. Specifically it has been demonstrated 

that cell-induced stresses travel only a few microns through linear, homogenous substrates, 

such as polyacrylamide (22), while cells on fibrous substrates have been shown to be 

influenced by structures which are hundreds of microns away (20, 23); for example, 

underlying rigid coverslips have been shown to influence cell spreading and morphology on 

fibrous substrates of up to 130 m thick (24). The enhanced propagation of mechanical 

signals has been attributed to the fibrous nature of biological substrates; specifically, it has 

been proposed that cell-induced forces propagate through individual fibres over long 

distances (24, 25). 

The specific effect of fibres on the mechanical properties of fibrous gels has been 

investigated through computational approaches. A microscale discrete fibre representative 

element has been linked to a Galerkin macroscale model to study the effects of fibrosity on 

bulk collagen gel properties (26). This method has been further developed to investigate both 

fibrous wound behaviour (27) and the response of cells to gel fibrosity (24). However, this 

approach prevents fibres from extending across elements at the macroscopic level. In the 



relatively thin (70 m) substrates used in typical cell mechanotransduction experiments (21), 

collagen fibres may extend through the entire gel thickness. 

The range of methods used to alter substrate stiffness experienced by the cell has led 

to apparent contradictions regarding the response of osteoblastic cells to their local 

mechanical environment. For example osteoblast differentiation has been shown to occur on 

collagen coated polymer substrates between 20 and 40 kPa (5, 18). Meanwhile our own 

previous work has shown that osteoblast differentiation occurs on type 1 collagen substrates 

of 1 kPa, while softer substrates of 300 Pa induce osteoblast differentiation followed by early 

osteocyte differentiation. Such discrepancies are likely explained by the fact that the bulk 

modulus of the substrate is usually reported, whereas the precise stiffness experienced by the 

cell, here termed the equivalent stiffness, is dictated by the material modulus, substrate 

thickness and substrate microstructure, which can all vary dramatically depending on the 

biomaterial fabrication processes (e.g. cross-linking). However, it is difficult to ascertain the 

equivalent stiffness experienced by the cell and as such it is not yet known precisely how 

each property contributes to the local mechanical stimulation of osteogenic cells. The field of 

bone tissue engineering has thus far relied primarily on measurement of bulk material 

properties to ascertain the effect of extracellular mechanical cues imparted by biomaterial 

scaffolds on cell differentiation. However, the effects of other ECM properties such as size 

and microstructure cannot be ignored and must be investigated in greater detail if the efficacy 

of various biomaterials in osteogenic differentiation is to be understood.  

The objective of this study is to derive an understanding of the individual and 

combined effects of substrate modulus, fibrosity, thickness and crosslinking density on the 

local stiffness experienced by osteoblastic cells. MC3T3-E1 cells were cultured on flat and 

wedge shaped non-fibrous polyacrylamide and fibrous collagen gels, while cell spread area 

and ALP activity were used as early indicators of cell differentiation. Crosslinked collagen 

gels (of varied crosslinking density) were then used to determine the effect of fibre 

crosslinking in conjunction with substrate thickness on the differentiation of osteogenic cells. 

Finite element models were generated to represent the contraction of an osteoblastic cell on a 

soft linearly elastic gel with discrete tensile collagen fibres. These models were used to 

investigate the transfer of force through collagen gels of different crosslinking density over a 

range of gel thicknesses. We hypothesise that the equivalent stiffness as experienced by the 

cell is influenced by gel bulk stiffness, thickness and crosslinking density and that these 

factors must be accounted for when investigating mechanotransduction in vitro. 

 

Methods 

Experimental methods 

Substrate manufacture 

Flat and wedges shaped collagen gels were prepared as described previously (6). Briefly, rat 

tail type 1 collagen (Sigma-Aldrich, St-Louis MO) was neutralised using 10 mM NaOH, and 

diluted to 4 mg/mL with dH2O. Glass slides were activated by sonicating in 1% 3-

aminopropyltrimethoxy silane (Sigma-Aldrich) before being incubated in 0.5% 

glutaraldehyde (Sigma-Aldrich) overnight. The mixture was pipetted onto the activated glass 

slides (Electron Microscopy Sciences, Hatfield PA) while a cover slide, treated with 

Sigmacote (Sigma-Aldrich), was placed over the gel to allow the gel to set without adhering 

to the cover slide. Wedges shaped gels were constructed by placing a 150 m coverslip on 



one side of the glass slide, forming a wedge shaped mould within which the gel was set, as 

shown in Figure 1 A). Following gel formation the top coverslip was removed leaving the 

wedge shaped gel as shown in Figure 1 B). Flat gels were formed at approximately 70 m 

thick, while wedge shaped gels ranged from 0 to 150 m over a lateral distance of 50 mm. 

The modulus of collagen gels was controlled through chemical crosslinking with 1-Ethyl-3-

(3-dimethylaminopropyl)carbodiimide (EDAC)/N-hydroxysulfosuccinimide (NHS) (both 

Sigma Aldrich), resulting in the formation of zero length crosslinks between fibres. Formed 

gels were treated with 0, 20, 50, 100 or 150 mM EDAC/mg collagen at a 9:2 ratio of 

EDAC:NHS. The moduli of EDAC crosslinked collagen gels have been measured in our 

previous work as ranging between 0.01 (0 mM/mg) and 1 kPa (150 mM/mg) (6). 

 

Figure 1: A) Schematic showing wedge shaped gel formation. Gels ranged from a height of 0 

to 150 m across a horizontal distance of 50 mm. B) Gel height was confirmed by recording 

the change in the vertical position of the microscope relative to the stage required to focus on 

the top surface of the gel. 

Polyacrylamide gels were formed by varying the concentrations of acrylamide and 

bis-acrylamide to alter the gel stiffness as described previously (17), before being 

polymerised with 0.15% TEMED (Sigma Aldrich). Flat and wedge shaped polyacrylamide 

gels were formed between treated glass coverslips as described above. SulfoSANPAH 

(Fischer Scientific, Waltham MA), a heterobifunctional crosslinker was diluted to 1 mg/mL 

in HEPES buffer and used to bind acetic acid diluted collagen (2 mg/mL) to the gel surface to 

allow for cell attachment (28). Bulk gel moduli of similar polyacrylamide gels were 

ascertained from previous studies showing a range of moduli from 0.6 to 153 kPa (17). 

Cell culture 

MC3T3-E1 cells, an immortalised pre-osteoblast cell line were maintained in Alpha Modified 

Eagle’s Medium (-MEM) containing 100 ug/mL L-glutamine and supplemented with 10% 

foetal bovine serum and 100 U/mL Antibacterial-Antimytotic (all Sigma Aldrich). All 

experiments were conducted at passage 4. Cells were cultured on flat and wedge shaped gels 

of either polyacrylamide or collagen for 24 hours at 37 ˚C and 5% CO2. Cells were then fixed 

with 4% paraformaldehyde. Membrane permeabilization was conducted with 0.1% Triton in 



Phosphate Buffered Saline (PBS) (both Sigma Aldrich) and cells were stained with 

Fluorescein isothiocyanate (FITC) labelled rhodamine-phalloidin (to stain the actin 

cytoskeleton) and Hoechst (to stain cell nuclei) (both BD Biosciences, San Jose CA). Cells 

examined for ALP activity were culture for 7 days before being lysed. 

Cell imaging 

Cells were imaged using a Leica DM2700 inverted microscope at 10X magnification and the 

average cell spread area was quantified as a measure of osteogenic differentiation. Gel height 

at each location was verified by first focussing on the top surface of the glass slide, and then 

recording the vertical movement of the microscope stage required to focus on the cells of 

interest. This is further illustrated in Figure 1 B). 

Osteogenic assays 

Cells were lysed using Cellytic M with 1% protease inhibitor cocktail (both Sigma Aldrich). 

ALP activity was quantified using a colourimetric assay (Sigma Aldrich) as described 

previously [Mullen, 2013 #298][Birmingham, 2012 #247]. Results were then normalised to 

the DNA content of each well. 

 

Finite element methods 

Substrate Model generation 

The materials under study are a type 1 collagen gel, the microstructure of which may be 

varied by chemical crosslinking, allowing a greater number of adjacent fibres to form zero 

length molecular bonds with one another, thus affecting the materials mechanical properties 

(29). To understand the role of microstructural crosslinking density on the mechanical 

response of these gels, a micromechanical model was developed using ABAQUS finite 

element software (Dassault Systemes, Vélizy-Villacoublay, France), representing the fibrous 

and non-fibrous phases of this material discretely within a finite element framework. This 

approach was used to predict the effective properties of random collagen fibre distributions, 

with a range of crosslinking densities to study their effect on macroscopic material behaviour. 

The fibres within collagen gels exhibit no preferential orientation and can therefore be 

considered to be randomly oriented. They measure approximately 200 nm (30) in diameter 

and account for approximately 20% of the material volume fraction (31, 32). A numerical 

algorithm was developed to create representative distributions of these fibrous gels in two-

dimensions, whereby each fibre was assigned a centre point, C, which was randomly chosen 

within a domain measuring 450 by 450 m. The orientation of each fibre was also chosen to 

be a random angle , where   . The fibre end points were then generated by 

extrapolating half the length (chosen randomly between the limits 10 and 500 m) in the 

direction of the angle  and its opposite angle -180. Fibres were then truncated so as to fall 

within the confines of the gel as appropriate. A resulting collagen fibre distribution generated 

using this procedure is shown in Figure 2(B). Models were generated for a range of 

crosslinking densities with crosslinked and non-crosslinked fibres being introduced to the 

model separately. Briefly, for each model, the relevant crosslinked fibres were imported to 

the ABAQUS sketch facility as a single part through a Python script. This created a series of 

fibres where each intersecting point was assigned a unique node, while a single element 

joined corresponding nodes to one another. Non-crosslinked fibres were introduced as 

discrete nodes and elements to the relevant Abaqus input file, with a single element spanning 

the entire length of each fibre. Thus non-crosslinked fibres were prevented from directly 



interacting with one another, although indirect interaction between non-crosslinked fibres 

could still occur through the gel. This process was repeated for 5 different fibre permutations 

in order to minimise the effects of individual fibre location variation on the results. 

Material Model 

Plane stress finite element models were created to simulate a 100 m wide section of a soft 

gel containing relatively stiff collagen fibres. Fibres were set as linear, tension only, truss 

elements (T2D2) with a circular cross-section of radius 100 nm and embedded into the plane 

stress element (CPS8R) gel region. A Young’s modulus of 10 Pa was assigned to the gel 

based on previous atomic force microscopy measurements (6). A Young’s modulus of 2 MPa 

was assigned to the fibres in order to achieve a range of equivalent stiffnesses on the same 

scale as the range present in the polyacrylamide substrates investigated.  

Loading and Boundary Conditions to simulate cell contraction 

Figure 2 A) shows a representation of a single cell interacting with the collagen fibres within 

an infinitely stiff and thick gel, situated on a glass slide. The cell interacts with the substrate 

through focal adhesion complexes, and can induce a contractile force on the gel. The 

resistance of the gel to this force, termed “equivalent shear stiffness” in this study, is 

interpreted by the cell and the force induced by the cell is altered until homeostasis is 

achieved. Figure 2 B) is the finite element approximation applied in this study to simulate the 

interaction between a contracting cell and a fibrous gel on a glass slide. The cell is not 

discretely modelled, but is represented by a nominal shear load of 1 N, acting at the edges of 

fibres, based on recent measurements for the dimensions of MC3T3-E1 cells on collagen gels 

(33). A no slip boundary condition is used to simulate the rigid coverslip under the gel, while 

a free slip boundary condition is used where symmetry exists in order to improve model 

efficiency. The horizontal movement of the nodes is used as a measure of the equivalent 

shear stiffness of the gel structure in response to the applied load. 

 

Figure 2: A) Schematic of an MC3T3-E1 cell applying force to a fibrous substrate. The force 

applied by the cell is transferred through the focal adhesion complexes and resisted by the 

gel. B) Boundary conditions placed on micromechanics model. A shear load of 1 N was 

applied to the nodes to simulate the forces exerted by the cell at the cell-substrate interface. 

Statistical methods 

A two way ANOVA was conducted to determine statistical significance in both the 

experimental and computational results. 

 

Results 

Experimental results 



On flat gels of 0.6 or 1.2 kPa, cells adopt an encapsulated morphology and converge into 

groups as shown in Figure 3 (A). The average cell spread area on these substrates is 400 m
2
. 

Above this stiffness cells separate from one another and begin to elongate, increasing their 

area to between 700 and 800 m
2
 on substrates of between 2.4 kPa and 9.6 kPa, as shown in 

Figure 3 (G). The cells do not group together on these substrates as demonstrated by the 

dispersed nature of the cells in Figure 3 (B). On stiffer substrates (19.6 kPa and above), cells 

increase their area to an average of between 1200 and 1600 m
2
 and adopt the spread 

morphology associated with osteoblasts, see Figure 3 (C). It was also observed that the cells 

exhibited a larger area on thin polyacrylamide gels, with cells cultured on a wedge shaped 1.2 

kPa gel having an average area of 1380 ± 644 m
2
 and 830 ± 341 m

2
 on a 1 m and 3 m 

thick section of the gel respectively. However, as shown in Figure 4, gel depth had no effect 

on cell area above 5 m.  

 



 

Figure 3: Representative images of MC3T3-E1 cells on polyacrylamide gels of: A) 600 Pa, 

B)_9.6 kPa and C) 38.4 kPa and Collagen gels crosslinked with: D) 0mM EDAC, E) 50 mM 

EDAC and F) 150 mM EDAC. White arrows on A) indicate multiple cells grouped together; 

and G) Cell spread area of MC3T3-E1 cells cultured on polyacrylamide gels of approx. 70 

m. a indicates statistically higher than 0.6 kPa to 4.8 kPa gels. b indicates statistically higher 

than 0.6 kPa to 9.6 kPa gels. c indicates statistically higher than 0.6 kPa to 19.2 kPa gels. p < 

0.05.  



 

Figure 4: Cell spread area of MC3T3-E1 cells cultured on wedge shaped soft (1.2 kPa) 

polyacrylamide gels of various thicknesses. a indicates statistically difference to cells 

cultured on 1 m thick gel. b indicates statistically difference to cells cultured on 3 m thick 

gel. p < 0.05. 

Cell area on crosslinked collagen substrates increased as the crosslinking density was 

increased. As shown in Figure 3 G), the lowest average spread area is 478 ± 214 m
2
, which 

occurred on the non-crosslinked gel (shown in Figure 3 (D)), where the cells typically display 

an elongated morphology, similar to that observed on the 9.6 kPa PA gel, shown in Figure 3 

(B). On gels with a higher density of crosslinking (50 to 150 mM/mg collagen (Figures 3 (E) 

and 3 (F)), the cells adopt the spread morphology as observed on 38.4 kPa PA gels, shown in 

Figure 3 (C), while the average spread cell area increases to between 1200 m
2
 and 1600 

m
2
. Cell spread area was also shown to increase as the gel thickness was decreased, and this 

effect was more pronounced on gels with a low crosslinking density. As shown in Figure 5, a 

large rise in cell area, from 389 ± 54 m
2
 to 1478 ± 283 m

2
 was observed as the thickness of 

a non-crosslinked collagen gel was decreased from 150 m to 5 m. On more densely 

crosslinked gels (50 to 150 mM EDAC), the thickness of the structure had less effect on the 

spread cell area. This is also shown in Figure 5, where the average cell spread area on 150 

mM EDAC-crosslinked gels increases from 1451 ± 132 m
2
 to 1761 ± 247 m

2
. 



 

Figure 5: Cell Area (m
2
) of MC3T3-E1 cells cultured on wedge shaped crosslinked 

collagen substrates. The average cell area at relevant thickness for each gel is presented. The 

average cell area on flat gels (approx. 70 m thick) are presented the respective markers for 

each concentration of crosslinking agent. 

As shown in Figure 6 (A), ALP activity was shown to be present on all collagen gels of lower 

with levels of between 1.4 ± 0.18 mM/ng DNA and 1.1.7 ± 0.14 mM/ng DNA. In cells 

cultured on PA gels, the highest levels of ALP activity (between 1.04 and 1.16 mM/ng DNA) 

was found in cells cultured on gels of above 19.6 kPa (see Figure 6 (B)). Cells cultured on 

softer gels exhibited lower levels of ALP activity of between 0.04 and 0.4 mM/ng DNA. 



 

Figure 6: ALP activity normalised to DNA content measured in cells cultured on (A) 

collagen gels and (B) polyacrylamide gels for 7 days in expansion media. a indicates 

significantly higher activity than cells cultured on PA gels of 4.8 kPa and below. b indicates 

significantly higher activity than cells cultured on PA gels of 9.6 kPa and below. p < 0.05. 

 

 

 

Finite element results 

Figure 7 shows the average horizontal motion of the nodes subjected to a 1 N load 

(representing cell contraction) for both the fibrous gel models and non-fibrous gels of various 

Young’s moduli. The motion of these nodes was used as an indicator of the equivalent shear 



stiffness of the substrates. The equivalent stiffness of non-fibrous polyacrylamide gels 

decreased linearly as gel modulus was increased. It was also seen that a logarithmic increase 

in equivalent stiffness occurred as gel thickness was reduced, with the motion recorded in a 

10kPa gel reduced from 0.88 nm in a 150 m to 0.6 pm in a 1 m gel. It was observed that 

the introduction of fibres to the gel greatly increased the equivalent stiffness of the substrates, 

with fibrous gels showing similar levels of motion to non-fibrous gels with Young’s moduli 

of between 5 and 20 kPa. For fibrous gels, the motion of the nodes increased from 2.86 nm to 

0.36 nm as the percentage of crosslinked fibres was increased from 0 to 100% in a 150 m 

gel, indicating an increase in the equivalent stiffness. A decrease in gel thickness also 

increased the equivalent stiffness of the gels, although this effect was stronger in gels with a 

lower percentage of crosslinked fibres. This can be seen most clearly in Figure 7 where the 

motion observed in the non-crosslinked gel decreases from 2.86 nm to 0.42 nm as the gel 

thickness is decreased from 150 m to 10 m, while the fully crosslinked gel experience a 

decrease in motion from 0.36 nm to 0.21 nm over the same decrease in thickness. 

 

 

Figure 7: Equivalent shear stiffness of non fibrous polyacrylamide and fibrous crosslinked collagen 

gels of different thicknesses as calculated using ABAQUS software. 

The motion experienced by these nodes in a fully crosslinked gel ranges from 0.21 nm at a 

depth of 10 m, to 0.36 nm at a depth of 150 m. This is similar to the level of motion 

experienced in a non-fibrous gel of 20 kPa. As the percentage of crosslinked fibres in the gel 

is decreased, the motion undergone by these nodes increases to as high as 2.8 nm for a gel 

containing no crosslinks between fibres at a depth of 150 m. 

Figure 8 shows the transfer of force through the fibrous gel in the non-crosslinked and fully 

crosslinked configurations. It can be observed that in the non-crosslinked gel force is borne 

mainly by the fibres which extend through the entire gel depth, while in the fully crosslinked 

gel force is transferred between fibres and so a greater percentage of fibres become involved 

in the mechanical resistance of the gel. 



 

 

Figure 8: Force is transferred mainly through the fibres which span the entire gel depth in a non-

crosslinked fibrous gel (A), while force is transferred through multiple adjoined fibres in a fully 

crosslinked gel (B). 

Discussion 

Cell spread area has been previously been shown to be an indicator of the differentiation 

stage of MSCs, with osteoblast differentiation found to correlate with increased cell area (34, 

35). The results of this study demonstrate that cells on non-fibrous PA gels exhibited a larger 

spread cell area (>1600 m
2
) on stiffer gels (E>38 kPa). It was also shown that cells cultured 

on soft (Young’s modulus < 300 Pa) fibrous collagen substrates exhibit the same large spread 

area (1200-1600 m
2
) as those cultured on stiff (E>38 kPa) PA gels. Moreover, as the 

concentration of crosslinking agent used in these firous gels was increased, the cell spread 

area also increased. The finite element studies conducted here predict that the equivalent 

shear stiffness of a fibre-reinforced soft gel is significantly greater than that of a non fibrous 

gel. It was also shown that, at high crosslinking concentrations (100% of fibres crosslinked), 

the effective stiffness experienced by the cells approached that experienced by cells on much 

stiffer non-fibrous substrates. These results provide an insight into why cell spread area on 

crosslinked collagen gels, which are very soft (<1 kPa) when measured through 

nanoindentation, is akin to that of cells cultured on much stiffer non-fibrous gels. Gel 

thickness was also shown to have an effect on both cell spread area and effective stiffness. 

Experimental results showed that thinner substrates resulted in an increase in cell spread area, 

while the computational simulations revealed that such results could be related to an increase 

in effective stiffness as gel thickness was reduced. However, it was noted that effect of gel 

thickness was less for cells plated on highly crosslinked collagen gels. 



A possible limitation of this study is the use of the MC3T3-E1 cell line as a model of 

primary osteoblasts. However, these cells have been shown to be a suitable model for several 

aspects of osteoblast behaviour, including ALP expression and matrix mineralisation (36, 37), 

while they have also been used to investigate cell spread area in response to substrate 

stiffness (38). (Another possible limitation is that cell differentiation was not directly 

measured but inferred from cell spread area. However, tensile testing has shown that 

osteoblasts change the mechanical properties of their substrate over time (39). This increase 

in stiffness is due to matrix mineralisation and is a vital part of the differentiation process, 

thus examination of the exact stimuli experienced by the cell is not possible once the cells 

have begun to differentiate. Further to this, cell area immediately after plating has been 

shown to be a good predictor of osteogenic differentiation of MSCs after 7 and 21 days 

culture (34).)   

The effects of substrate modulus and thickness on cell behaviour have both been 

studied in detail previously (5, 21, 24). However, the interplay between the various factors, 

i.e. bulk modulus, thickness and in particular material microstructure, has yet to be 

elucidated. The results presented in this study provide an insight into bone cell behaviour and 

provide a possible explanation for previous contradictions concerning the differentiation of 

osteogenic cells in response to extracellular matrix stiffness (5, 18, 40). Specifically it has 

been shown that the combined effects of substrate modulus, thickness and microstructure 

must be taken into account in order to determine the mechanical forces experienced at the 

cellular level. 

Gel crosslinking has been widely used a method of altering the stiffness of substrates 

and scaffolds used in in vitro experiments (6, 14, 29). An advantage of the method is that the 

surface chemistry can remain constant while the mechanical properties of the gel are altered. 

However, as of yet the interaction between gel crosslinking and the thickness of the substrate 

has not been investigated. In this study it is shown that a highly crosslinked collagen gel can 

reduce the effect of gel thickness on cell area. Gel thickness has also been shown to affect 

cell behaviour to different extents depending on the nature of the gel material, with cells on 

fibrous materials being influenced by gel thicknesses of up to over 130 m (20), while cells 

on non-fibrous materials are only influenced by structures within 5-10 m of the cell (21, 22). 

The results of this study further illustrate that the effect of gel thickness on cell area is 

dependent on the microstructure of the gel, specifically the presence of discrete fibres and the 

interaction present between those fibres (crosslinking density).  

To understand the mechanisms behind this behaviour the results of the finite element 

micromechanical simulations presented here must be considered. These simulations 

demonstrate that the effective shear stiffness, a measure of the stiffness as experienced by the 

cell, of a non-fibrous gel was increased as the gel thickness is decreased. This is because in a 

thin gel, the stiffness as experienced by the cell is dominated by the comparatively stiff 

underlying coverslip (21, 22). The models also showed that in fibrous gels, such as the 

collagen gels investigated in this study, contractile forces from the cell were predominantly 

transferred through the fibres rather than through the remainder of the gel. Specifically it was 

shown that fibres that spanned the entire depth of the gel transferred the majority of the force. 

This provides an explanation for the increase in cell spread area on thinner collagen gels, due 

to a larger number of fibres extending through the entire depth of a thinner gel. It was also 

shown that there was a very slight increase in equivalent stiffness as the gels became thinner 

when all of the fibres in the gel were joined through crosslinks, which corresponds to the 

reduced effect of gel thickness on cell spread area on highly crosslinked collagen gels. This 

can be explained by the high level of crosslinking between the fibres which allows force to be 



transferred through multiple fibres through the entire gel depth, in a way allowing multiple 

connected fibres to behave as one larger fibre. This in turn increases the equivalent stiffness 

of the gels and therefore the spread area of cells cultured on these gels.  

These results have important implications for the development of future tissue 

engineering strategies. Specifically, they demonstrate that the material properties measured 

through commonly used techniques such as AFM (5, 41), nanoindentation (42, 43) and 

confined/unconfined compression (44, 45) may not reflect the mechanical stimulation 

experienced at the cellular level. This is of particular significance when investigating fibrous 

materials, such as those commonly used in bone tissue engineering strategies (14, 46, 47). 

The results presented here highlight the fact that greater attention must be paid to the effects 

of the local mechanical environment (i.e. cellular level) if further advances are to be made in 

the field of bone tissue engineering. 

 

Conclusion 

To the author’s knowledge, this is the first time the combined effects of substrate modulus, 

thickness and microstructure on cell behaviour have been investigated and this study provides 

an enhanced understanding of the forces actually experienced by osteogenic cells in 2D in-

vitro experiments. The results presented here demonstrate that commonly utilised methods of 

substrate modulus measurement cannot accurately interpret the overall stiffness as 

experienced by the cell. Future studies should consider the substrate modulus, thickness and 

micromechanical structure during comparison of cell behaviour on different substrates. The 

findings in this study can improve the current understanding of osteogenic 

mechanotransduction and pave the way for a more successful transfer of in-vitro 

experimental findings to tissue regeneration strategies. 
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